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Abstract
In this work, three different microalgal strains were investigated for effective biosequestration of CO2
generated by beer (yeast) fermentation. They were a culture collection Chlamydomonas reinhardtii and
two bioprospected strains, Coccomyxa sp. (P-918) obtained from a polishing pond at an operational smelter
(pH 2.8) and Chlamydomonas sp. (M-23) obtained from a low pH abandoned mine site (pH 3). The three
strains were investigated for use in beer fermentation CO2 fixation and their production of both lipid and
protein. The pH of beer fermentation CO2-enriched Chlamydomonas reinhardtii cultures varied between
4.5 and 7.3 throughout the experiment. For the Chlamydomonas sp., pH varied between 4.6 and 7.1 and
for Coccomyxa sp. between 5.3 and 7.4. As expected, during higher fermentation activity (day 1 to 3 for
each beer kit), more CO2 was released to the microalgal cultures causing a drop in pH. When the rate of
fermentation slowed in day 4, there was an increase in pH.
For all three microalgal cultures which were grown only under atmospheric CO2 (controls), the pH
increased continuously along with microalgal growth over 16 days of experiment. Chlamydomonas
reinhardtii control culture pH was 6.7 at the start of the experiment and reached 8.7 at day 16. For the
Chlamydomonas sp. control culture, pH increased steadily from 6.6 to 8.4, and for Coccomyxa sp. from 7
to 8.6.
Experimental results indicated that the bioprospected Coccomyxa sp. adapted well to the low pH created
by sparging in beer fermentation CO2. Its volumetric biomass productivity was 0.124 gdwL-1day-1, which
was higher than both Chlamydomonas reinhardtii (0.072 gdwL-1day-1) and bioprospected Chlamydomonas
sp. (0.086 gdwL-1day-1). The Coccomyxa sp. when exposed to fermentation CO2 reached a maximum
specific growth rate of 0.167 day−1, which was 29% higher than achieved without sparging in fermentation
CO2. Moreover, its carbon fixation rate increased from 122.1 to 227.9 mgCO2 L-1 day-1 with fermentation
CO2.
However, lipid synthesis occurred more rapidly and efficiently in Chlamydomonas sp. and Chlamydomonas
reinhardtii rather than Coccomyxa sp., reaching 39% and 35% of biomass dry weight after 16 days of beer
fermentation CO2 exposure. Whereas the amount of lipid in Coccomyxa sp. was 26% of the biomass dry
weight at 16 days. This would indicate that the bioprospected Chlamydomonas sp. was a better candidate
for biofuel production as its dry weight lipid content increased from 20% to 39% when exposed
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fermentation CO2. While the lipid content of Chlamydomonas sp. culture that grew under atmospheric CO2
reached 24% of biomass dry weight at the end of experiment (day 16) from its initial 20%. It was found
that protein content with fermentation CO2 was 42.5% of Coccomyxa sp. biomass dry weight. Protein
content of Chlamydomonas reinhardtii and Chlamydomonas sp. dry weight were 30.7% and 27.4%,
respectively.
Keywords
Microalgae, CO2 Sequestration, Fermentation, Biodiesel, health beneficial natural compounds
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Chapter One: Literature Review
1.1 Introduction
Global warming, with an approximate rate of 0.2°C per decade, is occurring even with the implementation
of greenhouse gases mitigation policies around the world. Carbon dioxide (CO2) emitted from various
industrial processes plays a key role in this global environmental issue. As historical emission reduction
has not done enough to limit global warming, carbon capture, combined with emission reduction, is
required. For the combined approach to be successful, collaboration between countries and industries is
necessary [1]. Specifically, to meet the Copenhagen Accord target (reducing global emissions to keep the
rise of average global temperature below 2°C) it is suggested that the cumulative carbon emissions should
not exceed 1100 Gt from 2011 to 2050 [2]. According to global energy review, till the end of 2020,
approximately 323 Gt CO2 has been emitted to the atmosphere, which does not show the expected progress
in carbon capture to reach Copenhagen Accord target [3, p. 2020].
Over the past decade, the environmental impact of beverage production has drawn more attention as a result
of noticeable expansion of ethanol-based industries [4]. A joint commitment was formed in 2015, the
Beverage Industry Environmental Roundtable, with 19 major commercial companies participating and
aiming to reduce greenhouse gasses emissions. Mandatory and voluntary actions are taken internationally
towards climate change mitigation and beer producers are allocating funds for conducting research on the
advantages and difficulties of improving sustainable production methods to reduce emissions for both craft
and large scale breweries [5]. While industry wide, it has been reported that a growing number of beverage
companies have begun to measure and reduce greenhouse gas emissions through their operations [5].
To regulate and reduce greenhouse gases emissions, carbon capture and storage technologies have been
developed. These methods can serve as a commercially feasible ways to capture and fix CO2 emissions,
owing to its considerable potential [6]. There are various types of carbon capture, including cryogenic
methods, pressure swing adsorption, gas membrane separation and solvent absorption. The most expensive
stage is capturing the CO2, which contributes 80-90% of the total expenditure when including subsequent
storage and transportation [7]. However, biological CO2 fixation has been introduced as a more cost
effective and sustainable strategy [8]. The reason is that current, non-biological technologies have large
1

energy demands and are not cost effective when scaled to commercial sizes [9]. Terrestrial sequestration,
oceanic fertilization, and phytosequestration are three common categories of biological sequestration
techniques [8]. It is anticipated that over time, microalgal sequestration, which is an environmentally
sustainable CO2 sequestration technology will become economically feasible. As a result, microalgae have
attracted a growing attention due to their interesting and unique characteristics.
The beverage industry is a prime target for biological carbon capture. For example, beer is the fifth most
consumed beverage worldwide, at a rate of 9.6 L/capita annually with a growing consumption trend [5]
[10]. According to Moreno et al., approximately 25.8 million tons of CO2 is produced worldwide as a byproduct of alcoholic fermentation processes on a yearly basis [11]. Interestingly, CO2 produced during
alcoholic fermentation can be used as a highly available and clean carbon source for cultivation of
photosynthetic microorganisms, such as eukaryotic microalgae. Phototrophic microalgae have the ability
to convert the energy from sunlight to chemical energy and utilize CO2 as a carbon source, with a 10 to 50
times greater efficiency than terrestrial plants. Biomass that is generated through photosynthesis is a value
added material that can be used in a wide range of applications, such as food or biofuel production [12].
Stoichiometrically, for the production of 1 L of ethanol, 0.76 kg of carbon dioxide will be released during
the fermentation process [2]. It has been reported that carbon accounts for about 50% of microalgal biomass
and by producing 1 kg of microalgal biomass, approximately 1.8 kg of CO2 is fixed [9], [13]–[15]. This
means that for every liter of ethanol produced in fermentation approximately 0.42 kg of microalgal biomass
could be produced.
Microalgae have attracted attention due to their potential for carbon capture, particularly arising from their
fast growth rate, which is approximately 100 times faster than terrestrial plants and their significant
contribution to the global carbon cycle stabilization [16]. It has been reported that microalgal biomass can
double in less than 24 hours [9]. Moreover, arable land is not required for microalgal biomass production.
Some microalgae have the potential to grow efficiently in wastewater and saline waters, which are
promising features in order to produce feedstock compared to terrestrial crops [12]. The microalgal large
surface-to-volume ratio and simple cellular structure give them the advantage of uptaking considerable
amounts of nutrients from water, which contributes to their fast growth rates. They can also easily adapt
and thrive in harsh environmental conditions [8] [17].

2

Apart from the aforementioned cultivation advantages, microalgae are also able to convert CO2 into organic
carbon and synthesize various biomolecules, like carbohydrates, lipids, proteins, and secondary
metabolites. The produced biomass has the capacity to be used to produce biofuels, food, pharmaceuticals
and nutraceuticals, animal feed, and other value-added products [12]. Of particular interest are a diverse
group of secondary metabolites produced by microalgae. These molecules are not required for basic cell
function and are responsible to help cells deal with environmental stressors [18], [19]. Secondary
metabolites are of particular interest as they have been linked to therapeutic properties and application as
immunostimulator, antioxidant and anti-inflammatory agents [20].
Microalgae are also considered as a promising feedstock for biodiesel production due to their combination
of shorter cultivation times in comparison with territorial plants and high oil contents [19]. As energy
security has become a growing concern over past decades, many countries are encouraging policies that
emphasize renewable energy production. Currently, renewable energy accounts for 13% of the total energy
production worldwide and bioenergy constitutes almost 10% of all renewable energy production.
Bioenergy is referred to gaseous, liquid, solid energy content that is derived from biological raw materials.
Bioenergy is categorized in biofuels that are used for transportation, such as bioethanol and biodiesel, wood
chips and pellets that are used to produce electricity and heat, and biogas that are formed by processing
municipal and industrial waste biological materials [21].
However, in spite of many studies that have been carried out on biological CO2 sequestration through
microalgal cultivation, there is a lack of information on the mitigation of CO2 from fermentation processes
and microalgal production utilizing clean sources of CO2 to produce valuable products. As such, this review
focused on addressing that gap by outlining the microalgal biosequestration developments, restrictions and
the prospective potential of fermentation processes as a source of clean CO2 to produce value-added
products and biofuel.

1.2 A short history of microalgae-based systems development
Historically, the idea that microalgae could be considered as a source of renewable fuels and a potential
protein source for food production was proposed during 1940s and 1950s. Larger-scale production and
investigation of the engineering requirements for microalgal production systems started in 1948–1950 at
the Stanford Research Institute. Utilization of flue gas CO2 from industry was an option in Germany and
Japan using strains of Chlorella. The first important pilot-scale outdoor system was designed for Chlorella
3

production in 1951 in Massachusetts. Large-scale microalgal culture production was soon tested in other
countries, including Germany, Netherland and Japan [22].
By the end of 1950s, fundamental advances were made in the use of algae in wastewater treatment, such
as understanding of algal light capture and photosynthesis, optimization of algal productivity,
autoinhibitory effect and the sexuality and genetics of microalgae. Following that, the commercial
production of microalgae, to be used specifically as nutraceuticals began in the 1960s, and evaluating the
possibility energy production carried out in 1970s. Chlorella was the first algae that was used for largescale commercial production in Japan in the 1960's, followed by Spirulina in Mexico and Thailand in the
1970's. By 1980, 46 large-scale factories were producing more than 12,000 kg of microalgae annually
around the world [12], [22]. Dunaliella salina as a source of β-carotene, was established in Australia in the
late 1980s. During 1990s, the freshwater green alga Haematococcus pluvialis started to be produced as a
source of the carotenoid astaxanthin, which was mainly sold as an antioxidant and nutraceutical [23].
In order to increase photosynthetic efficiency, genetic manipulation of algal strains has been performed.
One example of such a manipulation is reducing the size of the light-harvesting antenna, which remained
at the laboratory scale in late 1990s. It was concluded that the ideal algae for production of biofuels would
probably be different for various locations, especially for those growing in outdoor ponds. It was also
revealed that to find highly productive strains, microalgal growth rate should be determined, the growth
conditions optimized for large-scale systems, and more than one strain should be used for maximizing
productivity throughout the year [22]. According to studies during 1990s [24], [25] technical feasibility of
microalgal cultivation and harvesting was not limited by fundamental engineering issues such as energy,
water and nutrient (e.g., CO2) requirements, but by general system considerations or harvesting
technologies. At that time, although total biomass and algal lipids productivities were acceptable or even
high, they were not economically viable. Eventually, it was concluded that microalgal biofuels production
would not be economically feasible unless it is integrated with treatment of wastewater [26].
In parallel with these studies, in 1990 a research program was launched at the Research Institute of
Innovative Technology for the Earth aimed to develop sustainable methods of CO2 biological fixation. The
proposed scheme focused on five important areas including development of high-density, large-volume
photosynthetic microalgae with high CO2 fixation capability; utilization of solar radiation for
photosynthesis; energy and useful compound production [27]. This program alongside other studies [28]
[29] lead to the conclusion that microalgae could be grown using untreated flue gas, which contained CO2
4

coming from power stations. This was a major result both in CO2 bioremediation and for future work on
microalgal growth in order to gain biofuels using a flue gas from an industrial plant as a source of CO2
[22]. It was found that the green alga Chlorococcum littorale and the rhodophyte Galdieria partita were a
high-CO2 and temperature tolerant strains, respectively [30]–[33]. Moreover, some pond studies at small
scale were done close to heavy industries and electric utilities and a green alga strain called Tetraselmis
was found stable throughout all seasons with a mean productivity of about 11 g m−2 day−1 per year[34].
Interestingly, studies involving Tetraselmis and lipid extraction and transesterification for biodiesel
production have been attracting significant attention recently [35] [36].
CO2 bio-mitigation and biodiesel production efficiency have been largely investigated and developed to
date either with pure CO2 or simulated flue gas [37] [38]. It is stated that the microalgal growth rate was
significantly enhanced for microalgae exposed to 1 to 15% of CO2 in comparison with atmospheric air
(0.04% CO2) during a quite short time frame like 18 days. Lipid and carbohydrate in the resulting biomass
can be processed to produce biodiesel and bioethanol, respectively. A sustainable carbon cycle can be
reached by applying this method, as CO2 emission from biofuel combustion can be absorbed for microalgal
cultivation [9].
It has been reported during the last decade that the global biomass market is dominated by Spirulina with
the production rate of 5000 tonnes per year. This number is followed by Chlorella and Dunaliella, with
production rates of 2000-4000 and 1000 tonnes per year, respectively [39]. It is anticipated that the global
market of microalgae-based products will reach about US $ 5.343 × 1010 by 2026, while it was US $
3.26 × 1010 in 2017, which would represent 65% increase [40].
The industrial scale production of microalgal valuable fractions is still under development, and it is
anticipated that this limited market will expand with the improvement of low-cost biomass production and
more efficient processing methods [34].

1.3 Bioprospecting
When deciding to establish a specific microalgae production plant, it is of great importance to select a
proper microalgal strain for the targeted purposes of the production. Typically, it is not a good solution to
select a traditional strain simply because its characteristics are well-understood. Metabolic pathways and
growth characteristics of the chosen strain should be close to the final phenotype. Microalgae are a diverse
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group of microorganisms and make bioprospecting a first and essential step in identifying the optimal
bioproduct for a special purpose [41]. Bubbling flue gases in photobioreactors will cause acidification of
the culture, which can result in a sharp decrease in microalgal growth productivity. Although it can be a
stressor to induce the accumulation of targeted metabolites, additional process complications will be
necessary in order to neutralizing the medium, such as costs from adding neutralizing chemicals, like lime.
As such, bioprospecting certain water bodies with low pH, like those historically influenced by mining
operations, provides potential to isolate acidophilic or acid-tolerant cells that could be used, to make
systems more economically effective, and reduce the risk of undesired invasive species and contaminant
organisms.
Acidophilic microalgae have the ability to consume CO2 equally compared to when they are cultivated at
neutral pH, but at lower bicarbonate concentrations. CO2 Bio-fixation rates varies among acidophilic
microalgae and depends on both pH and CO2 concentrations [42, p.]. For example, it was reported that
acidophilic Chlamydomonas acidophila showed higher net photosynthetic rates in comparison with
neutrophilic Chlamydomonas reinhardtii [43]. However, under nutrient deprivation, lipid and carbohydrate
accumulation in neutrophilic microalgae showed similar trends as acidophilic microalgae [44]. This study
focuses on green microalgal response to acidic conditions, to obtain organisms that can be cultivated with
an accepted productivity in low pH environments originating from acidic water bodies in order to
biosequestration of fermentation CO2 sources.

1.4 Industrial flue gas utilization for microalgal growth
Research has been conducted in the area of combination of industrial carbon sequestration and microalgal
biomass production [16] [45] [12] [8] [46] [47] as a source of biofuel and value-added products. It is
reported that CO2 mole percentage in examined flue gas can vary from 7-30% and still be effective for
microalgal cultivation. For instance, natural gas combustion fume includes 9%, or less, carbon dioxide.
While for coal-fired power generation, cement production and steel and iron production plants are 10%,
20% and about 30%, respectively [48]. Growth of microalgae through photosynthesis will not occur
without carbon dioxide [16], and as atmospheric CO2 concentration is approximately 360 ppm and CO2
diffusion into liquid phase is slow, insufficient CO2 supply to the microalgae culture may result in a slower
microalgae growth and productivity. As such, it follows that sparging CO2 to the cultivated medium would
accelerate CO2 transfer to microalgae and increase the growth rate. To achieve this, a CO2 pump will be
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required, however this will also raise the total cost of biomass and biofuel production. It has been reported
that the mass transfer of CO2 between gas and liquid phases can be increased by direct CO2 bubbling from
an anaerobic biological source [64].
However, using industrial flue gases as CO2 sources can impose microalgae with various new
environmental stressors, as flue gases can contain heavy metals, other particulate matter, and can acidify
the growth medium. Acidification can occur as a result of the CO2 content in flue gas, but can also be
increased significantly as the gas may contain more than 100 ppm NOX and SOX, which results in further
acidification of the microalgal culture [49]. While SOX and NOX tolerant strains have been identified, they
are reported to be effective only at lower concentrations of these acidic gases. At higher concentrations of
SOX and NOX, controlling the pH drop by addition of a basic component (such as sodium hydroxide
(NaOH)) is required, which is costly and causes additional adverse effects on the culture due to high ionic
strengths [50] [51]. Actually, flue gas composition can lead to an extreme change of pH varying from pH
7 to pH 2 [52]. Moreover, as flue gas is often released at more than 150°C, microalgae can be exposed to
a sudden stress of high temperature and growth rate will be inhibited [53] [54]. Putting microalgae under
these condition decreases their growth rate causing a reduction in their ability to fix CO2 [55] [52].
Due to the potential stressors resulting from the application of industrial flue gas, microalgal species
selection is of utmost importance or some modification in the microalgae strain may be needed [52] [16].
However, in comparison with most industrial flue gas, fermentation process flue gas is a mostly pure source
of CO2 without any contamination that may threaten human health, which allows for the use of the produced
biomass in food or pharmaceutical production. In comparison with mentioned sources, fermentation
processes can be considered a small source of CO2 emission, but a highly pure and clean one [7]. Also, as
a result of tightening CO2 regulations and vast growth in the ethanol industry, more attention is needed to
CO2 emissions from fermentation processes.

1.5 Estimation of CO2 released during fermentation
Ethanol concentration is the factor that can be used to classify the three main kinds of alcoholic beverage,
beer, wine, and spirits, with approximate ethanol percentage of 4-6, 10-16 and 40, respectively. The World
Health Organization (WHO) reviewed alcohol consumption and reported that the total pure alcohol
consumed per capita was 6.2 L in 2010 with the participation of people older than 15 years in 194 countries.
This amount would correspond to approximately 34,177.5x106 L of pure ethanol per annum. More than
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half of the consumption was in the form of spirit and approximately a quarter of this amount was not sold
in normal controls of government. An estimation of approximately 25.8 million tons of CO2 production as
fermentation by-product per annum can be driven from (Eq. (1)) [11].
Fermentation takes place according to the reaction equation (Eq. (1.1)). Glucose is used by yeast under
anaerobic reaction conditions to produce two moles of CO2 and two moles of ethanol per mole of glucose.
From moles to mass conversion, it can be calculated that each gram of glucose theoretically forms 0.51 and
0.49 g of ethanol and CO2, respectively [2], [11].
𝑦𝑒𝑎𝑠𝑡

𝐶6 𝐻12 𝑂6 →

2𝐶2 𝐻6 𝑂 + 2𝐶𝑂2

Eq.1.1

The produced CO2 is a saturated gas that can be considered as a pure CO2 stream [7].
For the biosynthesis of one ton of dried biomass of microalgae, 1.8 ton CO2 can be mitigated [53],
theoretically, which is a potential resource for various end-products like biofuels and food additives [41].
Therefore, on average, 14.3 million tons of dried microalgal biomass could be produced by utilizing all the
CO2 from fermentation worldwide.
Utilizing the CO2 from alcoholic fermentation processes as a raw material to produce beneficial products
is an effective strategy to produce chemical feedstock that is a clean source of food. In comparison with
industrial flue gas utilization, little work has been done on examining the integrated system of photobioreactors and yeast fermenters. Three outstanding merits of this strategy are that the CO2-rich gas is
released from fermentation close to room temperature; produced CO2 is extremely pure; and thus, the largescale equipment for the pretreatment of flue gas prior to utilization is not required [4]. Generally, in all
other, non-biological, CO2 mitigation methods it is required to separate CO2 from the industrial flue gas,
whereas biological mitigation using microalgae does not required that separation [12]. Moreover, there is
no SOX and NOX in the fermentation flue gas, which results in more ideal cultivation conditions without
reduced environmental stressors for microalgae growth. While compared to operations that are not coupled
to industrial CO2 sources, the need for CO2 storage and processing is eliminated, which reduces 40% of
the cost of raw materials required for microalgae cultivation [57].
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1.6 Effect of CO2 on microalgal species
CO2 concentrations greater than atmosphere levels can stimulate microalgal growth, allowing the use CO2
from different industrial flue gases to enhance production [58]. Microalgae are able to fix CO2 through
photosynthesis to reduce carbon emissions to the atmosphere and the subsequently harvested microalgal
biomass is a source of potential value-added compounds. However, it should be considered that high
concentrations of carbon dioxide can be toxic to some microalgal species, while other strains such as
Chlorella sp. [16], Scenedesmus sp. and Spirulina sp. have the capacity to tolerate high CO2 concentrations.
The tolerance of various strains of microalgae to CO2 seems to be dissimilar [59]. According to previous
studies, the CO2 concentration that microalgae can tolerate ranges from 14 to 100 % [60] [41] [61]. For
instance, studies revealed that Chlorella sp. and Scenedesmus sp. were able to grow with 100% and 80%
CO2 concentration, respectively. Although 10 to 20 % of CO2 concentration was sufficient to achieve the
maximum growth rate [62]. Achieving higher biomass and lipid productivities is possible by applying
optimum CO2 quantities and concentration to the microalgal culture. However, it was suggested that in
order to get better results, parameters such as microalgal species, pH, light intensity, temperature and
medium composition should be taken into account [63] [13] [50].

Figure 1-1: Photobiochemical principles of microalgal-CO2 fixation: (left) typical carbon concentrating mechanism and (right)
photosynthesis process [64].

CO2 can be fixed inside the microalga chloroplast by Rubisco to produce two molecules of 3phosphoglycerate (Figure 1-1). Through some steps including a series of reactions, these two organic acids
9

are formed as substrates for production of oil and starch. for Calvin Cycle by Rubisco, oxygen can compete
with CO2. The enzyme ribulose-1,5-bisphosphate carboxylase/oxygenase (Rubisco) is the rate-limiting
enzyme in the Calvin cycle.
Products of the oxygenase reaction are 2-phosphoglycolate and 3-phosphoglycerate. 2-Phosphoglycolate
is metabolized to glycine subsequently, which can result in the CO2 loss when condensed with another
glycine molecule to synthesize serine. This loss of carbon inhibits the Calvin cycle to regenerate the fivecarbon sugar substrate ribulose bisphosphate, which are required for Calvin cycle by Rubisco. This will
cause further efficiency reduction of photosynthesis. This overall process is called photorespiration owing
to the fact that it occurs mainly in the presence of light. It is reported that the photorespiration process
reduces efficiency of photosynthetic carbon fixation by 20–30% [65]. Microalgae have the ability to pump
and store adequate CO2 reducing the effect of this competition between oxygen and CO2 on Calvin cycle
by Rubisco. This ability will elevate internal CO2 concentrations above equilibrium levels with air [66].

Three categories of microalgae, according to their CO2 tolerance, have been defined. It should be
emphasized that CO2 tolerance differs greatly not only between species, but also within a single species as
well, depending on microalgal strain growth conditions. Generally, species inhibited by less than 2 to 5%
CO2 are considered to be CO2-sensitive. Strains that withstand up to 20% CO2 are denoted to as CO2tolerant, and the species can cope with higher CO2 concentrations (up to 100%) are referred as extremely
CO2-tolerant [67].

Many researchers have investigated microalgal CO2 biosequestration based on characteristics of different
cultivation conditions (Table 1-1). According to studies [36], [52], [56], [57], [58] CO2 enrichment, which
is the CO2 amount that let microalgae meet their photosynthesis potentials, is an efficient technique to
enhance microalgal cultures productivity, provided that an appropriate approach is taken. It is essential to
consider an optimal CO2 feeding rate to the cultivation system. However, CO2 injection rate is usually
limited by CO2 tolerance of microalgae as described above. Mass transfer between the liquid culture
medium and the gaseous phase is another factor that plays a crucial role in the efficiency of CO2 utilization
by microalgae.
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Apart from that, the rate of gas application to the culture and the intensity of agitation will influence the
microalgal growth, becoming a negative contributor above a certain shear stress level. There are also some
concerns regarding the capture of CO2 from flue gases directly because flue gases usually contain some
sulfur and nitrogen oxides. These contents can form acids when dissolved in the culture medium. Therefore,
special treatment such as pre-filtering and neutralization is required before they are fed to microalgae [68].
Having said that, fermentation CO2 is relatively pure and a clean source of CO2 for microalgal growth,
these characteristics can cut the extra expenditure that is needed for other types of flue gases. As an overall
conclusion, all these parameters need to be considered for the design of photobioreactors in order to
capturing CO2 by microalgae [70].
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Table 1-1: Comparison of different cultivation conditions to investigated microalgae CO2 biosequestration rates

Microalgal
species

CO2
(%)

Chlorella Sp.

5%

Chlorella Sp.

5%

Chlorella
vulgaris

2.5%

Spirulina Sp.

6%

Conc. CO2 source

Bioreactor
type & size

Light intensity
(μmol m-2 s-1)

Biomass
productivity
(g L-1 d-1)

106.6 μmol m−2
s−1 during the
entire
batch
Pure CO2
0.314
experiment in a
12:12
h
(light/dark)
106.6 μmol m−2
Bubble column −1
s
during the
Flue gas (61 photobioreacto
entire
batch
ppm
NOX, r,
0.5
L
0.273
experiment in a
0.3% v/v SOX) working
12:12
h
volume
(light/dark)
Bubble column
LED-based
PBRs, 0.5 L
working
volume, using
Pure CO2
300 μE/ m−2 s−1
1.86
low dose of
sugars
for
promoting
photosynthetic
efficiency
12 h dark/light
three 2 L (1.8 L photoperiod with
working
3200
lx
of
volume)
illumination
Pure CO2
0.22
column
provided by 40
photobioreacto W daylight-type
rs (CPBR)
fluorescent
lamps
Bubble column
photobioreacto
r,
0.5
L
working
volume

1

CO2 fixation
rate
(g L-1 d-1)

Controlled
pH?

REF.

0.57

Yes, pH was
controlled for [71]
initial 36 h

0.5

Yes, pH was
controlled for [71]
initial 36 h

3.51

No

[72]

0.43

No

[73]

1.7 The effect of CO2 on culture pH
The pH plays a key role in the distribution of inorganic carbon and essential nutrients in the growth
medium, as well as their availability to the microalgae. It also has influence on the photosynthetic process,
microalgal metabolism, the enzyme activities within cells, and the biomass and lipid yield of microalgae
[74]. Commonly, during inoculation, the growth medium is maintained at neutral pH and after regulation
of the carbonaceous species in medium, the pH increases steadily as a result of inorganic carbon utilization
[75]. According to Kumar et al. [76], without supplementing CO2, the pH will increase to about 8 resulting
from the activity of the carbonic anhydrase enzyme, which transfers hydroxide ions from the cell into
solution. The CO2 absorption rate will be elevated at higher a pH as a result of the reaction between
hydroxyl ions and CO2 to produce bicarbonate [12].
Most published studies identify neutral pH as favorable, for microalgal strains such as Chlorella
protothecoides and Chlorella vulgaris which are optimally grown at pH 6.5 and 7, respectively [74]. While
some microalgae, such as Spirulina platensis, Chroococcus minor and Tetraselmis suecica, are tolerant to
higher pH and are grown at pH 9 [74]. While some species favor lower pH, such as Chlorococcum littorale
which can grow at pH 4 [75]. The relationship between CO2 concentration and pH in microalgal systems
is quite complicated, as a result of the underlying chemical equilibrium among such chemicals as CO2,
CO32−, HCO3− and H2CO3 [56]. A decrease in pH will occur in the presence of high concentrations of CO2
as unused CO2 converts to carbonic acid in the culture [64].
With CO2 content of 5–10% (v/v), which is the concentration of many industrial flue gases, the culture pH
commonly decreases to approximately 5, while higher SOX concentrations will drop culture pH even
further, to around 2.6 due to the formation of SO42-, SO32-, and HSO3- in the culture. It can be concluded
that the pH change resulting from CO2 does not have major impact on the growth of common microalgal
strains. Whereas, the significant pH change caused by SOX will commonly inhibit microalgal growth as
most strains will not survive at pH lower than 4 [64] [77]. It is suggested that with buffered medium, like
sodium hydroxide or calcium carbonate, the pH can be adjusted to the optimal level for the target species
[43].
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1.8 Microalgal biomass composition
Variation in the biomass composition of microalgal species is reported to be significant. Moreover, biomass
composition of the microalgal strain noticeably depends on cultivation conditions, such as nutrient levels
in the culture, light intensity, growth phases and temperature [78] [79]. As an example, the protein content
typically shows an increase-decrease pattern across the growth phases, where maximum content is reached
in the exponential phase, based on the microalgal species and cultivating conditions [80]. The challenge
for protein production is that the overall concentration of biomass during the exponential phase is lower
than during the stationary phase. However, the biomass that is harvested in the stationary phase is
commonly low in protein [79]. Therefore, it is of a great importance to precisely choose the harvesting time
in order to optimize the production efficiency of a specific component, whether a common cell component
or a specific secondary metabolite. Understanding the composition of biomass is also essential in
identifying potential by-products to be used in a biorefinery process. Composition of microalgal species
that are used at an industrial level, which are mostly grown in nutrient-rich media, is reported to be from
30 to 75% for proteins, from 25 to 60% for carbohydrates, and 20 to 50% for lipids. It should be noted that
these fractions can differ for biomasses that are subjected to heterotrophic growth or stress conditions [39].

1.9 Microalgae as a source of high-value health beneficial natural compounds
Using microalgae as a source of food and food products is not a new concept, but it has been gaining more
attention and interest recently. Moreover, as the global population continues to grow, microalgae can be an
available and valuable replacement for chemical-based compounds. Detection, purification, isolation and
identification of compounds in complex microalgal extracts has been made possible with the development
of technologies in this field and has paved the way to efficiently screen natural products like protein, lipid
and carbohydrates [18].
The beneficial effects of microalgae as part of a diet are wide ranging and can improve overall health, while
specifically lowering the risk of disease like cardiovascular disease and increasing life expectancy.
Microalgae contain components that are beneficial food supplements, including minerals, carotenoids,
proteins, fatty acids, vitamins and antioxidants [81], [82]. Important vitamins and minerals that can be
found in the cellular structure of microalgae are essential for body health and viability [83], [84]. For
instance, all the vital amino acids required for holistic human health can be extracted from microalgal
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proteins. Also, the amount of protein in microalgae is considerably higher than what could be found in
meat (26%), poultry (11%), or milk (3.4%) [85].
Based on previous studies, protein and total lipids content can reach 71% and 75% in special cultivation
condition or applying genetic modification, respectively, which is significantly higher than in many
terrestrial plants [86] [87] [13] [40]. For example, soybeans, a common food crop, contain 15-25% lipids
and 30-50% protein [40]. Despite the illustrated benefit, it is clear that significant development is required
to get microalgae to be a staple in people’s daily diet [88]. Currently, only a few species of microalgae,
including Spirulina, Dunaliella, Chlorella, Nostoc and Aphanizomenon are used as food for humans due
to the market demand, economic factors and strict food safety regulations [89]. Therefore, the algae-based
food products for human consumption must be prepared as per food and drug administration safety
guidelines and proper product stability information should be provided for each product. Economic and
sustainable aspects of algal biomass production lines should be evaluated too [90].
1.9.1

Lipid

As mentioned earlier, dry weight lipid content of many species is approximately 20–50%, significantly
higher than the 5% content common in many terrestrial crops [21]. The promising ability of microalgae to
produce lipids and the diversity of the composition of lipids by microalgae makes them suitable for a wide
range of applications including food products and additives, biofuel production, aquaculture, and feed for
farm animals and birds [91], [92].

As per Michalak et al., lipids are extracted most frequently in comparison to other microalgal compounds
and show the enormous potential for commercialization[40]. Currently, Botryococcus, Dunaliella,
Thalassiosira, Arthrospira, Nostoc, Crypthecodinium, Aphanizomenon, Schizochytrium, Haematococcus,
Chaetoceros, Nannochloropsis, Chlorella, Isochrysis, Cylindrotheca, Pavlova, Neochloris, Porphyridium
and Phaeodactina are all used in the commercial scale production of lipids [40].

Phospholipids, glycolipids and betaine are polar constituents of the lipids present in microalgae and
acylglycerols, sterols and free fatty acids are non-polar constituents [93] [17]. The polar lipids are essential
structural components of cell membranes and intracellular thylakoid membranes. The thylakoid
membranes are formed of the digalactosyl diacylglycerol and monogalactosyl diacylglycerol, which
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contain high amounts of palmitic acid and polyunsaturated fatty acids. Most of the non-polar storage lipids
that are found inside the cells are triacylglycerols [94]. Lower percentage of polyunsaturated fatty acids
can be found in triacylglycerols, because they are mainly made up of monounsaturated and saturated fatty
acids[95] [69].

The fatty acid molecule consists of a carboxyl group (COOH) and a methyl group (CH3) at the ends of the
hydrocarbon chain. It can be said that in living organisms the fatty acid type is mainly determined by the
length of its hydrocarbon chain. Short-chain, medium-chain, long-chain and very-long-chain fatty acids
show various application and characteristics. Presence and number of double bonds and their location are
other factors that can categorize fatty acids to monounsaturated fatty acids and polyunsaturated fatty
acids[40].

All of the necessary lipids cannot be synthesized in the human body and externally supplied lipids are
needed to be metabolized into different bioactive molecules. So, supplying lipids in a proper diet is of a
great importance to maintain lipid homeostasis in the body [96] [95].
It is reported that polyunsaturated fatty acids, including ω-3 and ω-6 fatty acids, are categorized as essential
nutrients for human body metabolism [60]. One of the main drawbacks in producing polyunsaturated fatty
acids rich lipid at large scale from microalgae is that is the lipid content in algal cell and the biomass density
in the reactor are relatively low. Under industrial culture conditions, biomass density in existing bioreactors
usually does not exceed 400–600 mg/L, which affect the harvesting cost noticeably [59]. Although short
chain fatty acids are classified to be unusual in microalgae, long chain fatty acids are produced commonly
in microalgal cells [97]. However, to optimize cultivation condition of microalgae for a specific target like
fatty acid production, understanding existing patterns in microalgal composition and selecting strains with
maximum productivity plays a crucial role.
1.9.2

Short-chain and medium-chain fatty acids in microalgae

Short chain fatty acids are defined as having a carbon number between 6 and 10 [97]. There are infrequent
reports on the presence of C6–C8 chain fatty acids in microalgae, however it is reported that the content of
short chain fatty acids is not considerable in microalgae under normal growth conditions [98], [99].
However, some microalgae are able to produce short chain fatty acids, while they are stressed, but the
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underlying mechanism is unclear [97]. For instance, in Nannochloropsis sp. and Arthrospira platensis in
stressed condition, the amount of C6:0 and C8:0 was 1.48–3.93% and 0.04%, respectively [40].

This pattern also is repeated for medium-chain fatty acids (C10-C14), which are rarely reported in
significant quantities in microalgae. Medium-chain fatty acids have higher energy density than short-chain
fatty acids, and using them as antimicrobial agents, flavor additives, animal feed, and precursors of biofuels
is some of their applications [100].

As nutrients and metabolism regulators, short-chain and medium-chain fatty acids can play a crucial role
in the human body. Also, long-chain fatty acid hydrolysis disorders patients can benefit from them as a
nutritional resource. When ingesting triacylglycerol that contains medium-chain fatty acids, triacylglycerol
will be well-absorbed [40].
1.9.3

Long-chain fatty acids in microalgae

Long-chain polyunsaturated fatty acids with 16-18 carbons or more, are health beneficial fatty acids that
are proved to be effective in modulating nervous and immune systems, maintaining sturdy skeletal muscle
and preventing cardiac diseases[101]. As a result of mentioned health benefits, the global demand for longchain polyunsaturated fatty acids has been increasing during the last few years. Arachidonic acid[102]
[103], eicosapentaenoic acid[104] and docosahexaenoic acid[105] are long-chain polyunsaturated fatty
acids that can be found within the microalgae cells. Long-chain fatty acids represent a wide range of
applications and are of greatest commercial interest. Saturated and unsaturated Long-chain fatty acids of
microalgae are valuable in order to producing oils with different properties, which can be used in various
industrial fields [40].
1.9.4

Very-long-chain fatty acids in microalgae

Very-long-chain fatty acids with 20 or more carbons can be found in many commercial fish, for example
cod or tilapia, as a convenient and usual source of food. However, only small amounts of oil are stored in
fish fillets. According to some studies [17] [106] [107] certain algae species contain considerable amounts
of very-long-chain polyunsaturated fatty acid. Very long chain polyunsaturated fatty acids known to have
beneficial effects on human health including being involved in the anti-inflammatory signaling molecules
production and hasten the inflammation resolution [103].
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1.9.5

Microalgal pigments

Pigments are molecules that can absorb visible spectrum light and are used for producing a range of
products from food additives and colorants to nutraceutical and pharmaceutical agents. Industrial pigments
are commonly produced from non-renewable synthetic sources like inorganic chemicals, organic acids and
petrochemicals for reduced costs. However, pigments production from natural resources like microalgae is
in rising demand because of the safety and environmental concerns associated with synthetically produced
pigments [108]. Some microalgae produce valuable pigments, like β-carotene, astaxanthin and lutein,
which can prevent and treat diseases. They have beneficial biological activities, such as anticancer, antiobesity, antioxidant, anti-inflammatory, anti-angiogenic, and neuroprotective. At least three classes of
pigments are produced in microalgae: carotenoids, phycobilins, and chlorophylls. Different types of
microalgae can contain from 0.5 - 1.0% of chlorophyll per dry weight [109].
1.9.6

Carotenoids

Carotenoids are microalgal pigments with unique coloring properties and antioxidant activities. They
cannot be synthesized in human organs and a sufficient amount of them must be obtained from our diet.
Microalgae represent a high capacity of producing carotenoids and all known xanthophylls that can be
found in terrestrial plants [110]. Additionally, microalgae are capable of synthesizing a variety of other
pigments that can be found only in algae, cyanobacteria, and some species of yeast [111] [112]. During
photosynthesis, carotenoids are responsible for important cellular functions, such as photoprotection and
light harvesting. Carotenoids are able to harvest available light and pass it as energy to the chlorophyll
molecules when the light intensity is low. While they accept excess energy from chlorophyll and dissipate
it to protect chlorophyll from photodamage during being exposed to high light intensities.
Carotenoids’ ability to neutralize reactive oxygen species and free radicals give them interesting
antioxidant characteristics – as human health application can slow cellular damage, chronic diseases and
aging [113] [114]. Food, feed, cosmetics and nutraceutical industries are all using carotenoids because of
their nutritional properties and color. Carotenoids are added to various food products including yoghurts
and confectionary, as a safe natural dye to enhance their color [110]. In the human body, carotenoids act
as provitamin A and an amount of 0.1–0.2% is commonly present in the total microalgae dry matter [115].
Similarly, in cosmetics, carotenoids have applications as active ingredients with biological activity and
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nutritional value in creams, lotions and hair products. When they are applied on skin, carotenoids work as
a protection from UV-light damage [116] [117].
1.9.7

Chlorophylls

Photoautotrophic microalgae can synthesize green pigments, which account for 0.5–1.5% of the dried
biomass and show antioxidant, antigenotoxic and anticarcenogenic properties. It is reported that
chlorophyll has the potential to stimulate the liver recovery [108], [118] and improve metabolism of
carbohydrates, proteins and lipids in humans body. Chlorophyll contains chlorophyllin, which is a sodiumcopper-salt derivative and can be easily absorbed by human body. Studies have revealed that Chlorophyll
has a potential to make the cancer progression and development slower [119].
1.9.8

Algal polysaccharides

Polysaccharides are natural polymers that can potentially be extracted from microalgae instead of land
plants or macroalgae. Microalgal species, like Spirulina platensis and Chlorella vulgaris, present
carbohydrate contents of 8–14% and 12–17%, respectively, under standard cultivation conditions[120].
While stressed conditions and differing cultivation parameters such as light intensity, CO2 concentration
and nitrogen content may increase carbohydrate content up to 77% in Chlorella sp. [121]. Microalgal
polysaccharides have been examined for their antioxidant activity more than any other biological activity
[122] [20]. The results of studies on microalgal polysaccharides antioxidant activity suggest that they can
be considered for pharmaceutical purposes such as for the treatment of oxidative disorders. Several factors
including polysaccharides’ molecular weight and polysaccharide chemical structure can influence their
antioxidant activity [20]. Moreover, polysaccharides exhibit an enormous potential in pharmaceutical
sector to be used as immunomodulatory and antitumor agents [123]. In addition to being applied in the
medical sectors, food and cosmetic industries have used microalgal polysaccharides as stabilizers,
flocculants, viscosifiers and hydrating and gelling agents to improve food products quality and texture [81].
based on the composition of cell wall, some species like

Diacronema lutheri, Tisochrysis lutea,

Nannochloropsis sp., A. platensis, C. vulgaris and Odontella aurita are being used in snacks , pastas and
candy bars[82].
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1.9.9

Vitamins

Two large groups of vitamins are those which are soluble in water (vitamins B and C) and the others that
are fat-soluble compounds (vitamins A, D, E and K). Photosynthetic organisms are mostly responsible for
synthetizing vitamins. However, some vitamins like vitamin K and some vitamins B are mainly produced
by bacteria and should be bioaccumulated through diet [124] [125]. Recommendations say that a diet with
high number of various vitamins should be followed to avoid vitamins deficit. Some vitamins are hard to
find in plants and some, including vitamins K, D or B, can be found in low concentration [126]. While
microalgae is able to provide many necessary vitamins (A, B1, B2, B6 and C) required in a healthy diet in
higher contents and better quality rather that terrestrial plants [127]. So, microalgae cultivation as a natural
vitamin source represents a promising future for human consumption.
1.9.10 Proteins and amino acids
Proteins are known as building blocks of the human body. Proteins are long chains of amino acids
responsible for overall growth of a person. A complete profile of essential amino acids can be found in the
common foods, like eggs, poultry and red meat, fish and dairy. However, these sources are not suitable for
a growing population around the world and the growing interest in vegetarianism. With respect to
vegetarianism, it should be noted that a complete essential amino acid (EAA) profile cannot be found in
most of the plant derived proteins [86]. On the other hand, microalgae are a valuable and excellent source
of proteins that can be utilized as nutritional and therapeutic products [108]. Approximately, 40 to 50% of
microalgal biomass is protein, but percentages differ based on growth conditions and species. According
to the protein content and the degree of refining, there are five categories of protein products that are
obtained from microalgae including protein concentrates, whole-cell protein, hydrolysates, isolates, and
bioactive peptides [128].
Whole-cell protein that is consumed directly is the densest product and has an intact cellular structure.
Other products are isolates, protein concentrates, bioactive peptides and hydrolysates [128].
1.9.11 Antibacterial compounds
It seems that a study carried out by Pratt et al. [129] is the initial point of considering microalgae as a source
of antibiotics. They found that chlorellin, which can be produced by green microalgae is able to inhibit
both Gram-negative and Gram-positive growth. Many studies after that have shown that microalgae can be
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a source of compounds such as indole alkaloids, terpenes, phenolics, glycolipids, β-diketone and fatty
acids that exhibit antibacterial activity. [18] [59]–[61]. Among them, long chain unsaturated fatty acids
show the most antibacterial activity [131] [18]. According to studies done by our research group [18], green
microalgae from extreme environments such as fresh or salt water bodies with low pH or municipal
wastewater contamination exhibit antibacterial activity against human pathogens.
1.9.12 Antioxidants
Preferences for antioxidants from natural sources are growing fast all over the world. Especially after
finding that synthetic antioxidants have toxic effects on human body[114]. So, microalgae are considered
as a replacement for synthetic antioxidants with higher stability. Currently, astaxanthin, β-carotene and
lutein are high value market antioxidants from microalgae. Abiotic stress in microalgal cultivation can
instigate the production of a unique cellular defensive antioxidant response. It should be considered that
the enzymatic and non-enzymatic antioxidants that can be produced by stress response will differ between
each stressor and algal species [133].

1.10 Biofuel from microalgae
Biofuels are classified to four generations, Based on the feedstock. The first generation is made from oilbased plants, sugar and starch crops. The first generation is known for CO2 emissions reduction potential,
while they are criticized for causing inefficient utilization of resources and land usage.

Second generation is derived from non-food crops including lignocellulosic biomass and waste animal oils
as more efficient renewable alternatives. Whereas, second generation overcomes the disadvantages of the
first generation, to produce sufficient biofuels at a competitive cost more studies should be carried out. An
excellent alternative in fuel market can be aquatic feedstock such as algal biomass[134]. Just first and
second-generation biofuels are commercially produced. However, if competition for available land were
to arise, the second generation biofuel production could become environmentally and economically
unsustainable [135].

Third generation biofuels are derived from algae and have attracted a growing attention due to their
relatively simple processing, high yield and carbon dioxide sequestration ability. Algae can be cultivated
in unproductive drylands and marginal farmlands as well as in wastewater and seawater. Therefore, they
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do not compete with food crops on arable land [135]. As a comparison, from one-hectare microalgae
containing 20–50% lipids in dry biomass can yield up to 14000L of oil annually, while this number for
corn, soy and canola are 172, 636 and 974 L, respectively [37].

However, to reach the target of considering microalgae as biodiesel alternative feedstock more steps should
be taken. Fourth-generation biofuels use bioengineered microorganisms like algae. Actually,
microorganisms are genetically altered to consume a higher amount of CO2 in comparison with the amount
they emit to the atmosphere while burning as biofuel [134].

Biodiesel is an important biofuel in form of liquid consisting of mono alkyl esters of long chain fatty acids,
which are derived from animal fats or vegetable oils, and also micro and macro algal oil [46]. Currently
biodiesel production at large scales still cannot compete with petroleum diesel because of the current
challenges such as the mass cultivation, high operational cost, harvesting, and dewatering.

Based on the location and scale of the production, biodiesel that is extracted from microalgae can cost
US$0.42–9.11/L and US$0.9–22.55/L from open pond and photo-bioreactors, respectively. While to be
competent enough to the price of petroleum diesel, the cost should not exceed US$0.526–1.619/L [124].
Dewatering of algal biomass accounts for 89% of the total energy input according to a life cycle analysis
carried out on biodiesel production from microalgae [136].

The maximum oil content of microalgal biomass varies widely based on the cultivation condition and
different microalgal characteristics. The ratio and amount of unsaturated and saturated fatty acid, which
are the compounds that are suitable to be extracted and converted into biofuels, is important [84].
Throughout different processes, microalgae are capable of producing several biofuels including biodiesel,
bioethanol, methane and hydrogen. These fuels are compatible with existing engines without requiring
modifications, as the properties of microalgae-based biodiesel fuels is similar to petroleum-based biofuels
like viscosity, flash point, heating value, density and cold filter plugging point. Therefore, microalgaebased biodiesel is compatible with the standards of both the International Biodiesel Standard for Vehicles
and American Society for Testing and Materials. Moreover, microalgae-based biodiesel fuel emits less
pollution, such as SOX and CO, compared to petroleum-based fuel [134].
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Chapter Two: Hypothesis and Objectives
Microalgae can be a source of valuable food ingredients and they can produce those while capturing
carbon dioxide (CO2) from many industrial processes, such as the alcoholic beverage industry. However,
to be able to capture fermentation CO2 and achieve increased microalgal growth rate and lipid, fatty acid
and protein productions more information about cultivation under these conditions is required.

2.1 Hypothesis
Microalgae will respond positively to being cultivated with the addition of alcoholic yeast (beer)
fermentation CO2. The exposure to the fermentation CO2 will usefully increase microalgal
bioproductivity of lipids, fatty acids and proteins.

2.2 Objectives
The objective of this work was to investigate three microalgal strains including the culture collection
Chlamydomonas reinhardtii and two bioprospected strains (P-918 (Coccomyxa sp.) and M-23
(Chlamydomonas sp.)) and estimate their potential to be used with the off-gas from a yeast
fermentation. Nutrition removal and CO2 fixation were analyzed and compared, and the productivity
of potential value-added bioproducts analyzed.
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Chapter Three: Methodology
3.1 Microalgae and culture medium
The three microalgal strains utilized in this study were:
-

Coccomyxa sp. (P-918) obtained from a polishing pond at an operational smelter (pH 2.8)

-

Chlamydomonas sp. (M-23) obtained from a low pH abandoned mine site environment (pH 3)

-

Chlamydomonas reinhardtii (CPCC11) obtained from the Canadian Phycological Culture Centre
(Waterloo, Canada)

The first strain investigated was from the genus Chlamydomonas specifically Chlamydomonas reinhardtii,
which has been studied widely as an attractive microalgal model. This species has genetic tractability, short
life cycle, haploid growth, and the flexible metabolic features that allow for studying algal physiology,
metabolism, photosynthesis and flagellar structure and function [137]. While the number of studies on
Coccomyxa sp. were significantly fewer than the ones focusing on C. reinhardtii, Coccomyxa sp. cells are
small with an approximate size of 3–14 μm and have no flagella. They also have an irregular globular to
elliptical shape, and contain a parietal chloroplast without a pyrenoid [138]. After isolation and
identification, both strains Coccomyxa sp. and Chlamydomonas sp. had been kept at neutral pH for longterm storage.
The cell cultivation was performed in modified Bold's Basal Medium (BBM) [139], for which all
components were purchased from Fisher Scientific Canada. Sterile Milli-Q water was utilized in all
experiments. For 1 L of Total BBM, 936 mL Sterile Milli-Q water was used. Then, 10 mL of each
macronutrient’s solutions including NaNO3, CaCl2.2H2O, MgSO4.7H2O, K2HPO4, KH2PO4, NaCl was
added. Also, 1 mL each of alkaline EDTA, acidified iron, boron and trace metals were added to the
solution[140].
Each microalgal culture was initially inoculated in 250 mL Erlenmeyer stock flasks containing 150 mL
medium at 25 °C (room temperature) with continuous light irradiation of approximately 60 μmol m-2 s-1.
Cultures were cultivated for 14 days on a shaker table at 120 rpm. Before and during the cultivation
experiments, the flask’s media, glassware, and pipettes were sterilized before use by autoclaving at 121°C
and 100 kPa gauge pressure.
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3.2 Measurement of cell growth
To evaluate the effect of carbon dioxide (CO2) from beer fermentation on the growth parameters of the
three microalgae, experiments were conducted over the growth periods of 16 days. The cultures were
connected directly to the beer fermentation process to be exposed to CO2. For each strain, a control culture
growing under atmospheric CO2 was considered. Each microalgal culture was grown in biological triplicate
in 500 mL of BBM in 1000 mL Erlenmeyer flasks at 25 °C (room temperature) with continuous light
irradiation (~60 μmol m-2 s-1) and continuous mixing at 80 rpm. Mixing of the culture media prevented
cells from settling and improved the transfer rate of CO2, avoided nutrient concentration gradients,
increasing light utilization efficiency, keeping temperature and pH homogeneous, and eliminating
accumulated dissolved oxygen [61].
Throughout the experiment samples were collected every 3 days for the measurement of dry weight
biomass (mgdw L-1). The pH of the solutions was uncontrolled, but it was assessed every other day
throughout the experiment using a Folio Instruments PHS-38W microprocessor pH/MV/Temperature
Meter (Kitchener, ON). For each algal strain, a negative control culture flask, not subjected to CO2
exposure, was included in the experiments.
Microalgal biomass from each flask was harvested by centrifugation, frozen at -80°C and subsequently
freeze-dried at -50°C under vacuum for 24 h. Microalgal specific growth rate (μ) was calculated from the
initial dry biomass (Cb,i) and final dry biomass (Cb,f) concentration over the logarithmic growth phase (Δt)
(Eq. 3.1) [139]:
𝐶𝑏,𝑓
𝑙𝑛 ( 𝐶 )
𝑏,𝑖
𝜇=
∆𝑡

Eq. 3.1

Also, volumetric biomass productivity (Pv) was calculated from Eq. 3.2:

𝑃𝑣 =

𝐶𝑏,𝑓 − 𝐶𝑏,𝑡
∆𝑡
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Eq. 3.2

3.3 Assessment of CO2 bio-fixation rates and removal efficiencies by various
microalgal species
The CO2 fixation rates (g d-1) were evaluated using Eq. 3.3 [141]:
𝑀𝐶𝑂2
)×𝑉
𝑅𝐶 = 𝐶𝐶 × 𝑃 × (
𝑀𝐶

Eq. 3.3

Where P is Biomass productivity (g L-1 d-1), Cc is the mass fraction of carbon in dry microalgal biomass
(%w/w), which is approximately 50% [4], MCO2 is the molar mass of carbon dioxide (44 g mol-1), MC is
the molar mass of carbon (12 g mol-1), and V is the working volume (L).

3.4 Lipid analysis
To investigate the effect of CO2 on the lipid productivity of the microalgal strains, lipid content was
measured for each sample throughout the experiment. The lipid content of the dried biomass was extracted
applying a modification of the method first described by Folch et al. [142]. In Folch’s original method, to
separate precipitated non-extractable residues, the crude extract is filtered, whereas in the modified method,
this step is omitted due to practical aspects in the microscale extraction [142].
At first step, freeze-dried biomass was mixed with 1.2 mL of chloroform: methanol with 2:1 volume
proportion in a centrifuge tube. The mixture was then sonicated using a cell disrupter, Mini-Beadbeater-16
(BioSpec, USA) for 1 minute. Then, the samples were centrifuged using a centrifuge (Sorvall ST8, Thermo
Scientific, Suzhou, China) and the supernatant was placed in a weighed tube (Figure 3.1). Extraction was
repeated in triplicate for each strain. At the next stage, the solvent was evaporated in a vacuum drier and
the mass of the remaining lipid was gravimetrically determined. The lipid content was expressed as
percentage on dry weight basis using Eq. 3.4. Where WExtracted Lipid is weight of dried extract and WDCW is
weight of dried biomass.

𝐿𝑖𝑝𝑖𝑑 𝑐𝑜𝑛𝑡𝑒𝑛𝑡 (%) =

𝑊𝐸𝑥𝑡𝑟𝑎𝑐𝑡𝑒𝑑 𝐿𝑖𝑝𝑖𝑑
× 100%
𝑊𝐷𝐶𝑊
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Eq.3.4

Figure 3-1: Extracted lipids of Coccomyxa sp. and Chlamydomonas sp.

3.5 Protein Analysis
As the majority of microalgal proteins are immobilized inside the cell, an efficient protein extraction
method was required to produce a functional extraction of protein. In the current study, total protein content
was estimated using Lowry’s method, which is considered suitable for microalgal protein extraction [143].
At the first step, mother solutions were prepared with approximately 500 mL of distilled water and 2 N
NaOH was added to adjust the solution to pH 12 for maximum protein solubility. A sample of freeze-dried
biomass was added to 25 mL of mother solution. The mixture was then stirred for 2 h at 40 °C. The
separation of the supernatant from the pellet was conducted by centrifugation at 10,000 g for 10 min at 20
°C. The supernatant was then adjusted to pH 3 with 0.1 M HCl to precipitate the proteins. The protein
isolate was collected after centrifugation at 10,000 g for 10 min at 20 °C and the pellet was neutralized
with 0.01 M NaOH. Samples were taken for protein analysis.
The Lowry’s method involves protein reaction with cupric sulfate and tartrate in an alkaline solution, which
results in formation of tetradentate copper-protein complexes. By adding the Folin-Ciocalteu reagent, it is
effectively reduced in proportion to these chelated copper complexes, producing a water-soluble product.
The solution blue color can be measured at 750 nm.
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Protein concentration was estimated by making a standard curve with bovine serum albumin (BSA) at a
concentration range of 0 to 1500 μg mL−1. The Lowry kit, a prepared mixture of 2 N Folin-Ciocalteu
reagents, Lowry reagent and bovine serum albumin (BSA) standards, was purchased from Thermo Fisher
Scientific. 2N NaOH and 0.1M HCl were also purchased from Thermo Fisher Scientific. 20 mg dried
biomass of each sample was used for total protein analysis. The blue color solution was then measured at
750 nm with a UV-1700 UVVIS (Shimadzu, Tokyo, Japan) to give an optical density that could be
compared back to the standard BSA curve.

Figure 3-2: Micro plate containing unknown prepared samples of Coccomyxa sp. and Chlamydomonas reinhardtii strains for
protein analysis

The first step was preparation of BSA Standards according to Table 3-1.
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Table 3-1: Preparation of Diluted Albumin (BSA) Standards, Dilution Scheme for Microplate Procedure (Working Range = 11500µg/mL)

Vial

Volume of diluent

Volume source of BSA

Final BSA content

A

125 µL

375 µL

1500 mg/ml

B

312 µL

312 µL

1000 mg/ml

C

155 µL

155 µL of vial A

750 mg/ml

D

312 µL

312.5 µL of vial B

500 mg/ml

E

312 µL

312.5 µL of vial D

250 mg/ml

F

312 µL

312.5 µL of vial E

125 mg/ml

G

400 µL

100 µL of vial F

25 mg/ml

H

400 µL

100 µL of vial G

5 mg/ml

I

400 µL

100 µL of vial H

1 mg/ml

J

500 µL

0 µL

0 mg/ml

The contents of one bovine albumin standard (BSA) ampule were diluted into several clean vials. The
pooled contents of one ampule of 2.0 mg/mL albumin standard was sufficient to prepare three replications
of each diluted standard for the working ranges given in Table 3-1, which were calculated for the microplate
procedure. The second step was preparation of 1X Folin-Ciocalteu Reagent by diluting the supplied 2X
(2N) reagent 1:1 with ultrapure water. After that, the microplate procedure was started by Pipetting 40 µL
of each standard and unknown sample replicate into a microplate well. Then, 200 µL of modified Lowry
reagent was added to each well using a multi-channel pipettor. The microplate was covered and incubated
at room temperature for exactly 10 minutes. Following that, 20 µL of prepared 1X Folin-Ciocalteu Reagent
was added to each well by a multi-channel pipettor and immediately, microplate was mixed on plate mixer
for 30 seconds. Another incubation was done for 30 minutes after that and the absorbance at 750 nm on a
plate reader was measured [141].
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3.6 Beer fermentation set-up
Two 5-gallon (20 L) beer kits of Brewer's Best® Kölsch were used for each round of experiments. The
beer was made from hops, malt yeast and water. Before commencing an experiment, all the brewing
equipment was thoroughly cleaned and sanitized. Tap water (9.5 L) was heated to the appropriate steeping
temperature (65-75°C) when crushed grains (560 g) were added. The crushed grains were steeped for 20
minutes and then removed, with the water now known as wort. After bringing the wort to a gentle boil, all
the liquid malt extract (3 kg) and corn sugar (454 g) were added to the boiling wort. The hops (140 g) were
then mixed into the solution, followed by a further 60 minutes of boiling. The wort was then cooled to
21°C and the wort siphoned onto 6 fermentation flasks (transfer of the sediment (turb) was avoided).
At this point 9.5 L of 20°C tap water was added to the six fermenters equally (1.58 L for each fermenter).
Using a sanitized hydrometer, the original gravity was read and recorded for the alcohol by volume
(ABV%) calculation. Following this stage, the contents of the yeast sachet (1.92 g for each fermenter) were
sprinkled over the top of the wort surface. Manual agitation and aeration of the wort were performed for 2
min at the beginning of the process and then the fermenters moved to a dark, and temperature stable area
(room temperature ~22°C), where they were connected to the microalgal culture flasks. The wort began to
ferment within 24 to 48 hours and released CO2 was noticed visually. The specific gravity of the
fermentations was read on day 7. It was compared to the final gravity instruction given by the beer kit
recommended procedure, which was 1.013~1.017. If the gravity was not in the given range (1.013~1.017)
as final gravity, the fermentation was allowed to continue if it was still producing CO2 until reaching the
final recommended (by the kit supplier) gravity range. In the current work, the primary fermentation lasted
between 5 to 7 days and a direct indicator of the fermentation activity of the yeast was the amount of
released CO2. The first beer kit was replaced by the second beer kit on day 8 of the experiment.
According to the fermentation stoichiometric equation (Eq. 3.5) and the percentage of ethanol produced
(Eq. 3.6), per each 100 L of beer that is produced, around 2.5~3.8 kg CO2 is formed [7] [144]. In the current
study, original gravity was 1.055 and final gravity was 1.017 after 7 days. As each beer kit was converted
to 19 L of beer, it can be estimated that 0.475 kg CO2 was produced from each kit. The values for alcohol
by volume (ABV), original gravity (OG) and final gravity (FG) were all obtained.
𝑦𝑒𝑎𝑠𝑡

𝐶6 𝐻12 𝑂6 →

Eq.3.5

2𝐶2 𝐻6 𝑂 + 2𝐶𝑂2
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ABV (%) = (OG – FG) x 131.25

Eq.3.6

Each beer kit was equally divided to 6 fermentation flasks, and each microalgal cultivation flask was
connected to a fermentation flask containing 3.17 L of beer (Figure 3-3 and Figure 3-4).

Figure 3-3: Fermentation and microalgal culture connection schematic diagram
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The fermenter gas exits were connected to the microalgal flasks, so that total estimated 0.95 kg CO2
produced by two sets of fermentation was bubbled into the bottom of each algal culture throughout the
experiment (16 days) based on the estimated 5% ABV obtained by using Equation 3.6. A control culture,
without CO2 injection, was always performed in parallel for each microalgal strain. An image of a
microalgal culture connected to a fermentation flask is provided in Figure 3-4.

Figure 3-4: Fermentation and microalgal culture connection system

3.7 Statistical Analysis
All values are reported as means values  standard error. Statistical analyses were performed using a
“test_1sapm class in scify’s stats” library in a Python 3.8 code. Since we had one control sample for each
microalga, we performed the T-test considering this value as an expected value of a sample of independent
observations. T-tests were performed to discriminate significant differences.
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Chapter Four: Results and discussion
4.1 Effect of CO2 released during fermentation on the growth of algal culture
The amount of CO2 sparged into each algal culture from the fermentation setup (estimated by the
fermentation Eq.3.5) was approximately 0.475 kg. When two beer fermentations “back-to-back” were used,
this gave a total of 0.95 kg of CO2 over the whole experiment (16 days). Due to substrate consumption by
yeast, CO2 evolution rate continuously increased up to 72 h for each beer kit and then started decreasing
[4]. So, the concentration of CO2 was not constant during fermentation and microalgal growth. The
influence of CO2 supplementation on biomass yield (gdw L-1), lipid content (% dry cell weight (dcw)), and
protein content (% dry cell weight (dcw)) of the Chlamydomonas reinhardtii, Chlamydomonas sp. and
Coccomyxa sp. are illustrated in Table 4-1.
The Chlamydomonas reinhardtii strain, which is a unicellular freshwater green microalgal species [145]
was examined for its growth and biomass production when exposed to fermentation CO2. Studies on
Chlamydomonas reinhardtii strain could reveal its mechanism of CO2 sequestration and it is widely
reported that high CO2 concentration can lead to an enhancement of carbon metabolism. It also can improve
biomass and fatty acids accumulation in Chlamydomonas reinhardtii [146].
As stated in Table 4-1, it was clearly see that specific growth rate, volumetric biomass productivity, CO2
sequestration rate and lipid content percentage of Chlamydomonas reinhardtii increased, by 10, 38, 38 and
16%, respectively, when the microalgal cultures were exposed to CO2 from fermentation. However, as it
can be seen in the
Table 4-1, protein content of the final biomass increased from 30.3 to 30.7%, which is not a significant
difference.
All CO2-enriched cultures showed higher concentrations of dried biomass in comparison with the control
culture. However, there were no significant differences in specific growth rate (with average standard
deviation of 0.01) among the dry weight biomass concentrations of the Chlamydomonas reinhardtii
cultures.
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Table 4-1: Specific growth rates, volumetric productivities, CO2 sequestration, lipid and protein content at different CO2
content in the feed gas for three microalgal strains at day 16 of experiment

Microalgal
strain

Chlamydomonas
reinhardtii (CR)

Chlamydomonas
sp. (M-23)

Coccomyxa sp.
(P-918)

CO2 Origin

Specific
growth rate
(day-1)
+/-SD

Volumetric
biomass
productivity
(gdwL-1day-1)

Dry
Average
CO2
weight
sequestration
lipid
rate
content
(mgCO2 L-1 day-1)
(%)

Dry
weight
protein
content
(%)

Atmosphere

0.129

0.052

95.1

19%

30.3%

Fermentation 0.143±0.01

0.072

131.1

35%

30.7%

Atmosphere

0.062

113.7

24%

28.8%

Fermentation 0.159±0.04

0.086

158.5

39%

27.4%

Atmosphere

0.067

122.1

13%

36.7%

0.124

227.9

26.3%

42.5%

0.132

0.129

Fermentation 0.167±0.01

As presented in Table 4-1, specific growth rate increased approximately 20% in a CO2 enriched
environment for the Chlamydomonas sp. strain. Also, the Chlamydomonas sp. volumetric biomass
productivity, CO2 sequestration rate and lipid content showed respectively 39%, 39% and 147% increases
when the microalgae were exposed to fermentation CO2. In this strain, protein content decreased from
approximately 28.8 to 27.4%. The increased biomass yield and total lipid content in both Chlamydomonas
strains could be because the carboxylation activity is increased by elevated CO2 concentration and the
oxygenating activity of Rubisco is suppressed, which leads to a higher photosynthesis rate[4]. The culture
medium CO2 enrichment improved the electron transport between Photosystem I and Photosystem II,
which can lead to enhanced fixation of CO2 and growth acceleration[145]. According to many studies
[147], a CO2-rich environments can improve lipid accumulation in the microalgal cell. By comparing the
lipid percentage for samples that were exposed to CO2 with the controlled samples, it can be concluded
that less available CO2 slows down microalgal metabolism, which causes a reduction in lipids formation.
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For the Coccomyxa sp. strain (P-918), this study showed that specific growth rate, volumetric biomass
productivity, CO2 sequestration rate and lipid content percentage increased significantly when the
microalgae were exposed to the fermentation CO2. The maximal biomass productivity with fermentation
CO2 was 0.124 mg L−1 day−1, which was 67% higher than that for atmospheric CO2. Carbon fixation rate
was also markedly increased with fermentation CO2 as compared to atmospheric CO2, which was attributed
to the boosted biomass productivity rendered by CO2 (Table 4-1). The carbon fixation rate was raised to
86% (from 122.1 to 227.9 mgCO2 L-1 day-1) during 16 days of the experiment.
These results indicate that the Coccomyxa sp. adapted well to fermentation gas containing a high level of
CO2. This is probably due to the fact that this microalga is an acid-tolerant strain. Coccomyxa sp. belongs
to the class Trebouxiophyceae [148], and was obtained from a mine site polishing pond at pH 2.8 at the
Sudbury Integrated Nickel Operations smelter. A few strains of this genus have been isolated from
extremophile environments by other researchers, and all of them showed resistance to cold adaptation, high
metal concentrations, low pH, high doses of ionizing radiation, and heavy metal ions [149]. The findings
in this work are consistent with previous studies that reported growth of acid tolerant and acidophilic
microalgae depending on the dissolved inorganic carbon, CO2 and HCO3− availability. The bioavailability
of dissolved inorganic carbon varies significantly depending on the culture medium pH. However, most of
the dissolved inorganic carbon is available in the form of CO2 at acidic pH. The inorganic carbon low
concentration that is present in acidic waters would inhibit the algal photosynthesis. In order to cope with
carbon bioavailability limitations, the microalgae originated from acidic habitats commonly have highaffinity mechanisms for uptake of CO2 and Rubisco enzymes [138].

4.2 Growth rate
Two stages are required for microalgae to utilize CO2. This includes mass transfer and absorption of CO2
from the gas phase, which occur by chemical reaction and CO2 fixation through photosynthesis. CO2
diffusion into the media from the atmosphere hinders growth of microalgae because of the water high
surface tension and a low presence of CO2 in air. Therefore, an additional supply of carbon can increase
production of biomass [61] and the use of free and pure CO2 from fermentation processes can be considered
as an appealing economic option. It should be taken into consideration that although low concentrations of
CO2 can be a limiting factor in algal growth, high CO2 concentrations or continuously sparged CO2 to the
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culture can also hinder the growth rate for sensitive strains. This results from denaturing cellular enzymes
and the associated reduction in capacity to uptake CO2 [12].
4.2.1

Chlamydomonas reinhardtii (culture collection strain)

This work revealed an increase of 38% in volumetric biomass productivity of the Chlamydomonas
reinhardtii algal culture when supplemented with CO2 from fermentation, as shown in Figure 4-1. Two
“back-to-back” beer kits were used and the first fermentation kit was replaced by the second one on day 8
of the experiment (Figure 4-1). From the start of the experiment to day 14, there was a significant increase
in biomass dry weight concentration (9.4 times higher) for samples that were exposed to CO2. By
continuing the cultivation, a decrease in biomass growth was observed from day 14 to day 16 for both CO2
enriched and control samples. However, the decrease for CO2 enriched samples was sharper, which is likely
due to lack of nutrients in the culture, as during higher productivity more nutrient is consumed. As CO2
enriched samples grew faster, they turned to a yellowish color compared to those grown under atmospheric
CO2 conditions, which may be a marked decrease in chlorophyll content [137]. A decrease in chlorophyll
content occurs when the cells are nitrogen-starved [50]. As fermentation CO2 was intermittent and CO2
concentration went up for three days and then decreased gradually, it allowed the Chlamydomonas
reinhardtii culture, as a low pH sensitive strain, to acclimatize and did not limit its growth rate.
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Figure 4-1: Chlamydomonas reinhardtii growth rate with and without exposure to fermentation CO2

CO2 injection in Chlamydomonas reinhardtii cultures lead to coagulation and flocculation even when well
mixed, causing aggregation into clumps that can be filtered easily from the medium (Figure 4-2). Cheng et
al. [139] investigated the effects of CO2 on the cell wall carbohydrate composition of microalgae. Knowing
the fact that cell wall composition has an influence on cell flocculation and the recovery of intracellular
products, it was reported that increasing CO2 level can result in high uronic acid and polysaccharide
contents of microalgal cell wall, which favorably affects cell flocculation and the recovery of intracellular
products [139]. As harvesting and dewatering account for a significant portion of microalgae production
costs, having microalgae self-flocculate could be economically beneficial.
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Figure 4-2: a) Chlamydomonas reinhardtii cultivation with CO2 from beer fermentation, b) Chlamydomonas reinhardtii
growing only under atmospheric CO2 (both on day 8)

4.2.2

Chlamydomonas sp. and Coccomyxa sp. (bioprospected strains)

Similar to the previous section, the first fermentation kit was replaced by the second one on day 8 of the
experiment (Figure 4-3 and Figure 4-4). It can be seen from Figure 4-3 that a similar growth trend to
Chlamydomonas reinhardtii was found with the Chlamydomonas sp strain.
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Figure 4-3: Chlamydomonas sp. growth rate with and without exposure to fermentation CO2

The biomass concentration of Coccomyxa sp. increased 14.2 times by the end of the experiment when
supplemented with CO2 from the fermentation (Figure 4-4), which is a very promising result. This
equivalent values for Chlamydomonas reinhardtii and Chlamydomonas sp. strains were 9.7 and 11.1,
respectively.
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Figure 4-4: Coccomyxa sp. growth rate with and without exposure to fermentation CO2

From this, it can be concluded that fermentation process CO2 is an ideal source for microalgal strains that
are not sensitive to low pH. From Figure 4-4, it can be observed that the Coccomyxa sp. culture starts
growing exponentially until about 5 d, when decelerating growth takes place, probably because of
decreasing CO2 supply from the fermenters. After 8 days of cultivation, which is the start of the second
beer kit, the culture again showed exponential growth. It achieved a more steady-state corresponding to a
dry weight biomass concentration of 1.95 g L−1 at 14 days and 2.13 g L−1 at day 16. From these findings,
it can be concluded that Coccomyxa sp. is able to provide high biomass productivity with an enhanced CO2
supply and it could, therefore, be a promising strain to be used in carbon fixation systems. The same
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clumping that was mentioned in the previous section was seen in Coccomyxa sp. culture. However,
Chlamydomonas sp. culture did not show any coagulation and clumping.
4.2.3

Comparison of the three strains’ growth

Figure 4-5 illustrates the dry weight biomass concentration versus the cultivation time of each of the three
species (Chlamydomonas reinhardtii, Chlamydomonas sp. and Coccomyxa sp.) during the cultivation
period (16 days) in the presence of the fermentation CO2. As discussed earlier, it was found that dry weight
biomass concentration was higher for the cultures that were exposed to the fermentation CO 2 rather than
control cultures. However, dry weight biomass concentration of Coccomyxa sp. was 2.13 g L−1 on day 16
of the experiment, which was higher than Chlamydomonas reinhardtii (1.27 g L−1) and Chlamydomonas
sp. (1.52 g L−1) concentration on the same day. It can be seen from Figure 4-5 that the overall trend of the
three strains was similar showing a higher growth rate from day 1 to 3 and 8 to 11, which were in response
to an elevation in fermentation CO2 formation rate. Both Chlamydomonas reinhardtii and Chlamydomonas
sp. growth rate slowed down from day 14 to 16 reaching stationary phase. While Coccomyxa sp. tended to
continue its exponential phase.
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Figure 4-5: Comparison of biomass concentrations (gDCW L-1) from the three strains exposed to fermentation CO2

4.3 pH of the medium during microalgal growth
The connection of fermentation flasks to the microalgal cultures was started after 14 days of microalgal
cultivation, to allow sufficient time to increase microalgal biomass to a level capable of fixing the incoming
CO2. In this way, excessive medium pH decrease was avoided by utilization of the dissolved carbon by the
microalgal cells, which results in increasing pH. The microalgal cultures pH was measured coinciding with
the highest CO2 production peaks, with the pH variation a result of bicarbonate–carbonate equilibrium. The
bicarbonate–carbonate equilibrium in the culture depends on the balance between CO2 uptake rate by the
microalgae and CO2 supplied in the inlet gas stream [141]. This excess CO2 is the cause of the decrease in
the pH, resulting in conditions not suitable for growth of pH-sensitive microalgal strains [145].
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4.3.1 Chlamydomonas reinhardtii
In the current study, the pH of CO2-enriched Chlamydomonas reinhardtii cultures oscillated between 4.6
and 7.3 for those samples that were exposed to CO2. The pH decreased to 4.6 on day 3 of fermentation CO2
exposure indicating an excess of CO2 production by yeast in comparison with CO2 rate of uptake by the
microalgae. As the rate of fermentation slowed down after day 3 and the rate of microalgal growth
increased, pH began to increase. It can be seen from Figure 4-6, that after replacing the first beer kit with
the second one on day 8 of experiment, pH decreased again to 4.8, but as the fermentation progressed, the
amount of injected CO2 decreased and the pH again rose to 7.3. Although neutral pH to weak alkalinity
conditions is generally preferred by most microalgae , Chlamydomonas reinhardtii can grow in relatively
low pH, although this may affect growth rate [150]. It can be concluded that for microalgal strains that are
sensitive to low pH, it is better to control the culture pH by keeping a balance between CO 2 supply and
consumption to have a better biomass productivity[ 151]. A buffer like calcium carbonate or sodium
hydroxide can be used to adjust the pH to optimal level when fermentation CO2 is being utilized, which
can enhance productivity as well as CO2 fixation rate [61], but this comes with additional cultivation costs.
It can be seen from the Figure 4-6 that pH in the control flask gradually increases and reaches 8.7.
According to previous studies [76], the pH is elevated to 8 and above, without supplemental CO2, due to
the carbonic anhydrase enzyme transferring hydroxide ions to outside the algal cell. Another reason for
increasing pH in cultures that are growing without supplemental CO2 is the consumption of nitrate as
nitrogen source by the microalgae. To assimilate nitrate, microalgal cells transport it across the membrane
and then reduce it to ammonia. During this process, large amounts of energy, carbon, and protons are
consumed and consequently pH increases [79], [95], [150] [152].
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Figure 4-6: Biomass concentration (lines, gDCW L-1) and pH (bars) from Chlamydomonas reinhardtii exposed to fermentation
and atmospheric CO2. An asterisk represents a significant difference to the control (P < 0.05, t-test).

4.3.2

Chlamydomonas sp.

Similar to Chlamydomonas reinhardtii strain, in the CO2-supplemented runs of the Chlamydomonas sp.,
occasional periods of low pH were recorded due to excessive CO2. The pH pattern during the experiment
was like that of the Chlamydomonas reinhardtii strain. Chlamydomonas sp. pH culture oscillated from 4.6
to 7.1. The growth rate was slow from day 3 to 8, which could be the period that the microalga was trying
to adapt to the acidic culture (Figure 4-7). However, it seems that due to Chlamydomonas sp. being obtained
from low pH environment, elevated CO2 concentration and subsequently low pH had less effect on its
biomass concentration at the end of the experiment in comparison with the Chlamydomonas reinhardtii
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strain. It is obvious that after day 8, which is the start of the second beer kit, pH started to decrease again
and reached 4.6 on day 11 of the experiment. It can be noted on Figure 4-7 that the pH in the control flask
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Figure 4-7: Biomass concentration (lines, gDCW L-1) and pH (bars) from Chlamydomonas sp. exposed to fermentation and
atmospheric CO2. An asterisk represents a significant difference to the control (P < 0.05, t-test).

4.3.3

Coccomyxa sp.

From Figure 4-8 it can be observed that the pH pattern over the experiment as a result of consumption of
dissolved CO2 by the Coccomyxa sp. was similar to the other strains tested. From the initial value of 7 it
decreased to reach a value of 5.3 after 3 days of cultivation under fermentation CO2, but then started to
increase until the second fermentation batch was attached and started to release CO2 when it dropped to
5.9. On the final day of the experiment, the CO2 enriched samples’ pH was about 7.4, compared to the
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control sample pH of 8.6. Coccomyxa sp. is not very sensitive to changes of pH and can be cultivated at
low pH, under which the chance of phototrophs and protozoa contamination is minimized, especially when
it is cultivated in open ponds [148]. In a study [138] of the effect of pH on Coccomyxa sp. (Coccomyxa
onubensis ACCV1) productivity, it was revealed that immediate adaptation in terms of cell density and dry
weight occurred during a shifted pH from 2.5 to higher pH values. The results showed that Coccomyxa
onubensis ACCV1 biomass productivity at alkaline, acidic and neutral pH, if the cultures were previously
adapted, differ only slightly. Therefore, it can be concluded that as the Coccomyxa sp. used was
bioprospected from an extreme environment, it already has the mechanisms to adapt in low pH without
inhibiting growth rate and productivity. Therefore, its capacity to fix higher CO2 concentrations is higher
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and it could be a good algal candidate for sequestration of high CO2 concentrations.

Figure 4-8: Biomass concentration (lines, gDCW L-1) and pH (bars) from Coccomyxa sp. exposed to fermentation and
atmospheric CO2. An asterisk represents a significant difference to the control (P < 0.05, t-test).

4.3.4

Comparison of the three strains’ growth pH

On the start day of the experiment pH of Chlamydomonas reinhardtii, Chlamydomonas sp. and Coccomyxa
sp. were 6.7, 6.6 and 7 respectively. However, by starting the first beer kit and being exposed to CO2, the
pH in all cultures reduced. This reduction was partially compensated by microalgal growth, which lead to
an increase of culture pH. By starting the second kit, this trend was repeated. Controlled cultures’ pH
increased continuously and reached 8.7 for Chlamydomonas reinhardtii, 8.4 for Chlamydomonas sp. and
8.6 for Coccomyxa sp. at the end of the experiment. As can be seen in Figure 4-9, the pH of Coccomyxa
sp. culture is higher thorough the experiment due to its higher growth rate, which leads to pH increment.
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Figure 4-9: pH Comparison of the three microalgal strains exposed to fermentation CO2
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4.4 Lipid production
As discussed in Section 1.9.1, several strains of green microalgae have received attention because of their
high biomass production rates, while also producing high concentrations of lipids [79], [94]. Due to its high
lipid content and the variety of lipid composition, green algae are a potential oil producer [104], [150]. The
availability of carbon sources has a positive impact on the quality and quantity of the microalgal lipid
accumulation. In this study, the lipid content of the dried biomass was extracted applying modified Folch.
method [142] and stated as percentage and lipid productivity (mglipid L-1).
4.4.1

Chlamydomonas reinhardtii

In this study, the lipid accumulation of Chlamydomonas reinhardtii under 0.04% (atmospheric CO2
concentration) and fermentation CO2 was investigated. As shown in Figure 4-10, lipid production was 18%
(23.2 mglipid L-1) of the dried biomass at the start date of experiment and reached over 35% (447 mglipid L1

) on day 16 for samples that were exposed to the fermentation CO2.

From being exposed to CO2 continuously for 16 days, lipid content of the dried biomass increased 19.2
times, while lipid content in the sample that was growing under atmospheric CO2 concentration did not
exceed 8.8 times in comparison with the start of the experiment. Actually, the lipid percentage of dry cell
weight (DCW) only increased to 19% (180.5 mglipid L-1) during 16 days of the experiment when
Chlamydomonas reinhardtii was growing under atmospheric CO2. There were no significant differences
among cultures enriched with CO2 in terms of lipid content of dry weight biomass. Similar observations of
an increase in lipid content with higher concentration of CO2 was reported in several resources [152] [69]
[150].
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Figure 4-10: Changes in lipid content in Chlamydomonas reinhardtii exposed to fermentation and atmospheric CO2. An
asterisk represents a significant difference to the control (P < 0.05, t-test).

4.4.2

Chlamydomonas sp.

As discussed before, the availability of other carbon sources has a positive impact on the quality and
quantity of the microalgal lipid accumulation [75]. As can be seen in Figure 4-11, without fermentation
CO2, the lipid content of dry cell weight of Chlamydomonas sp. increased from 27.2 mglipid L-1 (20%) to
270.7 g L−1 (24%) in 16 days. But with fermentation CO2, lipid content in Chlamydomonas sp., increased
from 27.3 mglipid L-1 (20%) to 592.8 mglipid L-1 (39%), which was the highest lipid production among the
examined microalgal strains in this study. So, fermentation CO2 aeration proved to be an effective factor
for the elevation of lipid accumulation in microalgae.
The decrease in lipid content on day 11 can be related to the algal growth phase, as on day 11 cultures that
were exposed to CO2 showed a sharp increase in biomass growth and they were still in the logarithmic
phase. According to a study done by Huerlimann et. al [153], lipid content for a given species depends on
growth phase and medium composition, lowest lipid yields are common for logarithmic phase and nutrient
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deprived cultures. While, lipid yields are higher at the end of logarithmic phase [153]. As per previous
studies [154], Chlamydomonas sp. has been investigated by many researchers to be a potential strain for
production of lipid, but there is not much work regarding the effect of different carbon sources on its lipid
production.
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Figure 4-11: Changes in lipid content in Chlamydomonas sp. exposed to fermentation and atmospheric CO2. An asterisk
represents a significant difference to the control (P < 0.05, t-test).

4.4.3

Coccomyxa sp.

The results showed that the total lipid content, described as percentage of dry mass of Coccomyxa sp.
ranged from 9% for the control to 26.3% for the samples exposed to fermentation off-gas (Figure 4-12),
which was slightly higher than other reported lipid contents of 20-25% for Coccomyxa sp. [155]. However,
under nitrogen depletion conditions, the unicellular alga Coccomyxa subellipsoidea strain can rapidly grow
and accumulate triacylglycerols in lipid bodies at levels higher than 60% (w/w) of its dry weight in minimal
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mineral media. This algal strain has been used as a model organism for biofuel production due to its rapid
growth rate and high-quality lipids. This microalga also lacks a rigid cell wall, which make lipid extraction
relatively straightforward [149].
The effect of environmental factors such as CO2 concentration on lipid metabolism is poorly understood
in Coccomyxa sp. [137]. In this study, dry weight biomass lipid content reached 19% after only 5 days of
cultivation, and 26.3 % at the end of cultivation under fermentation CO2. These outcomes are consistent
with those observed with another extremophile Coccomyxa sp. strain [155]. However, compared to cells
cultured with atmospheric CO2, lipid content of CO2-supplemented cells was 3.5 times higher,
demonstrating that CO2 supplementation was an effective trigger for lipid accumulation in Coccomyxa sp.
As can be seen in Figure 4-12, without fermentation CO2, the lipid content of dry cell weight of Coccomyxa
sp. increased from 14 mglipid L-1 (9%) to 158.6 g L−1 (13%) in 16 days. But with fermentation CO2, lipid
content in the Coccomyxa sp., increased from 13.6 mglipid L-1 (9%) to 563.1 mglipid L-1 (26.3%).
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Figure 4-12: Change in lipid content in Coccomyxa sp. exposed to fermentation and atmospheric CO2. An asterisk represents a
significant difference to the control (P < 0.05, t-test).

4.4.4

Comparison of the three strains’ lipid content

Figure 4-13 a comparison of dry weight biomass lipid content of the three microalgal strains that were
exposed to fermentation CO2 is given. It can be noted that all the strains’ lipid content followed a similar
trend and increased during the experiment except Chlamydomonas sp., which showed a decrease in its lipid
content on day 11. This decrease was probably a technical issue or possibly related to the algal growth
phase. However, two other strains’ lipid content showed a gradual increase without any reduction. It is
known that during microalgal growth, nitrogen concentration in the culture reduces [50]. It can be
concluded that longer time of nitrogen starvation obviously resulted in higher accumulation of lipid inside
the three microalgal cells. It is clear from Figure 4-13 that Chlamydomonas sp. is a better candidate for
lipid production in enriched CO2 environment as its dry weight biomass lipid content reached 39% at the
end of the experiment. This number for Chlamydomonas reinhardtii was 35% and for Coccomyxa sp. was
26.3%.
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Figure 4-13: Comparison of lipid content in the three microalgal strains exposed to fermentation CO2

Figure 4-14 compares the lipid productivity of three cultures with fermentation CO2. Chlamydomonas sp.
lipid productivity indicated a maximum amount of 592.8 (mglipid, DCW L-1). Although dry weight biomass
lipid content of Coccomyxa sp. was much lower than Chlamydomonas sp., its lipid productivity was 563.2
(mglipid, DCW L-1), which is close to Chlamydomonas sp. lipid productivity. This is due to Coccomyxa sp.
high growth rate under elevated CO2 concentration. It must be noted that Coccomyxa sp. was the strain that
showed the best combination of biomass productivity and lipid content. From Figure 4-14, lipid
productivity for all strains showed a similar trend and increased from the start to the end of the experiment.
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Figure 4-14: Comparison of lipid productivity in the three microalgal strains exposed to fermentation CO2.

4.5 Protein production
Nitrogen present in the microalgal culture is consumed, converted into amino acids and packaged as
proteins under normal conditions. So, adjusted concentrations and chemical forms of nitrogen within the
growing culture of microalgal has a positive influence on cell growth and protein content [122]. However,
due to microalgal unicellular nature, their protein composition is diverse and depends on the cultivation
conditions. Many studies have been carried out to evaluate the impact of environmental factors on
microalgal growth and biochemical profiles of proteins. Along with genetic traits, microalgal protein
content can be affected by various factors such as CO2 levels, temperature, light intensity and spectrum,
nutrient media composition and pH [86] [148]. Furthermore, the effect of each factor varies among different
species. In order to reach a favorable biochemical composition, it should be considered that each microalgal
species has an optimal pH range. It has been reported that many proteins, including enzymes, are affected
by the growth medium pH [109] [128]. pH variation may alter the active structure of enzymes or proteins
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and lead to changes of the ionic charges on the molecule. In this case, the metabolism is inhibited and
enzyme activities are usually reduced [109]. In this study, the protein content of the dried biomass was
extracted applying Lowry’s method, which is considered suitable for microalgal protein extraction [143]
and stated as percentage.
4.5.1

Chlamydomonas reinhardtii

The protein content of Chlamydomonas reinhardtii can be up to 46.9% of dry biomass [156]. Some studies
[157] reported that microalgal protein content was affected substantially by the percentage of CO2 supplied
to the culture. In this study, Chlamydomonas reinhardtii biomass protein percentage was 30.7% of dry
weight biomass for the cultures exposed to fermentation CO2 and 30.3% those that grew under atmospheric
CO2. This result can be related to the low pH caused by injected CO2, as Chlamydomonas reinhardtii is
sensitive to pH, its protein content in the biomass may not increase as expected with the decrease in pH in
comparison with neutral pH. Moreover, little change in protein content may be related to consumption of
nutrients specially nitrogen. Msanne et.al (2012) reported that the content of total and soluble proteins
decreases substantially in nutrient deprived cells.
As can be seen in Figure 4-15, protein content reached 31.5% for CO2 enriched samples by day 11 and
then started to decrease. This reduction may be a result of nitrogen depletion as the CO2 enriched samples’
growth rates were much higher than the control. It could also be due to the low pH of the culture. The
results in Figure 4-15 showed that the pH and the CO2 source did not affect the protein content of the dry
weight biomass noticeably, as protein content remained quite constant in all experiments (29.5% ±2.4%).
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Figure 4-15: Change in protein content in Chlamydomonas reinhardtii exposed to fermentation and atmospheric CO2. An
asterisk represents a significant difference to the control (P < 0.05, t-test).

From previous studies [137], it is known that in the absence of nitrogen, which is necessary for cell growth
and protein synthesis, excess carbon from photosynthesis can be channeled into storage molecules, such as
starch and lipids (especially triglycerides). Therefore, a decrease in protein concentration can result in
increasing of the carbon content in the cell, which is caused by forcing cells to alter from protein production
to carbon storage pathways [141].
4.5.2

Chlamydomonas sp.

The results in Figure 4-16 showed that protein content of the dry weight biomass of Chlamydomonas sp.
was 25% at the beginning of the experiment and reached 27.4% for samples that were exposed to the
fermentation CO2 and 28.8% for those that grew under atmospheric CO2. It can be concluded that the low
pH adversely affected the protein content of Chlamydomonas sp.

44

35

Protein Content (% g protein/ gDCW)

Chlamydomonas sp. with fermentation CO2 exposure, Protein Content

30

Chlamydomonas sp. with atmospheric CO2 exposure, Protein Content

25
20
15
10
5
0
1

3

5

8
11
Experiment time (day)

14

16

Figure 4-16: Changes in protein content in Chlamydomonas sp. exposed to fermentation and atmospheric CO2. An asterisk
represents a significant difference to the control (P < 0.05, t-test).

4.5.3

Coccomyxa sp.

As can be seen in Figure 4-17 protein content of dry biomass weight increased from 29 to 36.7% for control
batch and increased from 29% to 42.5% for CO2 enriched samples. It has been suggested in previous studies
[14] [128] [158] that higher growth rates lead to an increase in protein biosynthesis due cells needing
increased amounts of proteins for cellular division. On the contrary, if microalgae are cultivated in a
nitrogen-depleted culture, cell division reduces, and the cells start to have a lower protein content and
instead accumulate energy-rich compounds such as polysaccharides or lipids. It has been also reported that
higher protein contents are mostly achieved in nitrogen-rich media [137]. From Figure 4-17, it is obvious
that protein content of dry biomass weight was the highest percentage (44.4%) on day 11 of the experiment
and because of nitrogen depletion, it decreased to 43.1% on day 14 and 42.5% on day 16 of the experiment.
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Figure 4-17: Changes in protein content in Coccomyxa sp. exposed to fermentation and atmospheric CO2. An asterisk
represents a significant difference to the control (P < 0.05, t-test).

The total protein content of dry biomass weight generated by Coccomyxa sp. doubled when cultures fed
with fermentation CO2 (Figure 4-17). The protein content in the biomass of Coccomyxa sp. on the 16th day
of incubation was 909.3 mg L−1 at a fed CO2 of fermentation and 447.7 mg L−1 at atmospheric CO2,
respectively. These results are consistent with previous studies on other microalgal strains including
Scenedesmus sp. and B. braunii [158].
4.5.4

Comparison of the three strains’ protein content

The maximum protein content of 44.4% of DCW was attained in the exponential phase of Coccomyxa sp.
cells that were cultivated using fermentation CO2. The protein content of the two other strains was almost
the same and remained in the range of 27 to 30.7% for Chlamydomonas reinhardtii and 25 to 27.4% for
Chlamydomonas sp. of DCW. As can be seen in Figure 4-18. trend of the protein content was not similar
to each other for three types of microalgae. For instance, as the experiment progressed from day 1 to 11,
protein content of Chlamydomonas reinhardtii sp. increased from 27 to 31.54% of DCW. However, it
showed a reduction from day 11 to 16 of the experiment. While for Chlamydomonas sp., a reduction
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occurred from day 1 to day 3 (from 25 to 23%) of the experiment and after that the microalgal protein
content started to increase again till day 11 to 26.8% of DCW. After that another reduction to 27.4% of
DCW was observed at the end of the experiment.
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Figure 4-18: Comparison of the protein content in the three microalgal strains exposed to fermentation CO2. CO2 sequestration
rate

4.6 CO2 sequestration rate
CO2 sequestration rate was calculated by considering that microalgal dry biomass contains 50% of carbon
[141] and using Equation 3.3, CO2 bioremediation is the microalgal ability to use CO2 as the sole source
of carbon through the photosynthesis process, which results in the CO2 removal from the atmosphere. The
maximum CO2 bioremediation rate and maximum productivity are parameters that play a significant role
in assessment of the application of microalgal species in CO2 sequestration.
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As discussed in section 1.6, microalgae have the ability to pump and store adequate CO2 reducing the effect
of the competition between oxygen and CO2 on Calvin cycle by Rubisco. This ability will elevate internal
CO2 concentrations above equilibrium levels with air and the adverse effect of reduced photorespiration
process efficiency will be compensated [65]. According to previous studies [67], CO2 tolerance differs
greatly not only between species, but also within a single species as well, depending on microalgal strain
growth conditions.
4.6.1

Chlamydomonas reinhardtii

Figure 4-19 shows the CO2 sequestration rate of Chlamydomonas reinhardtii throughout the cultivation
period with atmospheric and fermentation CO2 exposure. For samples that were exposed to fermentation
CO2, the maximum sequestration rate occurred from day 1 to 3 at 314.7 mgCO2 L-1 day-1 (Figure 4-19).
Average CO2 uptake rates were 131.3 and 95.1 mgCO2L-1day-1 for enriched CO2 and the control samples
respectively, which is a 38% increase in CO2 fixation rate.
The results obtained in this study were in agreement with the investigation of Sharma et al.[4] and Ferreira
et al. [159], who investigated the fermentation CO2 influence on different algal strains. They similarly
reported that elevation of CO2 levels made available improved the specific growth rate and microalgal
photosynthetic activity, which results in higher CO2 sequestration potential. The higher CO2 sequestration
rates during days 1 to 3 were likely due to the high rate of capture early in the exponential phase prior to
the CO2 levels decreasing the pH. However, this pattern was reversed in the second fermentation batch
probably due to microalgal adaption to low pH.
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Figure 4-19: Changes in CO2 sequestration rate in Chlamydomonas reinhardtii exposed to fermentation and atmospheric CO2.

4.6.2

Chlamydomonas sp.

It can be observed from Figure 4-19 and Figure 4-20 that although Chlamydomonas reinhardtii and
Chlamydomonas sp. are from the same genus, their response to similar CO2 concentration differs in terms
of CO2 capture. Average CO2 sequestration rate was 158.5 and 131.3 mgCO2 L-1 day-1 for Chlamydomonas
sp. and Chlamydomonas reinhardtii, respectively, which was 20% higher for Chlamydomonas sp. This
higher CO2 sequestration rate as well as higher growth rate than Chlamydomonas reinhardtii likely
occurred as a result of better adaption to low pH caused by elevated CO2. Also, similar to Chlamydomonas
reinhardtii Sp. CO2 sequestration rate for samples that were exposed to fermentation CO2, the maximum
CO2 sequestration rate occurred from day 1 to 3 at 361.1 mgCO2 L-1 day-1 (Figure 4-20).
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Figure 4-20: Changes in CO2 sequestration rate in Chlamydomonas sp. exposed to fermentation and atmospheric CO2. An
asterisk represents a significant difference to the control (P < 0.05, t-test).

4.6.3

Coccomyxa sp.

As discussed in this thesis, many free-living algae possess a photosynthetic CO2 concentrating mechanism,
which enables microalgae to accumulate dissolved inorganic carbon within the cells. This let increasing
the CO2 concentration in the carboxylating enzyme Rubisco. The accumulation of dissolved inorganic
carbon is achieved by the active uptake of HCO3− and/or CO2 and the action of an external carbonic
anhydrase. In this way, intracellular CO2 concentration increases, which is in favor for the carboxylation
reaction and inhibits the Rubisco oxygenase activity and subsequently reduces photorespiration. However,
a limited number of eukaryotic microalgae such as Coccomyxa sp. do not have a CO2 concentrating
mechanism. These species take up CO2 directly from the air or grow at neutral or acidic pH. It is known
that Coccomyxa sp. grows well over a pH range of 3.0-9.0, which indicates that this species maintains a
constant internal pH and maintains photosynthesis over this range of pH [160].
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Although Coccomyxa sp. is a species that lacks a CO2 concentrating mechanism, its biosequestration rate
was higher than both tested Chlamydomonas strains.
Average CO2 bioremediation rates were approximately 227.6 and 122.1 mgCO2 L-1 day-1 for enriched CO2
and control samples, respectively (Figure 4-21). Also, it is obvious from Figure 4-21 that with elevating
the produced CO2 from fermentation to the microalgal cultures on day 1 to 3 and day 8 to 11, CO2
sequestration rate increases. This result suggests that Coccomyxa sp. is more suitable to be grown with
fermentation off-gases to mitigate the CO2 and producing value-added products as well.
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Figure 4-21: Changes in CO2 sequestration rate in Coccomyxa sp. exposed to fermentation and atmospheric CO2. An asterisk
represents a significant difference to the control (P < 0.05, t-test).

4.6.4

Comparison of the three strains’ CO2 sequestration rate

The rates of the sequestration of CO2 for three microalgal strains can be seen in Figure 4-22. The values of
maximum rate of CO2 removed varied from 314.7 mgCO2 L-1 day-1to 521.8 mgCO2 L-1 day-1 from
Chlamydomonas reinhardtii sp. to Coccomyxa sp. Thus, the results indicated that Coccomyxa sp. that has
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been isolated from a polishing pond at an operational smelter is a promising strain in taking up excess CO2
and converting it into biomass which can be further used for extraction of valuable bioproducts.
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Figure 4-22: Comparison of exposure sequestration rate from the three microalgal strains exposed to fermentation CO2
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Chapter Five: Conclusion and Future Directions
Capturing CO2 from ethanol beverage fermentation will be advantageous with strict CO2 emission
regulations. An integrated culture system between microalgal cultivation and yeast fermentation used in
this work demonstrated a potential environmentally beneficial process, not least as CO2 released during
fermentation is a relatively clean source of carbon for the microalgae. As shown in our work, CO2 of wort
fermentation supplied to microalgal cultivations can positively impact microalgal biomass productivity and
lipid and protein content of the biomass. This technology can help meet the worldwide need to reduce
greenhouse gas emissions by utilizing it to grow photosynthetic microorganisms, which convert CO2 into
highly valuable compounds, which has the potential to be used in food and pharmaceutical industry. In this
study, three strains were studied, two of which were Chlamydomonas sp. (one from culture collection and
one bioprospected) and one was Coccomyxa sp. (bioprospected).
Two different microalgal genera that were obtained from distinct extreme environments with low pH
exhibited similar positive responses to a CO2 enriched environment. These results suggest that microalgae
from extreme environments involving low pH could be potential targets for investigation involving CO2
capturing. According to a previous study [137], Coccomyxa sp. cells grow slower photoautotrophically
under ambient levels of CO2 and are smaller than Chlamydomonas sp. This may be related to the lack of a
carbon concentrating mechanism (CCM) in Coccomyxa sp. [137]. However, in the current study, we
observed a higher growth and CO2 fixation rate for Coccomyxa sp. than with the two Chlamydomonas sp.
strains, which may be correlated with a relatively more efficient Rubisco of this algae. According to Kristin
et. al. [160], the absence of CCM in Coccomyxa sp. is related to Rubisco being more efficient in comparison
with Chlamydomonas reinhardtii, which has a carbon concentrating mechanism. Coccomyxa sp. has no
pyrenoid in its cell structure and Rubisco is evenly distributed in its chloroplast, resulting in more efficient
Rubisco enzymes for the fixation of carbon derived from CO2 [160].
Microalgae are considered a renewable biofuel promising source. Yet, there is a long way for the production
of algal biofuels to become feasible, economically. Many studies [21], [56], [134] have emphasized the
necessity of low-cost culture systems, using sunlight as the main or sole source of energy for biomass
synthesis and production. Thus, in the current study, metabolite accumulation in Chlamydomonas sp. and
Coccomyxa sp. cells subject to pure CO2 from fermentation systems was examined under strictly
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photoautotrophic conditions, so that the information that is gained may be useful for understanding and
predicting the strains’ response in the similar condition.
Lipid synthesis occurred much rapidly and efficiently in Chlamydomonas reinhardtii rather than protein
accumulation, reaching a peak of 35 and 39 after 16 days of fermentation CO2 exposure for
Chlamydomonas reinhardtii and Chlamydomonas sp., respectively. However, in relative terms, the
percentage of synthesized lipid of dry biomass weight was much lower in Coccomyxa sp. (26.3%) than in
Chlamydomonas sp. cells. Chlamydomonas sp., the fastest growing species, had the highest overall lipid
content, followed by Chlamydomonas reinhardtii and Coccomyxa sp. It should be considered that the lipid
productivity obtained in the present study is not necessarily superior to those reported in the previous
studies using various microalgal strains. However, the inexpensive and simple method that was conducted
in this study, resulted in a significant increase of lipid content while maintaining the productivity at a high
value that can be easily applied to other microalgal strains at larger scales.
Excess CO2 also resulted in a significant increase in protein content dry biomass weight, in Coccomyxa sp.
Nonetheless, the observations suggest that lipid accumulation, triggered by excess CO2, followed similar
overall patterns in Chlamydomonas sp. and Coccomyxa sp. grown photoautotrophically.
Having all the above results, it can be concluded that the selection of suitable species of microalgae is the
basis for high-efficiency CO2 fixation. Bioprospected strains, especially those originated from acidic
environments, may fulfill this role. As although CO2 is a key component for the microalgal growth, by
increasing the concentration of CO2, the culture medium pH drops. A significant decrease in pH usually
has significant effects on the growth of microalgae. Therefore, by selecting strains that can tolerate low pH
from exposure to high concentrations of CO2, more favorable results may be achieved. Strains obtained
from acidic mine water bodies are shown to be potential candidates.

5.1 Future directions
Current studies on microalgal biomass production mostly reported experiments that have been performed
on the bench-scale under strictly controlled conditions. So, little is known about the reactor scale-up
feasibility.
In order to the system being feasible in commercial scale, it is of a great importance to consider the
photobioreactors, the required footprint, and the required investment. Further studies on methods that can
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help lower the cost of the selected microalgal production systems on a commercial scale is necessary. While
reducing costs, financial income from obtaining higher-value products as well as biofuel should not be
overlooked. Potential collaborative processes include production of useful biomass, wastewater treatment,
pharmaceutical industry, animal feed and biofertilizers. Microalgal sourced biofuels may play an important
role in the future, although they are not currently competitive with present fossil fuels.
Also, most investigations focus on closed bioreactors, while open ponds that are directly exposed to
sunlight should be considered for future research, because open systems provide a better possibility of more
widespread use of biological CO2 mitigation. Among these, combination of photobioreactors and
technologies that support the supply of adequate amounts of CO2 for the microalgal growth should be
investigated on a scale-up scale. For these systems, characterized bioprospected microalgal strains, which
can adapt to low pH and higher concentration of CO2, can be utilized.
Enhanced CO2 level is needed for efficient growth and metabolism of microalgae, and currently is a major
contributor to the microalgal cultivation overall cost. However, different sources of CO2 contain different
compounds and applying fermentation CO2 will greatly decrease the overall process cost, because it is quite
pure and does not need further treatment before injecting to the photobioreactors. So, CO2 fermentation
can be directly connected to photobioreactors and the produced biomass can be used in pharmaceutical and
food industry without any concern on contamination risk. Furthermore, nutrients could easily be extracted
from brewery wastewater, which is a clean source containing a rich amount of nitrogen and phosphorus.
Therefore, extraction of value-added products from the algae biomasses such as lipids, carbohydrates,
proteins, pigments and even cellulose should be studied further.
Moreover, more research is required to optimize the cultivation conditions of the combination of introduced
microalgae in this thesis and fermentation CO2. It could include investigation of the effect of nutrient
supply, light intensity, photobioreactor geometry and location, temperature and mixing. After selecting a
proper strain, it is necessary to optimize the culture conditions, such as temperature, light intensity, medium
composition, salinity to obtain maximum productivity. Furthermore, understanding the physiological
response of microalgae to stress in various environments plays a crucial role in optimizing the design of
microalgal culture systems. Genetic modification potential of the selected strains to improve the
characteristics of microalgae is another parameter that can be influential in the later stages. The use of
modern technologies such as genetic engineering to improve the characteristics of microalgae for an
efficient CO2 fixation in complex environments could be very useful.
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Overall, for maximizing the economic feasibility of CO2 fixation through microalgae, this process can be
combined with other synergistic processes including production of useful biomass, wastewater treatment
production of biofuels, animal feed and biofertilizers. Although they are not competitive with present fossil
fuels, steps should be taken to reduce microalgal biomass production cost.
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