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Abstract 

A recent clinical trial found that chemotherapy-induced tumor rRNA degradation 

(RNA disruption) was associated with both pathological complete response (complete tumor 

destruction) and extended disease-free survival (DFS) in breast cancer patients treated with 

neoadjuvant chemotherapy. The RNA Disruption Assay (RDA) is a useful tool to quantify the 

magnitude of RNA disruption occurring within cells or tumors, expressed as the RNA 

Disruption Index (RDI), and is currently the subject of an international clinical trial. The 

purpose of this study was to investigate the phenomenon of RNA disruption in response to 

both chemotherapy agents and cellular stressors in the ovarian carcinoma A2780 cell line and 

the breast adenocarcinoma MDA-MB-231 cell line. Also, we assessed the relationship 

between RNA disruption and both cell death and RNase L expression using multiple cell 

viability assays and CRISPR-Cas9-mediated RNase L knockout clones, respectively.  

RNA disruption was induced in response to multiple chemotherapy agents and several 

cellular stressors, including oxidative stress, ER stress, protein translation inhibition and 

starvation. However, the induction and magnitude of RNA disruption was found to be both 

dose- and stressor-specific, and dependent on the cell line studied. Mycoplasma 

contaminations of host cell lines were also found to potentiate a markedly different RNA 

disruption banding pattern in response to chemotherapy. RNA disruption was also found to be 

associated with cell death, as significant increases in RDI values were observed for 

chemotherapy doses that induce partial or complete cell death, as measured by cell counting, 

and both cellular recovery and flow cytometry DNA content analysis. Finally, knockout of 

RNase L expression in the A2780 cell line did not affect RNA disruption, demonstrating that 

RNase L in not involved in the RNA disruption mechanism(s). Overall, these findings support 

the novel role of RDA as a tool for quantifying tumor cell death in vitro and in vivo. 
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1.0 Introduction 

1.1 Cancer and chemotherapy 

1.1.1 Cancer statistics 

Cancer is defined as an abnormal growth of cells that can divide uncontrollably, invade 

nearby tissues and may also metastasize throughout the body. Cancer is not one disease, but 

rather represents a group of over 100 distinctive diseases. It is the leading cause of death 

among Canadians; nearly 1 in 2 (44%) Canadians will develop cancer in their lifetime, while 

approximately 1 in 4 (29.6%) Canadians will die of cancer1. In 2018, the average five-year 

survival rate for cancer patients in Canada was 63%1. 

There are many factors contributing to varying cancer incidence and death rates. For 

example, men are both more likely to be diagnosed with cancer in their lifetime and less likely 

to survive cancer1. While there are many potential factors that could explain this phenomenon, 

one of the most accepted factors is that breast cancer is the most common cancer among 

women (accounting for approximately 25% of new cancer cases), where survival rates are 

seen to be high for early stage disease. In terms of age, nearly 90% of cancer diagnoses among 

Canadians are individuals 50 years of age or older. However, there are still many devastating 

cases of cancer among the younger population, as cancer was the leading cause of disease-

related death among children under 15 years of age in 20161. The aging population, due in 

part to the baby-boomer generation entering old age and general increased survival from other 

diseases, is contributing to an increasing number of new cancer cases in Canada each year1. 

Cancer can involve any tissue in the human body and can manifest itself in many 

different forms in each tissue. The most commonly diagnosed cancer type among Canadians 

is lung cancer, followed by breast, colorectal and prostate cancer. Among the total number of 

cancer deaths, lung and bronchial cancer is the most prominent. In women, lung and bronchial 
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cancer is followed by breast, colorectal, pancreatic and ovarian cancer, while in men, it is 

followed by colorectal, prostate, pancreatic and bladder cancer. While there is an increasing 

number of cancer and cancer-related deaths due to the growing and aging population, mortality 

rates reflecting all cancer types have decreased collectively since 19881. This study will focus 

primarily on breast and ovarian cancer. 

In Canada, approximately 1 in 8 females are expected to be diagnosed with breast 

cancer in their lifetime while 1 in 33 females are expected to die from this disease. Breast 

cancer accounts for about 13% of cancer-related deaths among women. Nearly 40% of cases 

are diagnosed in women between the age of 30 and 59, indicating that this disease is not unique 

to the older generation of women. Breast cancer is also not unique to women, as 0.2% of cases 

are presented in men. Incidence rates have fluctuated since 1984 but have been in a small but 

statistically significant decline between 1991 and 2015 (-0.1% per year). Furthermore, overall 

five-year survival rates for women and men are 88% and 80%, respectively, which varies 

primarily based on the stage of the disease. Lower survival rates among men are likely due to 

the low frequency of breast cancer screening measures, leading to a diagnosis at a later stage 

of the disease. For both men and women, five-year survival rates for early stage disease (stage 

0 or 1) are near 100%, while these survival rates for stages 2, 3 and 4 drop to 93%, 72% and 

22%, respectively1. Early detection through mammography screening programs has allowed 

women to be diagnosed with breast cancer at earlier stages, where survival rates are higher. 

Interestingly, breast cancer is thought to be hereditary in about 5-10% of cases2. The 

most commonly inherited mutations associated with breast cancer are found within the tumor 

suppressor genes BRCA1 and BRCA22. The Knudson hypothesis, otherwise known as the two-

hit hypothesis, explains that a mutation in a tumor-suppressor gene at a single allele can be 

passed on to offspring, representing the first hit in the model. As the individual ages, he or she 
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may acquire a second mutation in the other allele of the gene, representing the second hit. This 

initiates the formation of a tumor as both alleles of the gene are now mutated3. More 

specifically, a mutation in one allele of the tumor suppressor genes BRCA1 or BRCA2 being 

transmitted to a child is often viewed as the first hit of the Knudson hypothesis, increasing the 

risk of breast cancer in subsequent generations. However, only 25% of families showing 

hereditary breast cancer patterns display BRCA1/2 mutations2. While some mutations would 

be expected to go undetected under the current screening methods, other genes must be 

associated with familial breast cancer, but at a much lower rate of incidence. Consistent with 

this view, there are many rare gene variants that have been described to confer an elevated risk 

of breast cancer, involving high-penetrance genes such as TP53, CDH1, PTEN, STK11, 

RAD51C and RAD51D, most of which are genes involved in DNA repair mechanisms to 

maintain genomic stability2. However, studies have failed to identify additional common 

breast cancer susceptibility genes like BRCA1/2. Since pathogenic mutations in BRCA1 and 

BRCA2 are only detected in 25% of families with a history of breast cancer, current genetic 

screening methods primarily assessing BRCA1/2 mutations could potentially be improved by 

adopting a multi-gene panel approach to assess the risk of breast cancer.  

Ovarian cancer is found to have much lower incidence rates in women than breast 

cancer. Only 1 in 78 women are expected to develop ovarian cancer in their lifetime4. Ovarian 

cancer is most common among older women, whereas only 11% of cases are found in women 

under the age of 45. Due to the often late stage presentation, five-year survival rates for ovarian 

cancer are much lower than for breast cancer, with an overall rate of 45%4. No widespread 

screening programs exist for ovarian cancer, which may explain why ovarian cancer is a more 

deadly disease that presents at a later stage of progression. Transvaginal ultrasounds (TVUS) 

and the CA-125 blood test are used to screen for ovarian cancer but only for women at high 
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risk for the disease5. The absence of symptoms early in disease progression also results in 

diagnosis at an advanced stage. Symptoms that may arise are often vague and associated with 

menstrual and other common symptoms, such as increased pelvic pressure or pain, increased 

urination frequency or changes in bowel habits6. Finally, the location of an ovarian tumor in 

the body does not allow for women to perform a self-examination as is recommended for 

breast cancer.  

As cancer is a common disease, it is not surprising that it presents a major economic 

burden in Canada. Approximately $7.5 billion was spent on cancer care and treatment in 2012, 

which is a major increase from the reported $2.9 billion spent in 20057. Increasing costs for 

hospital-based care, mainly from the increase in costs of chemotherapy and radiation therapy, 

are responsible for such a dramatic increase in cancer care over seven years. Therefore, a 

thorough understanding of both cancer initiation and development is of utmost importance as 

it helps to develop new, high-efficacy cancer treatments. Increasing the efficacy of cancer 

treatment will not only reduce cancer costs but will, more importantly, save lives. 

 

1.1.2 Cancer treatment 

The overall five-year survival rate for cancer has increased from 55% of patients in the 

early 1990s to 63% in 20181. For breast cancer, the age-standardized mortality rate (ASMR) 

in Canada, reflecting the number of cancer deaths per 100,000 people standardized to the age 

structure of the Canadian population, has fallen dramatically from 42.7 deaths (per 100,000 

people) in 1986 to a projected rate of 22.4 deaths in 20191. This recent success has been mainly 

attributed to increasing mammography screening for early detection of breast cancer as well 

as the use of more effective therapies following surgery. Current treatment options for cancer 
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can be separated into four major categories: surgery, radiation therapy, chemotherapy and 

immunotherapy. Endocrine therapy will also be highlighted in this work. 

1.1.2.1 Surgery 

Most breast cancers are first treated by surgical removal of the tumor. Many factors 

are taken into consideration, including the size and location/accessibility of the tumor, size of 

the breast, whether the tumor has metastasized and whether the individual has previously had 

breast cancer. While the primary goal of surgery is to remove the tumor, lymph nodes are also 

assessed for the presence of growths and potentially removed following assessment.  

There are different types of surgery available to remove tumors within the breast. 

Breast-conserving surgery, otherwise known as a lumpectomy, is a procedure chosen when 

the surgeon can safely remove the tumor but still leave enough tissue for the breast to look 

normal. A breast tissue biopsy is generally taken to assess positive or negative margins after 

tumor excision. A procedure called a mastectomy, where the entire breast is removed, is 

recommended when either a tumor cannot be easily removed, positive margins after 

lumpectomy are confirmed pathologically, or there are multiple tumors. While a mastectomy 

generally leaves behind lymph nodes, nerves and muscles in the chest, a modified radical 

mastectomy removes most lymph nodes in the armpit.  

For ovarian cancer, surgery is often used to diagnose and stage the disease. This 

procedure is often coupled with surgical debulking or tumor excision when a tumor is found. 

The affected ovary is commonly removed in a procedure called a cystectomy. A salpingo-

oophorectomy can also be used to remove the ovary and fallopian tube, while a total 

hysterectomy and bilateral salpingo-oophorectomy involves the removal of the uterus, both 

ovaries and both fallopian tubes. As ovarian cancer is often diagnosed in older women, the 

latter of these surgical procedures is common and preferred.  
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1.1.2.2 Radiation therapy 

Radiation therapy, or radiotherapy, is the use of high-energy rays or particles to destroy 

cancer cells. Nearly 50% of cancer patients receive radiation therapy during their course of 

treatment, either with the intent to cure or as a palliative treatment to alleviate tumor-related 

symptoms8. For breast cancer, it is commonly utilized in stages I-III as a local therapy or to 

relieve symptoms produced by metastatic disease9. Radiation therapy is often combined with 

surgery and/or chemotherapy10. It can be used prior to surgery (neoadjuvant radiotherapy) in 

order to shrink the tumor and improve surgical margins or after surgery (adjuvant 

radiotherapy) to reduce the risk of disease recurrence. The energy source delivers the radiation 

directly to the site of the tumor, generally limiting the side-effects to the site of radiation. For 

breast cancer, external beam radiation therapy (EBRT) targets the entire breast, sometimes 

including lymph nodes under the arm. Though less common than EBRT, internal radiation 

therapy can be used for breast cancer, where a source of radiation is implanted in the breast11. 

A solid source is generally used for the breast (called brachytherapy) in order to provide 

constant radiation to the nearby tumor. For ovarian cancer, radiation therapy is rarely used as 

it would involve too many organs or tissue in the nearby area, causing serious side effects. 

Exposing cancer cells to high energy radiation is based on the rationale that rapidly 

proliferating cancer cells are more sensitive than normal cells to radiotherapy8. The main 

mechanism of action of radiation therapy is the ability of ionizing radiation to induce double-

stranded DNA breaks, causing irreparable damage to DNA, resulting in cell death. This 

damage can occur directly on the genome, or indirectly through the production of free 

radicals8.  

 

 



 7 

1.1.2.3 Chemotherapy 

Chemotherapy involves the use of a wide class of antineoplastic drugs to reduce the 

size of tumors. Though many classes of these compounds exist, chemotherapy drugs target 

and kill rapidly proliferating cells. However, as it is normally systemically administered, other 

rapidly growing cells in the body, such as hair follicles, blood cells and cells lining the 

gastrointestinal tract, can be targeted by chemotherapy agents, resulting in numerous potential 

side effects12. Like radiation therapy, chemotherapy agents are often used to shrink large 

tumors prior to surgery, which is called neoadjuvant chemotherapy, while adjuvant 

chemotherapy is administered following surgery. Adjuvant chemotherapy is commonly used 

to destroy remaining cancer cells after surgery, in order to reduce the risk of disease 

recurrence12. Further detail on the different classes of chemotherapy agents and common 

chemotherapy regimens will be provided in section 1.1.3. 

1.1.2.4 Immunotherapy 

Recently, immunotherapy has been emerging as a promising new tool in cancer 

treatment. Immunotherapy in the context of cancer is generally defined as the use of 

substances to stimulate tumor destruction by the immune system. The ability of a tumor to 

avoid destruction by the immune system, otherwise known as immune evasion, has now been 

categorized as a hallmark of cancer13. Using various mechanisms, tumors have the ability to 

suppress the activity of specific immune system cells that would otherwise detect and kill 

cancer cells. Immunotherapy blocks one or more immune evasion mechanisms, promoting 

tumor destruction.  

There are various classes of immunotherapy treatments. Monoclonal antibodies can be 

used to target antigens that are either unique or overexpressed on tumor cells, promoting an 

immune response14. They can also be used to bind to cell surface growth receptors 
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overexpressed on cancer cells, blocking the reception of growth signals supporting 

uncontrollable growth14. For example, Herceptin (trastuzumab) is a monoclonal antibody 

specific to human epidermal growth factor receptor HER2 and is now commonly used to treat 

HER2+ breast cancer15. Used in an adjuvant setting, Herceptin has been shown to reduce 

disease recurrence in HER2+ breast cancer patients by 50%15.  

Monoclonal antibodies can also be used as immune checkpoint inhibitors, reversing 

immune evasion mechanisms so that the immune system can detect the tumor cell as foreign 

and proceed to eliminate the cell14. For example, PD-1 ligand PD-L1 expressed on tumor 

cells16 can bind to its receptor on immune effector cells (PD-1) and suppress activation of 

immune cells. A similar interaction occurs between CTLA-4 expressed on tumor cells and 

CD80/86 expressed on immune cells17. PD-1 antibodies pembrolizumab and nivolumab have 

demonstrated significant activity and durable responses with manageable toxicity profiles 

when treating advanced melanoma16. More importantly, survival rates have increased 

substantially compared to traditional treatments16, and have been shown to be further increased 

when combined with CTLA-4 immune checkpoint inhibitors18. Finally, CAR-T cell therapy 

has emerged as a promising immunotherapy treatment for patients with relapsed or refractory 

B cell lymphoma19. Recent data from the I-SPY 2 clinical trial indicate that novel 

immunotherapy treatments are likely to be effective in breast cancer, as shown by their strong 

ability to augment pathologic complete response rates induced by neoadjuvant chemotherapy 

in patients with several subtypes of breast cancer20. 

1.1.2.5 Endocrine therapy 

Endocrine therapy, also known as hormonal therapy, represents a form of treatment 

that adds, blocks or reduces production of hormones. In breast tissue, estrogen and 

progesterone hormones can fuel and promote tumor cell proliferation for some types of breast 
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cancer21. For breast cancer, the goal of hormonal therapy is either to stop estrogen or 

progesterone from binding to tumor cell receptors or reduce the production of these hormones, 

primarily in the ovaries. For example, taxomifen is a nonsteroidal triphenylethylene derivative 

that binds to the estrogen receptor, thereby blocking estrogen’s proliferative action, and is 

routinely used as an adjuvant treatment for estrogen receptor-positive (ER+) breast cancer22,23. 

Fulvestrant is an estrogen receptor antagonist also used to treat breast cancer24. 

Fulvestrant binds directly to ER monomers, preventing dimerization, thus rendering the 

receptor inactive, reducing receptor translocation and accelerating receptor degradation25. 

Another drug, letrozole, selectively inhibits aromatase enzymes which are responsible for the 

production of estrogen in post-menopausal women26. Aromatase inhibitors such as letrozole 

are only used in post-menopausal women, as they also block the production of estrogen in 

areas in the body other than the ovaries (fat tissue, adrenal glands, etc.)26. Finally, ovarian 

ablation and suppression are treatments that stop estrogen production in the ovaries27. Ovarian 

ablation is achieved most commonly through surgery (oophorectomy). Ovarian suppression 

uses drugs such as goserelin or leuprolide to lower or stop the production of estrogen in the 

ovaries, causing temporary menopause27.  

 

1.1.3 Chemotherapy administration and regimens 

Chemotherapy typically involves the use of cytotoxic drugs to destroy cancer cells. 

Many of these drugs target mechanisms related to cell replication, allowing to primarily target 

rapidly dividing cells. As previously mentioned, while it may be used alone, chemotherapy is 

often combined with surgery, radiation therapy or immunotherapy. It is generally administered 

systemically by being delivered intravenously or orally. Most chemotherapy regimens include 

multiple cycles of co-administered drugs, being delivered every two to four weeks. As these 
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drugs are administered systemically, and primarily target rapidly dividing cells, many 

challenges are presented to both the patient and the physician. For the patient, side effects can 

include, but are not limited to, nausea, vomiting, diarrhea, hand-foot syndrome, sensory 

neuropathy, mucositis, myalgia, motor neuropathy, fatigue and alopecia28. Interestingly, these 

side effects are listed in the order of worst to most acceptable as judged by 69 breast cancer 

patients surveyed28. However, these side effects do not guarantee a successful anti-tumoral 

response to the chemotherapy agent. As for the physician, there is an important need to 

monitor the patient’s health by assessing levels of red blood cells, white blood cells and 

platelets, as well as other potential major complications. Even though systemic therapy 

travelling through the bloodstream increases side effects, it does carry the benefit of having 

the ability to destroy cancer cells all over the body, including those that may have been 

released from the primary tumor site, or metastases that may have gone undetected29. Common 

chemotherapy agents used in the treatment of breast and ovarian cancer, with an emphasis on 

those used in this manuscript, will be described in this section. 

Paclitaxel and docetaxel are two chemotherapy agents in the taxane family. Paclitaxel 

was first isolated from the bark of the Pacific yew tree which contain endophytic fungi that 

synthesize the paclitaxel molecule. Paclitaxel was first approved for the treatment of ovarian 

cancer in 1992 and was later approved for breast cancer in 1994. Taxanes are considered to be 

cell-cycle specific, as they are found to bind microtubules, stabilizing their structure and 

preventing depolymerization of microtubules during mitosis30. As a result, cells are arrested 

in the G2/M phase of the cell cycle. While both paclitaxel and docetaxel are effective for the 

treatment of breast cancer, the results of head-to-head comparisons have not been conclusive. 

While some studies suggest a mild superiority of docetaxel, other studies suggest similar 

outcomes between these two taxanes31–33. Recently, nab-paclitaxel was developed as an 
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albumin-bound form of paclitaxel, which has been shown to increase response rates and 

decrease toxicities compared to paclitaxel34. 

Anthracyclines, sometimes called antitumor antibiotics, are another class of 

antineoplastic drugs commonly used to treat breast cancer. Doxorubicin and epirubicin are 

two of the most common anthracyclines and differ only by the axial versus equatorial position 

of one hydroxyl group on the polycyclic molecule. Doxorubicin was first isolated from 

cultures of Streptomyces peucetius35. Anthracyclines are found to have antimitotic and 

cytotoxic activity through a number of proposed mechanisms, including intercalation of DNA, 

initiation of DNA damage via the inhibition of topoisomerase II, interference of helicase 

activity and free radical formation leading to DNA damage36. For this reason, it is considered 

to be cell-cycle non-specific and this lack of specificity increases toxicity. The major limitation 

of the use of anthracyclines is cardiotoxicity37. While epirubicin has been reported to have 

equal antitumor activity, it is suggested to have significantly lower toxicity, particularly 

regarding cardiotoxicity38–40. 

Alkylating antineoplastic agents are often used in the treatment of breast and ovarian 

cancer. Cyclophosphamide is commonly used for breast cancer, while platinum-containing 

alkylating compounds are more commonly used for ovarian cancer, including cisplatin and 

carboplatin. Alkylating agents are found to act on cells in multiple ways, including the addition 

of alkyl (often methyl) groups onto DNA or proteins, as well as cross-linking DNA, preventing 

the separation or uncoiling of DNA during transcription or replication of DNA41. These 

compounds are normally considered to be cell-cycle non-specific. Cyclophosphamide must 

first be converted into its active form phosphoramide mustard, which occurs in the liver42. For 

platinating agents, carboplatin is found to have lower reactivity and slower DNA binding 

kinetics to cisplatin in an in vitro model43. However, patients treated with these two platinating 
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agents generally exhibit equivalent survival durations, while carboplatin reporting 

considerably less toxicities related to the nervous system, kidneys and ears44.  

Antimetabolites represent a wide class of compounds and are used to treat both breast 

and ovarian cancer. The most common agents of this class include 5-fluorouracil, methotrexate 

and gemcitabine. Antimetabolites generally act as false metabolites, subsequently interfering 

with DNA and RNA synthesis45. For example, 5-fluorouracil is a pyrimidine analog that 

blocks thymidylate synthesis from uracil during DNA synthesis but can also be falsely 

incorporated into RNA in place of uridine triphosphate, which later interferes with RNA 

processing and subsequent protein synthesis45. Methotrexate is a folate derivative that inhibits 

several enzymes that utilize folate for nucleotide synthesis46. Methotrexate, at lower doses, is 

also commonly used to treat rheumatoid arthritis and other chronic inflammatory diseases, 

where its anti-inflammatory effect is believed to be due to the release of adenosine, a potent 

inhibitor of inflammation47,48. Gemcitabine is a cytidine analog mainly interfering with DNA 

synthesis49. Consequently, these antimetabolites, through various pathways, are used for their 

antiproliferative effects on cells. As expected, antimetabolites are considered to be cell-cycle 

non-specific, and incorporation of these antimetabolites into non-cancerous cells can lead, like 

most other antineoplastic agents, to serious side effects. 

Plant alkaloids can represent a diverse class of chemotherapy agents. These agents can 

include vinca alkaloids such as vincristine and vinblastine, epipodophyllotoxins such as 

etoposide and others such as irinotecan. Taxanes can also be considered plant alkaloids. The 

plant alkaloids mentioned in this section are less commonly used to treat breast cancer but are 

sometimes used against previously treated advanced stage, metastatic breast cancer or as 

palliative therapy. Similarly, these agents are rarely the first course of treatment for ovarian 

cancer but can sometimes be utilized. It is worth noting that the subtype of a cancer is relevant 
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for the recommended course of treatment. For example, irinotecan is more commonly used to 

treat epithelial ovarian cancer50, while vincristine and vinblastine are more commonly used to 

treat germ cell ovarian tumors51. Etoposide has been used in both subtypes52,53. Moreover, 

stromal ovarian tumors are rarely treated with chemotherapy. Unlike the previous classes of 

antineoplastic agents, the class of plant alkaloids is a broader definition that is not specific to 

a common mechanism of action. Vinca alkaloids are known to bind to microtubule proteins 

and prevent polymerization, leading to mitotic arrest54. Irinotecan is best characterized for its 

ability to inhibit topoisomerase I and is most commonly used to treat colorectal cancer55. 

Etoposide acts by inhibiting topoisomerase II through DNA intercalation and ternary complex 

formation56,57.  

Recently, palbociclib has been approved for the treatment of breast cancer. Palbociclib 

is a cyclin-dependent kinase 4/6 (CDK4/6) inhibitor that is used to treat hormone receptor 

(HR)-positive, HER2-negative breast cancer and is usually combined with letrozole, an anti-

estrogen aromatase inhibitor58. CDK4/6 are important enzymes in the G1 to S phase cell-cycle 

checkpoint59. This form of endocrine-based therapy has shown promising increases in 

progression-free survival in postmenopausal women58. 

Most often, a combination of several chemotherapy drugs is delivered to the patient as 

research has shown the improved efficacy of combination chemotherapy60,61. The Early Breast 

Cancer Trialists’ Collaborative Group (EBCTCG) provides a comprehensive review 

comparing adjuvant single-agent chemotherapy and polychemotherapy for breast cancer and 

its impact on recurrence and survival, combining data from nearly 200 clinical trials61. These 

combinations are generally administered sequentially rather than simultaneously. For breast 

cancer, some of the most common chemotherapy regimens are AC (Adriamycin [doxorubicin] 

and Cytoxan [cyclophosphamide]), AT (Adriamycin and Taxotere [docetaxel]), CMF 
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(Cytoxan, methotrexate and 5-fluorouracil), FAC or CAF (5-fluorouracil, Adriamycin and 

Cytoxan), FEC (5-fluorouracil, Ellence [epirubicin] and Cytoxan), FEC-T (Taxotere or Taxol 

[paclitaxel] following traditional FEC) and TC (Taxotere and Cytoxan). For ovarian cancer, 

the most common chemotherapy regimen consists of a platinum-containing alkylator 

(cisplatin or carboplatin) and a taxane (paclitaxel or docetaxel).  

 

1.1.4 Chemotherapy success rates 

Chemotherapy treatment is sometimes used for palliative therapy of advanced stage, 

metastatic disease, with a goal to relieve a patient’s symptoms and potentially prolong their 

life. However, chemotherapy treatment with the intent to cure the disease (curative 

chemotherapy) or prolong the patient’s lifespan is more commonly practiced. Unfortunately, 

there are actually few patients that greatly benefit from chemotherapy treatment61,62. Many 

patients do not benefit from their chemotherapy regimen, while suffering from the major side 

effects associated with the use of antineoplastic agents.  

One of the more popular metrics to measure efficacy of chemotherapy treatment is 

pathological complete response (pCR), which is defined as the absence of detectable (both in 

situ and invasive) cancer, at the microscopic level, following neoadjuvant chemotherapy63. 

For breast cancer, pCR rates for neoadjuvant chemotherapy treating inflammatory and locally 

advanced breast cancer ranged from 8% to 34% in 28 clinical trials between 1988 and 200962. 

These data suggest that approximately four out of every five breast cancer patients receiving 

neoadjuvant chemotherapy have residual disease after treatment. In a recent pooled study of 

nearly 14,000 women undergoing neoadjuvant chemotherapy, Haque et al. (2019) reported an 

overall pCR rate of 19%64. Admittedly, while achieving a pCR is ideal, the primary goal of 

neoadjuvant chemotherapy is often to downstage the tumor prior to surgery. However, in this 
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study, 17% of women experienced no response while 20% of women experienced disease 

progression, highlighting poor effectiveness of current treatments for many women64. Finally, 

low chemotherapy efficacy is not unique to neoadjuvant treatment, as adjuvant chemotherapy 

has also been highlighted in this aspect61.  

In a study comparing ten-year disease-free survival (DFS) between CAF with 

tamoxifen (either administered concurrently, CAFT, or after CAF, CAF-T) to tamoxifen 

alone, DFS rates increased from 48% to 53% and 60% for CAFT and CAF-T, respectively65. 

The significant increase using CAF does justify the use of chemotherapy agents in this 

adjuvant therapy setting, but the increase is certainly low. These data show that few women 

benefitted from the addition of CAF to the common tamoxifen treatment. On the other hand, 

side effects such as neutropenia, stomatitis, thromboembolism, congestive heart failure and 

leukemia were more frequent with the use of CAF rather than tamoxifen alone65.  

Consequently, the act of combining chemotherapy with other treatments is fully 

justified. However, data does suggest that chemotherapy efficacy is low, and that there is a 

need for better chemotherapy agents that generate higher pCR rates, prolong survival or at 

least downstage the tumor prior to surgery, allowing to justify the potential onset of undesired 

side effects.  

 

1.1.5 Chemotherapy resistance 

While a specific chemotherapy agent may initiate a pathological complete response 

(pCR) in one patient, it may offer no clinical benefit to another patient. Solid tumors are by 

nature heterogeneous cell populations and can vary immensely from patient to patient. Though 

cancer is often considered one disease, every tumor is unique and may require a tailored 

approach to kill and eliminate the growth. Whereas breast tumors are different from ovarian 
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tumors, tumors from the same tissue are remarkably diverse. One of the major reasons a tumor 

may not respond to a specific antineoplastic agent, or may stop responding to an antineoplastic 

agent, is the presence of chemotherapy resistance mechanisms within a tumor. 

Many chemotherapy resistance mechanisms have been proposed or discovered, and 

they are collectively responsible for multidrug resistance (MDR)66,67. Most of these 

mechanisms were discovered through in vitro experiments with cultured tumor cells. Thus, 

their relevance to drug resistance in cancer patients with vascularized solid tumors remains 

suspect. In vitro experiments are of course limited to chemotherapy resistance mechanisms 

within tumor cells but cannot account for a variety of other factors that involve the tumor 

microenvironment including tumor vasculature and the presence of infiltrating immune cells. 

Even the best in vitro models and in vivo animal models cannot replicate the complex nature 

of tumors within its microenvironment in the human body. 

For most chemotherapy agents to act on a cell, it must first enter the cell. A decrease 

in drug influx and/or more commonly an increase in drug efflux has been shown to be a 

principal resistance mechanism for drug resistance in tumor cells in vitro67,68. P-glycoprotein 

(P-gp) as well as other drug transporters in the ATP-binding cassette (ABC) superfamily are 

commonly found to be overexpressed in chemoresistant tumors69. Chemotherapy drug 

sequestration into endosomes and lysosomes has also been described as a chemotherapy 

resistance mechanism70. Other chemotherapy resistance mechanisms include modifications to 

drug targets generating altered binding sites, an increase in drug metabolism, detoxification or 

degradation of drug, inhibition of tumor cell death mechanisms and enhanced activation of 

DNA repair mechanisms66–68.  

Multidrug resistance (MDR) can occur via innate or acquired resistance 

mechanisms67,68. While some tumors may have cells with these resistance mechanisms present 
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at the time of treatment, other tumors acquire resistance during treatment. Chemotherapy 

treatment is often considered to be a fitness program for a tumor; while many sensitive cells 

may initially die, there is a selective pressure for variants in the tumor cell population that can 

circumvent chemotherapy-induced cell damage or death. Since resistance mechanisms differ 

depending on the structure and mechanism of action of the chemotherapy drug67,71, this 

justifies the simultaneous or sequential administration of multiple chemotherapy agents to 

overcome MDR. However, it also further highlights the need for proper chemotherapy 

response tools that can quickly identify chemotherapy resistance, which would allow for a 

prompt change in the course of treatment. 

 

1.2 Chemotherapy response 

At the patient level, chemotherapy efficacy can vary greatly. Consequently, it is 

important to be able to measure chemotherapy response, allowing the identification of non-

responding patients. These nonresponders can then move forward to other treatment options. 

Chemotherapy response assays that can identify nonresponders early in treatment are more 

valuable as the patient can both move forward to potentially more beneficial treatments earlier 

but can also be spared of morbidities associated with chemotherapy treatment. In order to 

compare chemotherapy response tools between studies, response assessment criteria must be 

well defined globally.  

 

1.2.1 Indicators of chemotherapy response 

The Response Evaluation Criteria In Solid Tumors (RECIST) 1.0 was established in 

the mid-1990s to replace previous definitions of tumor response established by the World 

Health Organization (WHO), which was later updated to RECIST 1.1 in 200872. RECIST 1.1 
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has since been the most widely accepted response assessment criteria. A complete response 

(to therapy) includes the disappearance of all target lesions as well as the reduction in short 

axis of target lymph nodes to less than 10 mm73. A partial response includes a decrease in 

target lesion diameter sum greater than 30%. Progressive disease includes an increase in target 

lesion diameter sum greater than 20%, which must represent an absolute increase of at least 

5 mm. Progressive disease also includes the appearance of one or more new lesions. Finally, 

stable disease represents tumors that do not fall in any of the above criteria, which can be seen 

as neither sufficient increase or shrinkage to qualify for progressive disease or partial response, 

respectively73.  

The chemotherapy response assessment criteria within RECIST depend mainly on the 

physical size of tumors73. Imaging is therefore required to visualize these tumors, and to assess 

their size, but absolute measures obtained during surgery are clearly more accurate. For 

example, an x-ray scan of the breast (called a mammogram) is used to assess tumors in breast 

cancer patients74. For ovarian cancer, computed tomography (CT) scans are most often used 

to visualize tumors75. There have been many debates on the widespread application of the 

RECIST criteria for individual tumor types73,76. Among other reasons, small tumors are often 

difficult to see, impeding the use of the RECIST criteria. There are other response definitions 

commonly used, and these criteria are based on additional tumor characteristics. As previously 

discussed, pathological complete response (pCR) is an endpoint response measure that is 

determined at the pathological level from a tumor biopsy, where no residual disease is detected 

microscopically in sections of the biopsy63. PET Response Criteria In Solid Tumors 

(PERCIST) measures tumor presence via metabolic activity, represented by the uptake of 18-

fluoro-deoxyglucose (FDG), a glucose analog73. Recently, there is an increasing demand for 
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standard response criteria that are specific to a tumor type, as there is growing evidence that a 

single response criterion is inadequate for all solid tumors of different therapeutic classes72.  

Survival is one of the most important measures when assessing efficacy of cancer 

therapy, as extending survival is the primary goal of treatment. However, there are different 

survival definitions for clinical trials. Overall survival (OS) is the most basic definition, and 

this metric is calculated from time of randomization within the clinical trial until death77. 

Although it is the preferred endpoint in the field of cancer, long follow-up times are often (and 

hopefully) required, presenting a minor challenge to clinical trials. Also, while this metric is 

fully objective, subsequent cancer therapy can confound survival analysis. There is an 

increasing trend in the use of disease-free survival (DFS), also known as event-free survival 

(EFS) or relapse-free survival (RFS). In certain cases, these terms are used interchangeably 

while other cases specify minor differences within their definitions. These metrics are 

generally defined as the time from randomization until disease recurrence or death77. 

Progression-free survival (PFS), also known as time to progression (TTP), is defined as the 

time from randomization until objective tumor progression or death77. It is important to 

establish a precise and objective definition for tumor progression in the context of a clinical 

trial using PFS. 

 

1.2.2 Prognostic and predictive markers 

Following diagnosis, a prognosis is often provided which describes the likely course 

of a disease or ailment78. A prognosis reflects the prospect of recovery based on the usual 

course of disease for similar cases. For example, a 50-year-old woman diagnosed with stage I 

breast cancer (5-year survival rate of 100%)1 has a good prognosis. However, the stage of a 

cancer is only one of many factors that influence a patient’s prognosis. Other factors such as 
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tumor grade and subtype also affect patient prognosis. Prognostic markers generally reflect 

the survival of a patient, which can be expressed as any of the survival definitions described 

earlier77.  

In contrast, predictive markers are typically predictive of response to a specific 

treatment78. For example, human epidermal growth factor receptor 2 (HER2) overexpression 

(HER2+) is a positive predictive marker for response to Herceptin (trastuzumab) treatment in 

breast cancer, since HER2+ tumors respond substantially better to Herceptin than HER2- 

tumors79. Of course, this is not surprising as Herceptin is a monoclonal antibody that blocks 

HER2’s ability to stimulate breast tumor growth. Predictive markers may sometimes be used 

to predict response to cancer therapy in general (i.e. any form of therapy), but they are more 

commonly established against a specific treatment (i.e. the use of AT [Adriamycin and 

Taxotere] in breast cancer). Predictive markers are also sometimes used to predict disease 

recurrence80. It is important to note that a marker can be both prognostic and predictive78. 

Prognostic and predictive markers are important in the context of measuring chemotherapy 

response as they are promising targets for markers of response. For example, a decrease in the 

expression of a negative prognostic marker may in theory represent a positive response to 

treatment. 

1.2.2.1 Staging of breast cancer 

For breast cancer, patients are typically classified into one of five stages of disease. 

The most common staging system for breast cancer is the TNM system, where the letters stand 

for the size of the tumor (T), the number of cancer-containing lymph nodes (N), and the 

absence or presence of metastatic disease (M)81. For the general public, a score from each of 

these three factors are combined to establish a numerical stage of disease. For example, there 

are five stages (stage 0 to 4) for breast cancer. Clinically, these stages are divided within the 
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three categories of the TNM classification82. Tumor (T) describes the size of the tumor (0-4). 

For example, T2 means that the tumor is greater than 2cm but less than 5cm across. Node (N) 

describes whether the cancer has spread to lymph nodes (0-3). The value reflects the number 

of lymph nodes affected, whether the nodes are stuck to surrounding tissues and the tissues 

affected by the lymph nodes containing cancer cells. Metastasis (M) describes whether the 

cancer has spread throughout the body (0-1), where M1 means that the cancer has in fact 

metastasized82. For instance, a patient that is classified to have stage 2 breast cancer will have 

a more specific clinical staging, which could be T2N1M0. The stage of breast cancer is one of 

its most popular prognostic markers, as advanced stage breast cancer is associated with poor 

prognosis.  

1.2.2.2 Molecular subtypes of breast cancer 

The other popular classification of breast cancer is the molecular subtype. Subtype 

categories may vary based on the purpose of the study. These subtypes are based on the 

expression of receptors on the tumor cells, and therefore requires a tumor biopsy for 

confirmation. There are three major receptors used for subtype classification: the estrogen 

receptor (ER) and progesterone receptor (PR), which are often combined and referred to as 

hormone receptors (HR), and HER2, which is classified based on its overexpression, as low 

basal levels of HER2 are usually present on breast cells83,84. Also, the proliferation marker 

Ki67 is used for subtype classification of breast cancer84,85. Ki67 is a nuclear antigen expressed 

only in the growth and synthesis phases of the cell cycle86. It is found to be a marker of 

proliferation in almost all types of cancer, as its expression is associated strongly with cell 

proliferation. Its expression is generally measured as a percentage of cells with positive 

nuclear staining of Ki-6786. Collectively, these markers are used to depict four major subtypes 

of breast cancer: luminal A (HR+, HER2-, low Ki67), luminal B (HR+, HER2±, high Ki67), 
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HER2 (HR-, HER2+) and triple negative breast cancer (TNBC, also known as basal; HR-, 

HER2-)64. 

These molecular subtypes can be considered both prognostic and predictive markers. 

The prognosis is highest in the luminal A subtype, followed by luminal B, HER2 and TNBC 

(in that order)87. However, their utility as predictive markers do not necessarily relate to their 

utility as prognostic markers, since treatment options vary between different subtypes. For 

example, endocrine therapy is clearly more effective against HR+ breast tumors than HR- 

tumors, while HER2+ breast cancer is often treated with HER2-targeted therapies such as 

Herceptin. In a breast cancer study combining data from nearly 14,000 women treated with 

neoadjuvant chemotherapy, pCR rates were highest amongst HER2+ breast cancer (38.7%) 

while luminal A breast cancer had the lowest pCR rate (0.3%), showing that the molecular 

subtype is a powerful predictor of pCR64. There are many considerations to be taken when 

comparing these results. For example, approximately 70% of all breast cancer cases are 

luminal A, while this subtype only represented approximately 2% of the nearly 14,000 cases 

in this metastudy64. Since luminal A breast cancer actually has a good prognosis, it is generally 

not treated with neoadjuvant chemotherapy, which can in part explain this discrepancy. Also, 

luminal A tumors are less aggressive due to their low proliferation rate; as neoadjuvant 

chemotherapy targets rapidly proliferating cells, lower efficacy would be expected. A separate 

meta-analysis of more than 11,000 patients provides evidence of an independent association 

between molecular subtype and pCR83. pCR rates were found to be 39% for HER2+ breast 

cancer treated with a combination of chemotherapy and HER2-targeting therapy and 31% in 

TNBC treated with chemotherapy. Overall pCR rates were found to be 19% in this meta-

analysis report83.  
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There are many other prognostic and predictive factors for breast cancer. Age is an 

important prognostic marker; the prognosis generally worsens with advanced age64. 

Unfortunately, social factors can also affect a patient’s prognosis. For example, Haque et al. 

(2018) found that high income along with private/medicare insurance were factors associated 

with higher OS64. Another obvious prognostic marker is response to primary therapy: those 

who respond better to therapy will have a better prognosis64.  

At the cellular level, the detectable presence of circulating tumor cells (CTCs; found 

in peripheral blood) or disseminating tumor cells (DTCs; found in bone marrow or other 

organs), though uncommonly detected in breast cancer, have shown prognostic value84. At the 

molecular level, markers such as urokinase-type plasminogen activator (uPA) and its inhibitor 

type 1 (PAI-1), which are promoters of tumor invasion and metastasis, have been discovered 

as novel prognostic markers84.  

1.2.2.3 Online prediction tools and multigene tumor marker assays 

Recently, in an effort to consider multiple prognostic and predictive markers 

collectively in an objective manner, online prediction tools and multigene tumor marker assays 

have been developed. Of particular importance is their ability to act as predictive or prognostic 

tools at an individual patient level. Adjuvant! Online is an online prediction tool that is 

designed to help clinical decision making for patients with breast cancer88,89. It is an online, 

open-access prediction program that predicts 10-year breast cancer recurrence, mortality and 

expected benefits of adjuvant treatment options. Adjuvant! Online takes into account multiple 

factors including age, tumor grade, lymph node status and both ER and PR status. Through 

external performance assessment studies, Adjuvant! Online has been found to be effective for 

certain subgroups but not others88. For example, it was found to be overoptimistic in its 

prediction of positive outcome for Asian breast cancer patients90. It was also found to be 
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inaccurate in predicting overall survival and disease recurrence in older patients with early 

breast cancer91. 

It is believed that the analysis of genomic signatures will play an important role in 

treatment decision-making in the coming years, as innovative developments continue to 

increase accessibility to these technologies. Currently, there are two major multigene assays 

that are approved to assess prognosis, but their application is still limited. MammaPrint is 

approved to estimate a patient’s prognosis89. MammaPrint is a multigene assay that consists 

of a customized microarray that assesses the expression of 70 genes, including genes related 

to tumorigenesis, cell death, DNA replication and metabolism89,92. While its application has 

been established for early stage breast cancer in both younger and older women93, its use as a 

predictive tool to guide therapy has not yet been approved. 

Oncotype DX is a multigene diagnostic assay that assesses the expression of 21 genes 

using real-time reverse transcriptase PCR89. These 21 genes, which include 5 references genes, 

were selected from a pool of 250 candidate genes and were validated using data from 447 

patients from 3 independent clinical trials and were further validated in several other studies89. 

The cancer-related genes include genes relating to estrogen signalling (ER, PR, SCUBE2 and 

BCL-2), proliferation and anti-apoptosis (Ki67, serine/threonine kinase 15, survivin, cyclin-

B1 and Myb-related protein B), HER2 (HER2 and GRB-7), invasion (stromelysin-3 and 

cathepsin-L2) as well as macrophage marker CD68, apoptosis-related gene BAG1, and 

GSTM-1, a gene involved in detoxification89. The assay generates a recurrence score (RS) that 

estimates the 10-year risk of distant recurrence. Though its prognostic value has been 

validated, Oncotype DX represents the only multigene assay that can both estimate the risk of 

recurrence (prognostic value) and predict chemotherapy treatment benefit (predictive value). 

Studies have also been conducted in several countries showing the Oncotype DX assay to be 
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cost-effective in decision making processes89. However, its application is currently limited to 

early-stage ER+ breast cancer. Also, there is debate and contradictory findings in terms of 

whether Oncotype DX is a reliable biomarker for predicting response to chemotherapy and 

whether Oncotype DX provides significantly more prognostic information than 

histopathologic analysis (molecular subtype)94. For its alleged predictive value, it has been 

argued that Oncotype DX identifies patients that have a poor prognosis, for which 

chemotherapy should be considered, rather than identifying patients predicted to respond to 

therapy irrespective of prognosis94.  

1.2.2.4 Ovarian cancer 

Basic prognostic markers are often common to multiple cancer types. For instance, 

age, stage, response to therapy and extraovarian spread (both invasion and metastasis) are 

prognostic factors for ovarian cancer75,95,96. Additionally, an important prognostic and 

predictive marker for ovarian cancer is cancer antigen 125 (CA-125)95. Other prognostic 

markers for ovarian cancer include tumor type (epithelial, stromal, etc.), the presence of cancer 

cells in ascites or peritoneal washings during surgery and residual disease after surgery75,95,96. 

The number of chemotherapy cycles used in treatment has also been found to have prognostic 

value. Interestingly, administrating more than six cycles of chemotherapy is associated with 

worse prognosis for patients with advanced stage ovarian cancer96. Finally, emerging 

prognostic and predictive markers for ovarian cancer include human epididymis protein 4 

(HE4), vascular endothelial growth factor (VEGF), glucose transporter 1 (GLUT1), 

mesothelin, osteopontin, bukunin and soluble epidermal growth factor (EGF) receptor95,97. In 

summary, within the context of measuring chemotherapy response, a comprehensive 

understanding of prognostic and predictive markers in cancer is valuable as these markers 

could serve as potential markers of response as well. 
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1.2.3 Imaging 

The ability to measure a patient’s response to chemotherapy early during treatment is 

not as simple as one would hope. The concept of measuring chemotherapy response is most 

appropriate in the neoadjuvant setting as its goal is to shrink or cure the disease; adjuvant 

therapy is primarily focused on killing any remaining tumor cells following surgery to prevent 

disease recurrence. In breast cancer, the use of neoadjuvant chemotherapy is increasing and is 

no longer limited to locally advanced or inflammatory disease98. A large clinical trial 

conducted by the National Surgical Adjuvant Breast and Bowel Project (NSABP) found no 

significant difference in DFS or OS when comparing neoadjuvant and adjuvant chemotherapy 

in operable breast cancer99. Other advantages of neoadjuvant therapy include the ability to 

convert from inoperable to resectable tumors and from complete mastectomy to partial 

mastectomy or lumpectomy by reducing tumor size prior to surgery98. 

1.2.3.1 Breast cancer imaging 

Breast imaging using mammography or ultrasound is routinely used in detection, 

diagnosis, and staging of breast cancer81. To assess chemotherapy response, current practices 

include these breast imaging techniques as well as physical examinations98. Rapid assessment 

of chemotherapy response allows doctors to provide response-guided therapy, which may not 

only improve patient outcomes but decrease morbidities for nonresponding patients. A study 

conducted by von Minckwitz et al. (2013) examined the performance of assessing early 

chemotherapy response using palpation, ultrasound and mammography after two cycles of 

neoadjuvant chemotherapy to compare response-guided therapy to conventional therapy in 

over 2,000 breast cancer patients100. For response-guided therapy following two cycles of 

TAC, response was defined as a reduction of more than 50% of the product of the two largest 

perpendicular diameters of the primary tumor, and the chemotherapy regimen was changed 
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from TAC to NX (vinca alkaloid vinorelbine and capecitabine, a precursor to 5-fluorouracil) 

for non-responding patients100. Notably, DFS was found to be longer for early nonresponders 

whose course of treatment was changed. Overall, DFS and OS were significantly longer in the 

response-guided arm than in the conventional arm; however, these results were marginally 

significant100. Additionally, the benefit from response-guided therapy was found to depend on 

the tumor subtype as it was most effective in HR+ tumors. While this study helps support the 

use of response-guided therapy, it highlights a need for a better response assessment tool that 

can more accurately assess response early in treatment. Likely, a tool that relies on more than 

a reduction in tumor size is required. 

Early response markers are commonly evaluated against patient outcome and survival, 

but these markers are also often compared to traditional WHO and RECIST criteria that are 

assessed either later in treatment or at the time of surgery. A small study evaluated 

mammography results after 3 months of chemotherapy and compared these radiological 

response assessments to objective clinical response using WHO criteria at the time of surgery 

(following chemotherapy)74. This study found a disagreement in 21% of patients when 

comparing mammographic response to clinical response74. Radiological factors such as a 

continued presence of mammographic density or unchanging microcalcification in tumors are 

challenges that limit the use of mammography as an early response assessment tool74. 

On a positive note, ultrasound and mammography have been found to be more accurate 

than physical examination to assess chemotherapy response98. Physical examination is limited 

by the presence of firm fibroglandular tissue and post-therapy fibrosis, which can overestimate 

the amount of residual disease. Also, loss of tumor palpability does not exclude the possible 

presence of residual disease98. However, while conventional imaging techniques are 

reasonable at detecting tumor response, none of these can reliably predict pCR98. Also, these 
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techniques are currently limited to assessing response later in a patient’s chemotherapy 

treatment and cannot accurately predict chemotherapy response within the first few cycles of 

chemotherapy. 

Magnetic resonance imaging (MRI) is not routinely used in tumor response assessment 

in breast cancer patients, but it is considered an optional and recommended tool for this use 

by the American College of Radiology and the European Society of Breast Imaging98. MRI 

has been found to be the most sensitive and accurate basic imaging technique to assess 

response98. However, its accuracy has been found to be dependent on tumor subtype and 

chemotherapy regimen. Breast MRIs are also considerably more expensive than ultrasound 

and mammography98. In summary, the applicability of conventional imaging techniques for 

early response assessment appears to be poor.  

The accuracy of detecting response using standard imaging protocols can be improved 

using novel computational techniques. For example, the use of quantitative ultrasound (QUS) 

including textural analysis and molecular features has been examined as a response assessment 

tool101. The goal of this technique is to examine parameters that assess significant changes in 

cell death-related tumor micro-structure, which is superior to conventional imaging techniques 

which rely on morphology-based size changes of tumors101. In a preliminary study consisting 

of 96 patients, QUS values combined with textural and molecular feature analysis was able to 

predict chemotherapy response with accuracies of 78%, 86% and 85% at weeks 1, 4 and 8 of 

treatment, respectively101. Additionally, this technique is rather simple and low cost and does 

not require surgery nor the injection of an exogenous contrast agent for imaging101. However, 

larger patient cohort data is required to further validate this novel technique.  

 

 



 29 

1.2.3.2 Ovarian cancer imaging 

Current practices for assessing chemotherapy response in ovarian cancer include 

computed tomography (CT) scanning and measuring CA-125 levels75. However, the use of 

CT scans (with or without monitoring of tumor CA-125 levels) is also limited when assessing 

early tumor response. McNulty et al. (2019) compared radiological response by CT scan to 

clinical response by RECIST for the prediction of early chemotherapy response102. RECIST 

criteria were used at the time of surgery, generating a Chemotherapy Response Score (CRS), 

while CT scans were performed after two or three cycles of chemotherapy. While the study 

found a significant association between CRS and radiological response, radiological response 

was not associated with PFS and OS in both univariate and multivariate analysis, highlighting 

the inability of CT scans alone to detect early tumor response in ovarian cancer102. A review 

by King (2015) highlights the many challenges to assess clinical response in ovarian cancer, 

including the potential lack of applicability of RECIST criteria to ovarian cancer103.  

 

1.2.4 Functional and molecular imaging 

1.2.4.1 FDG-PET 

Innovation in biotechnology has dramatically improved the ability to conduct imaging 

with the use of contrast agents and new computational methods. Among these, the use of 

18-fluoro-deoxyglucose positron emission tomography (FDG-PET) has emerged as a 

promising tool for multiple clinical applications, including oncology for both breast and 

ovarian cancer104. Tumors are known to have significantly higher glucose uptake and 

glycolysis rates than normal tissue, a phenomenon known as the Warburg effect105,106. Rapid 

proliferation also increases the demand for glucose107. FDG is an analog of glucose, and its 

uptake is measured using PET104. It is currently used as a staging tool under the PERCIST 
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criteria73. FDG-PET has been extensively studied for its ability to detect recurrent or metastatic 

disease104. For example, in a study of 89 patients showing rising serum tumor markers but 

negative conventional imaging post therapy, tumor deposits were identified in 40 of the 89 

patients using FDG-PET108. This diagnosis led to a change in treatment strategy and ultimately 

improved patient outcomes108. 

Recently, research on the use of FDG-PET as a response monitoring tool has yielded 

promising results. The promise of FDG-PET as an early indicator of response lies in its ability 

to detect metabolic changes or abnormalities that precede measurable morphological 

changes104. Its ability to distinguish responders from nonresponders has been validated in 

clinical trials of lymphoma, non-small cell lung cancer and esophageal cancer, among 

others104. In a small study of 22 breast cancer patients, FDG-PET was able to identify 

responders after the first cycle of chemotherapy with a sensitivity, specificity and accuracy of 

100%, 85% and 88%, respectively109. It was also found to predict pCR109. Fowler et al. (2017) 

reviews larger studies and meta-analyses that have further supported the use of FDG-PET in 

the early detection of responders to neoadjuvant therapy98. For example, Coudert et al. (2014) 

reported an increase in pCR rates for response-guided therapy based on early FDG-PET results 

compared to conventional therapy110. In ovarian cancer, preliminary studies have also 

generated promising results. Avril et al. (2005) reports a significant correlation between 

metabolic response (measured using FDG-PET) and overall survival as early as one cycle of 

chemotherapy in a study limited to 33 patients111. Martoni et al. (2011) found that in 46 ovarian 

cancer patients, a decrease in FDG uptake was associated with pCR as early as 3 cycles of 

neoadjuvant chemotherapy112.  

Despite promising results, there are currently several disadvantages to FDG-PET as a 

response measurement. First, FDG-PET sensitivity is low for small lesions and non-invasive 
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carcinomas. Second, the avidity of some cancers for this tracer is variable, especially with 

tumors presenting a low metabolic rate. Third, the presence of interfering cytostatic treatments 

may decrease FDG uptake and may alter the interpretation of results. Finally, the cost and 

accessibility of PET infrastructure is a major limiting factor; not all hospitals or oncology units 

operate or have access to a PET scanner104. Ultimately, large FDG-PET response-guided 

clinical trials are still needed to validate the use of FDG-PET to guide neoadjuvant 

chemotherapy treatment and improve patient outcomes, not only at a population level, but on 

an individual patient basis as well.  

1.2.4.2 Other advanced imaging techniques 

While FDG-PET can be considered the most promising functional imaging technique 

in breast cancer response assessment, there are several other techniques being investigated that 

rely on more than changes in lesion size to measure tumor response. Dynamic contrast 

enhanced (DCE) MRI is a technique where images are acquired sequentially following the 

injection of gadolinium-based contrast agents113. These contrast agents increase signal 

intensity in tissues with increased microvessel density and permeability, which is commonly 

observed in malignant lesions. Signal enhancement is plotted over time and is fitted to various 

pharmacokinetic models, which allows for a highly quantitative aspect of this approach114. 

Since effective chemotherapy reduces tumor angiogenesis and microvascular permeability, 

DCE MRI has the potential to be an early response tool114. Among the quantified parameters, 

a decrease in Ktrans has been shown to be associated with treatment response and patient 

outcome in multiple pilot studies115–120. However, this technique is considered challenging to 

perform and poorly reproducible98, which may limit its use in widespread applications.  

Diffusion-weighted (DW) MRI is a quantitative imaging technique which measures 

the random Brownian motion of water molecules within tissues, generating an apparent 
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diffusion coefficient (ADC)121,122. Tumor cellularity correlates with restricted diffusion of 

water molecules; chemotherapy reduces the number of viable cells within a tumor, increasing 

the interstitial space and increasing water diffusivity, thus increasing ADC123–125. A larger 

increase in ADC has been reported in pathologic responders versus nonresponders, and this 

change was observed as early as one cycle of chemotherapy126,127. However, a recent larger 

clinical trial was conducted evaluating DW MRI for breast cancer therapy response; while 

changes in ADC were moderately predictive of response midtreatment (12 weeks), ADC failed 

to predict response after one cycle of chemotherapy128.  

Though MRIs are not commonly used to assess response in ovarian cancer, the use of 

functional DW MRI has been evaluated by a few research groups in small numbers of ovarian 

cancer patients. Kyriazi et al. (2011) reported a significant change in ADC after the first and 

third cycle of chemotherapy in responders while nonresponders observed no change in 

ADC129. Sala et al. (2012) observed similar changes in ADC in responders130. Larger studies 

need to be conducted to validate DW MRI for response assessment.  

Hydrogen 1 magnetic resonance (1H MR) spectroscopy is a technique that allows 

separation of proton signals arising from different molecules131. Among these molecules, the 

resonance peak generated from total choline-containing compounds (tCho) is elevated in 

malignant tissue compared to normal breast tissue132. Multiple pilot studies have associated 

an early decrease in tCho, as early as 24 hours following initial treatment, with chemotherapy 

response133,134. However, a recent larger clinical trial investigating the use of this technique 

highlighted a major challenge in data acquisition where less than 25% of enrolled patients 

presented analyzable data135. Furthermore, of those patients whose data could be analyzed, 

early decrease in tCho had poor predictive value for pCR and radiological response135. In a 

separate study related to choline metabolism, PET imaging using radiolabeled choline has 
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shown preliminary data supporting its use as an early response assessment tool136. However, 

this technique is limited to the use of 11C-choline, whose radioactive half-life is 20 minutes. 

This completely reduces the broad utility to predict response/outcome using this approach.  

Additional techniques to monitor treatment response have been evaluated in small pilot 

studies. Since amino acid transport is upregulated in various types of cancer, imaging of 

radiolabeled amino acids has been investigated. Early investigations used radiolabeled L-

methyl-11C-methionine, which has been shown to accumulate in breast cancer tissue137. 

Preliminary data showed that PET imaging could be used to assess response by measuring a 

decrease in L-methyl-11C-methionine uptake as soon as 10 days following the first cycle of 

chemotherapy138–140; however, the 20-minute half-life of 11C-based pharmaceuticals is a major 

limitation of this application. Recent work has investigated synthetic amino acid leucine anti-

1-amino-3-18F-fluorocyclobutane-1-carboxylic acid (FACBC) for its use in a similar 

application141,142. A pilot study of 24 women conducted by Ulaner et al. (2017) demonstrated 

that changes in FACBC uptake correlated with tumor response after completion of 

neoadjuvant chemotherapy143. Its use as an early response marker remains to be elucidated.  

Finally, similar to DW MRI, tumor perfusion can be evaluated using PET scanning 

with oxygen 15-labeled water (H2[15O])144. Dunnwald et al. (2008) reported that a failure to 

decrease tumor blood flow measured by H2[15O] PET was associated with higher disease 

recurrence and mortality145, while Humbert et al. (2016) reported similar results after one 

cycle of chemotherapy146. While these pilot studies appear promising, clinical feasibility of 

this method is limited by the extremely short half-life of two minutes for oxygen-1598. 
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1.2.5 Proliferation markers 

Tumors are known to have high cellular proliferation rates98. The most commonly 

studied radiopharmaceutical for imaging proliferation is 3-deoxy-3-18F-fluorothymidine 

(FLT). FLT enters the cell and is phosphorylated, preventing its incorporation into DNA and 

traps the contrast agent intracellularly98. Results from a phase II clinical trial showed that in 

51 breast cancer patients, FLT PET imaging after one cycle of chemotherapy weakly predicted 

pCR147. Authors from this study believe that the heterogeneity in both the patient population 

and chemotherapy regimens contributed to its marginal predictive performance147. Additional 

studies will therefore be needed to validate FLT PET. 

Currently, the most investigated proliferation marker in cancer research is nuclear 

protein Ki-67. Ki-67 is a nuclear antigen expressed in both the growth and synthesis phases of 

the cell cycle86. It is currently used for staging luminal breast cancers64. While increased Ki-67 

is considered to be a poor prognostic factor, it is also considered to be a positive predictor of 

response to chemotherapy86. Kim et al. (2014) reported that high Ki-67 expression pre-

treatment was the only predictor of positive clinical response and pCR in a pilot study for 

breast cancer patients receiving anthracycline-based neoadjuvant chemotherapy, suggesting 

25% of cells staining positive for nuclear Ki-67 as a cutoff for further validation in larger 

clinical trials86. Similarly, in ovarian cancer, Ki-67 has proven to be a prognostic marker and 

is occasionally used as a staging marker148,149. More importantly, the ability of low post-

treatment Ki-67 expression to serve as a response tool has been investigated in a study of 1,151 

breast cancer patients150. Admittedly, nearly 500 of the patients could not provide a Ki-67 

score as they achieved pCR, meaning no residual disease could be biopsied. 

Immunohistochemistry analysis found that high post-treatment Ki-67 showed higher risk of 

disease relapse and death while both low post-treatment Ki-67 patients and pCR patients 
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showed comparable outcomes150. In a separate study of over 400 breast cancer patients, a 

Ki-67 staining decrease following neoadjuvant chemotherapy was significantly correlated 

with better DFS and OS, particularly in the luminal B subtype151. The ability of Ki-67 to 

provide a measure of response during treatment is still unknown.  

 

1.2.6 Blood and serum markers 

The chemotherapy response assessment techniques that have been discussed so far 

have either required imaging or a biopsy. However, the analysis of blood or serum levels of 

cancer-specific markers presents an attractive approach as it is fast, less invasive and can easily 

be performed repeatedly. There are some published studies evaluating the ability to measure 

serum or blood markers using a simple blood draw to assess tumor response, but this aspect 

has not been evaluated in great detail for the detection of early response. Many of these 

markers are already used for diagnostic purposes. 

The most widely used serum tumor marker in breast cancer is cancer antigen (CA) 

15-3152. CA 15-3 is an FDA-approved antibody-based assay that detects shed forms of the 

oncoprotein MUC-1. This test provides both prognostic and predictive information, where 

high levels of CA 15-3 are indicative of a poor prognosis and predict poor pathological 

response (based on Chevallier’s classification)152. Also, CA 15-3 can be used to monitor 

recurrence, as over 70% of women with metastatic breast cancer present this tumor serum 

marker153. The CA 27.29 test is an alternative antibody-based assay that also detects MUC-1 

in the blood152,154. In the context of chemotherapy response assessment, Van Dalen et al. 

(1996) reported that changes in CA 15-3 levels correlated with response in a pilot study155. 

However, there are still many limitations to this application. In a separate larger study, only 

66% of patients demonstrating clinical response exhibited decreases in marker concentrations, 



 36 

while 73% of patients with stable disease exhibited no change and 80% of progressive disease 

exhibited an increase in CA 15-3156. These results are positive but highlight the lack of 

sensitivity and specificity of this assay. The specificity is also limited as CA 15-3 is found to 

be elevated in other cancers and is also found to be elevated in approximately 5% of apparently 

healthy individuals154. Ultimately, the prospect of CA 15-3 to monitor early chemotherapy 

response in breast cancer appears to be poor. 

There are other serum tumor markers that have been evaluated for treatment response 

in breast cancer, but there does not appear to be any current promising markers to measure 

early chemotherapy response. Carcinoembryonic antigen (CEA) is another strong prognostic 

marker for breast cancer157. However, Guadagni et al. (2001) reported results from a relatively 

large study discouraging the use of CEA for follow-up evaluation of breast cancer patients to 

detect recurrence158. For response assessment, Mughal et al. (1983) reported that 94% of 

patients exhibiting clinical response showed a decrease in CEA levels normalized to pre-

treatment levels159. In a separate study, 82% of patients demonstrating clinical response 

exhibited decreases in CEA levels, while 74% of patients with progressive disease exhibited 

an increase156. Additional larger datasets through clinical trials are needed to further validate 

CEA as a response marker, with emphasis on its potential use early in treatment. 

Serum HER2 has also been evaluated in this context. Serum HER2 levels have shown 

limited concordance with patient response in trastuzumab-based therapy for HER2+ breast 

cancer patients154. A separate pilot study has shown that serum HER2 concentrations 

decreased significantly as early as 8 days following the first cycle of trastuzumab-based 

therapy, while no significant changes were observed in patients with progressive disease160. 

Additional data from larger datasets is required to further validate this approach, but it is still 

unknown whether this approach is applicable to cytotoxic chemotherapy agents as well. Other 
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serum markers for breast cancer that have been investigated include tissue polypeptide antigen 

(TPA), tissue polypeptide specific antigen (TPS) and human epididymis protein 4 (HE4)154,161. 

Ultimately, only through multiple well-designed, standardized clinical trials will we be able 

to assess the true utility of serum-based markers for early predication of breast cancer 

treatment response and outcome. 

In ovarian cancer, CA-125 and CT scans are the standard for measuring response to 

chemotherapy. Several studies have shown that changes in CA-125 levels can be observed as 

early as the first cycle of chemotherapy in responding patients162–165. Gupta and Lis (2009) 

have reviewed many of these clinical studies166. CA-125 levels compliment CT scans nicely 

in the context of measuring response, as many cases of ovarian tumors are non-measurable by 

CT scans at presentation167. While CA-125 has proven successful in monitoring response in 

ovarian cancer patients, CA-125 has only been identified as a prognostic and predictive marker 

for breast cancer and has not been thoroughly investigated in the context of measuring 

chemotherapy response for breast cancer157. 

Besides gene products, circulating tumor cells (CTCs) can also be assessed in the 

blood. In the context of cancer, CTCs and disseminating tumor cells (DTCs) represent a novel 

field of investigation for many applications including diagnosis and response assessment168. 

While CTCs have shown promise in many cancer types, the value of CTCs in breast cancer 

has been limited to prognosis169,170. Admittedly, CTCs are quite rare in breast cancer patients, 

and they are thought to be most important for the detection of metastatic disease169. Not 

surprisingly, they are most frequently detected in stage 4 (metastatic) breast cancer171. Given 

the scarce nature of CTCs in breast cancer, their ability to serve as an early response 

assessment tool is likely poor. 
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1.2.7 Cell death markers 

Cancer is a disease that is characterized by in imbalance of proliferation and cell death, 

where cellular proliferation rates heavily outweigh death rates, leading to the formation of a 

tumor13. The most popular cell death mechanism is apoptosis, also known as programmed cell 

death172. While some scientists argue that cancer is a disease where little apoptosis is observed, 

others argue that rapidly proliferating tumors often show an increase in apoptosis, which 

would be due to the generation of many subclones of cells within the population that are not 

adequately adapted to the harsh tumor microenvironment conditions and therefore undergo 

apoptosis172. However, the fact that apoptotic pathways often show mutations or aberrations 

in cancer is rarely disputed. Many chemotherapy agents are known for their ability to induce 

apoptosis, which presents an opportunity for unique apoptotic biomarkers of response that has 

thus far been largely unexploited172. While apoptotic assays can be used to analyze a tumor 

biopsy sample directly, shedding cell death signals or products into the bloodstream could also 

be reflective of response to neoadjuvant chemotherapy172. The premise is that as normal cell 

death occurs, cell fragments are removed by macrophages and neighboring cells; during 

chemotherapy assault, increased cell death overloads or impairs this system, leading to the 

circulation of cell death products in the bloodstream172. 

Apoptosis is a mechanism of programmed cell death that generally involves the use of 

proteolytic enzymes called caspases173. There are two main pathways associated with 

apoptosis: the intrinsic and extrinsic pathways. The intrinsic pathway is normally activated by 

intracellular stress such as oxidative stress through reactive oxygen species (ROS), DNA 

damage and viral infections, and is mediated by the mitochondria through the release of 

cytochrome c. The extrinsic pathway is activated by an extracellular signal, most commonly 

through the extracellular interaction of ligand FasL and its cognate death receptor (on cells) 
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FasR. Another form of extrinsic apoptosis is initiated by signals from natural killer (NK) cells 

and cytotoxic T lymphocytes (CTLs) which release cytotoxic granules containing granzymes 

and perforin, which will later activate apoptosis. Both of these extrinsic apoptosis activation 

mechanisms often lead to the release of cytochrome c as well172,173. 

Apoptotic markers have already been shown to provide prognostic information in 

cancer172. For example, the mRNA transcript ratio of FasL to Fas was found to be related to 

tumor progression, DFS and death174,175. Also, high levels of cytochrome c appear to be a 

negative prognostic marker176. An interesting study by Kadam and Abhang (2015) found that 

tumor cells dying as a result of treatment can release circulating soluble FasL, granzyme B 

and cytochrome c following chemotherapy177. Unfortunately, this study did not attempt to 

relate these levels to clinical response in patients. Also, since chemotherapy is not specific to 

tumor cells, normal cells could also be dying and contributing to the release of apoptotic 

markers irrespective of tumor response, which is a major concern for the use of these markers 

in clinical response assessment172. A separate study found a correlation between increased 

levels of soluble FasL and improved chemotherapy response in breast cancer patients178. Other 

studies report on the transient increase of circulating FasL following chemotherapy treatment, 

which discourages the use of FasL as a marker of response as it introduces an added challenge 

of timing for response assessment179. Ultimately, there is a lack of high quality, largescale data 

investigating these markers in relation to chemotherapy response and survival. 

Other apoptosis-related markers have been investigated in relation to cancer, but most 

research is limited to the prognostic value of these markers. For example, increased apoptotic 

index measured by terminal deoxynucleotidyl transferase dUTP nick end labeling (TUNEL) 

staining or hematoxylin and eosin (H&E) staining has been surprisingly associated with poor 

prognostic features such as a decrease in DFS and OS, which is thought to be due to a tight 



 40 

link between increased proliferation and apoptosis180. Also, Jager et al. (2002) reviewed 

reports on the prognostic value of p53, BCL-2 and Bag-1 levels in tumors, and suggested that 

the performance of these biomarkers appear mixed and contradictory180. 

Tumor cell death can occur via other mechanisms besides apoptosis181. For example, 

there is increasing evidence that tumor cells can also die from autophagy and necrosis, or even 

a combination of different forms181. For example, natural killer cells have been shown to 

induce cancer cell death by both apoptosis and necrosis, and the ratio between the two cell 

death mechanisms was found to be controlled by Ca2+ levels and relative concentrations of 

perforin and granzyme B182. However, there are very few studies investigating the potential 

of monitoring these mechanisms to serve as chemotherapy response tools. Of note, Ueno et 

al. (2019) recently reported interesting findings comparing the activation of apoptosis and 

autophagy following chemotherapy and endocrine treatment183. This study demonstrated that 

tumor levels of the autophagy-related markers beclin 1 and LC3 were associated with clinical 

response to endocrine treatment (letrozole) while apoptosis-related markers TUNEL and M30 

were not. Interestingly, metronomic addition of chemotherapy (cyclophosphamide) to 

endocrine therapy (chemoendocrine therapy) resulted in a significant increase of both 

apoptotic- and autophagy-related markers in tumors183. Though this data was generated from 

a limited number of HR+ breast cancer patients (38 patients evaluated)183, it is likely that 

different types of therapy may kill tumor cells through different mechanisms, which must be 

taken into account when trying to use cell death markers for the assessment of chemotherapy 

response.  

While it is currently unknown whether cell death markers can be used to measure 

response, novel therapies are continuously being developed directly targeting cell death 

mechanisms, which presents the potential for monitoring these targeted mechanisms to assess 
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patient response181. Also, there is increasing evidence that tumor cells die from various 

mechanisms other than apoptosis, which may promote, for example, the use of autophagy-

related markers in chemotherapy response. However, monitoring cell death as a measure of 

chemotherapy response will continue to be challenging due to tumor cell death occurring 

through a variety of mechanisms simultaneously. 

In summary, there is an unmet need for a chemotherapy response tool that can 

accurately distinguish responders from nonresponders prior to or early in treatment. Current 

practices and investigational techniques such as basic, functional and molecular imaging, 

monitoring proliferation or cell death markers and measuring serum tumor markers have 

shown some promise; ultimately, some are inadequate for early response assessment and 

others require more robust data from clinical studies to prove their merit.  

 

1.3 Stress-induced rRNA degradation (RNA disruption) 

The degradation of ribosomal RNA (rRNA) is important during ribosome turnover to 

recycle ribonucleotides, but it has also been observed in response to cellular stress184–186. 

rRNA degradation has recently been investigated for its ability to serve as a marker of response 

to chemotherapy-induced cellular stress and cell death187,188. Prior to studying this stress-

induced phenomenon, it is important to understand the basic role, function, structure and 

regulation mechanisms of the ribosome. 

 

1.3.1 Ribosome structure, function, biogenesis and turnover 

The ribosome is a large macromolecular complex made up of both ribosomal proteins 

and rRNAs189. Ribosomes play the sole effector role of protein synthesis in the cell, occurring 

through a process called translation. The complex 3D structure consists of two major subunits, 
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where ribosomal proteins are bound to the exterior of folded rRNAs. In humans, the large 

(60S) subunit includes approximately 46 ribosomal proteins as well as the 28S, 5.8S and 5S 

rRNAs, which are 5,025 nucleotides (nt), 160 nt, 120 nt in length, respectively. The small 

(40S) subunit contains approximately 33 ribosomal proteins as well as the 18S rRNA, which 

is 1,900 nt in length189. Together, ribosomal proteins facilitate and maintain the proper folding 

of rRNAs and catalyze peptide bond formation190. 

It is estimated that roughly 75% of the total cellular energy budget is attributed to 

protein synthesis, which includes both ribosome synthesis and translation processes191. Due to 

the large consumption of cellular energy during translation, it is crucial for cells to tightly 

regulate ribosome synthesis, activity and degradation to maintain an excess of ATP available 

for other cellular roles, particularly for cells under stress. Since the average cell contains 

thousands of ribosomal complexes, the number of ribosomes is regulated through ribosome 

biogenesis and turnover to meet specific cellular needs. Ribosome biogenesis involves the 

transcription of rRNA and ribosomal protein genes and the assembly of numerous factors that 

make up each of its subunits192. Ribosome biogenesis is a complex process that recruits all 

three RNA polymerases and involves the use of over 200 transiently associated ribosome 

assembly factors. The process begins in the nucleolus, which is formed by the amalgamation 

of protein and RNA occurring around specific genetic loci of tandem repeats of rRNA genes 

(rDNA)192. RNA Polymerase I transcribes the 47S rRNA precursor molecule, which is later 

processed into the 28S, 18S and 5.8S rRNAs190. The cleavage and maturation of precursor 

rRNA is a complex process that is not completely understood, and involves numerous factors 

such as RNases, helicases, the exosome and small nucleolar RNAs (snoRNAs)193. Separately, 

the 5S rRNA is transcribed by RNA Polymerase III190. Consequently, 5S rRNA transcription 

is regulated separately from the other rRNA transcripts194,195. Overall, the rate of rRNA 
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synthesis varies during the cell cycle and is related to the number of available ribosomes in 

the cell194,196.  

Cellular ribosome number can be regulated through various mechanisms. First, the 

number of functional and available rRNA genes can be amplified through chromosome copy 

mechanisms that support additional rRNA transcription197–199. Second, ribosome assembly is 

regulated as the processes have been found to vary in response to cellular stress195,200. Finally, 

ribosome turnover is an important process to regulate ribosome number in the cell through the 

degradation of mature ribosomes201. These processes will vary based on progression through 

the cell cycle and changing environmental conditions201,202. For example, ribosome turnover 

rates are low in rapidly proliferating cells but increase in slow-growing or non-growing 

cells201. Ribosome turnover rates have also been found to be regulated in a tissue-dependent 

manner203. More specifically, ribophagy is a form of selective autophagy that specifically 

promotes ribosome turnover, where mature ribosomes are delivered to the vacuole or 

lysosome in response to cellular stress202. The process also involves the ubiquitin-proteasome 

system (UPS) to degrade ribosomal proteins202. 

Ribosomal RNA is an integral part of the ribosome complex, and its integrity is crucial 

for proper ribosome function. Cellular RNAs are monitored by many surveillance mechanisms 

to ensure the selective degradation of non-functional RNAs arising through damage or 

mutation. These pathways include the nonsense mediated decay (NMD), non-stop mRNA 

decay (NSD) and no-go mRNA decay (NGD) pathways204. For rRNA, the non-functional 

rRNA decay (NRD) pathway is important for the elimination of non-functional rRNAs and 

rRNA from ribosomes that are defective in translation202,205,206. The NRD pathway has been 

separated into two mechanistically distinct pathways named the 25S NRD and the 18S NRD, 

since the NRD pathway has been primarily studied in yeast207. While the 25S NRD mechanism 
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is not well established, the 18S NRD pathway is triggered by stalled ribosomes or mutations 

in the decoding site and involves the cytoplasmic RNA exosome, which includes exosome-

associated 3’→5’ exoribonuclease Rrp44 and 5’→3’ exoribonuclease Xrn1207–210. Separately, 

the degradation of rRNA during ribophagy has been investigated, highlighting the role of 

ribonucleases from the RNase T2 family such as RSN2 in rRNA turnover211,212. While 

regulation mechanisms recently discussed have been observed under normal conditions, these 

pathways are also relevant in response to cellular stress.  

 

1.3.2 The ribosome under stress and translation inhibition 

It is well established that cellular stress can alter gene expression at many levels 

including transcription, transcript maturation, transport and turnover as well as protein 

translation, activity and degradation213. Moreover, since ribosome biogenesis and protein 

synthesis require high levels of ATP, most cellular stress responses involve the suppression of 

these two processes to maintain sufficient energy levels required for return to homeostasis191. 

As previously discussed, ribophagy is an important regulator of ribosome and rRNA 

degradation and turnover in response to stress184,202.  

In response to stress conditions that induce DNA damage, dramatic changes in the 

organization and composition of the nucleolus have been observed214,215. Changes in nucleolar 

morphology, including nucleolar segregation and fragmentation have also been observed in 

response to transcriptional inhibition, viral infections and the use of RNA polymerase and 

kinase inhibitors214,216–218. More importantly, the high energy-consuming process of ribosome 

biogenesis is tightly regulated in response to stress192,219,220, which is thought to be an effective 

strategy that aids in the preservation of cellular energy homeostasis. The mammalian target of 

rapamycin (mTOR) and tumor suppressor p53 are thought to be two key regulators in this 
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process. In response to stress, mTOR is important in the regulation of ribosome synthesis by 

reducing pre-rRNA transcription and decreasing ribosome subunit production221. Separately, 

p53 is activated in response to stress, subsequently stimulating many pathways including the 

inhibition of RNA polymerase I transcription in the nucleolus, resulting in a decrease in 

ribosome subunit biogenesis222.  

Though translation can be suppressed before it commences by inhibiting ribosome 

biogenesis, mechanisms involving the inhibition of translation are also well established. The 

most common mechanism of translational suppression involves the phosphorylation of 

eukaryotic initiation factor 2α (eIF2α), a factor essential for the recruitment of initiator 

methionine transfer RNA (Met-tRNAi)223,224. The eIF2α phosphorylation event prevents its 

interaction with eIF2B, which is normally responsible for recycling eIF2α, a process essential 

for further translation initiation223. Four kinases have been observed to phosphorylate eIF2α 

in response to different cellular stressors: general control nonderepressible 2 (GCN2), heme-

regulated eIF2α kinase (HRI), protein kinase R (PKR) and PKR-like endoplasmic reticulum 

kinase (PERK), which responds predominantly to amino acid depletion, unbalanced 

heme:globin ratios, viral infections and endoplasmic reticulum (ER) stress, respectively224,225. 

Together, translational suppression through the phosphorylation of eIF2α is referred to as the 

integrated stress response (ISR). In the later stages of response, eIF2α dephosphorylation 

through phosphatase activity is essential for proper cellular recovery224. 

Another major translational suppression pathway targeting initiation of protein 

synthesis involves mTOR and the eIF4F complex. Cap-dependent translation accounts for the 

vast majority of cellular mRNA translation226. The eIF4E protein within the eIF4F complex 

binds to the 5’-methylguanosine cap on mRNA, preceding the recruitment of mRNA to the 

ribosome for translation. The eIF4E protein can be inhibited by eIF4E-binding protein 4EBP. 
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Normally, 4EBP is heavily phosphorylated by mTOR, preventing its interaction with eIF4E; 

DNA damage inducing cellular stress and nutrient starvation leads to the inactivation of 

mTOR complex 1 (mTORC1), leading to the activation of 4EBP, inhibiting recruitment of 

capped mRNA through the eIF4F complex and thus inhibiting translation226,227.  

Mechanisms of translational suppression are not limited to initiation events. The 

phosphorylation of eukaryotic elongation factor 2 (eEF2) has been observed in response to 

oxidative stress and nutrient deprivation226,228. This phosphorylation event leads to its inability 

to bind to the ribosome, causing temporary ribosomal slowdown or pausing at the elongation 

stage. Interestingly, the regulation of eEF2 kinase (eEF2K) activity also involves mTORC1. 

During recovery, eEF2K is targeted for ubiquitination and is degraded by the ubiquitin-

proteasome system (UPS), allowing for the resumption of elongation226.  

Additionally, proteomic studies have found that transient and reversible ubiquitination 

of hundreds of proteins occurs during a DNA damage response induced by the chemotherapy 

agent doxorubicin, including a high proportion of ribosomal protein targets229. Halim et al. 

(2018) also observed this phenomenon in response to ER stress and ionizing radiation-induced 

DNA damage. These ubiquitination events were found to be associated with a decrease in 

protein translation229. 

 

1.3.3 The ribosome in oncogenesis, cancer diagnosis and cancer therapy 

Similar to general cellular stress, there is increasing evidence supporting the role of the 

ribosome in oncogenesis, which has also allowed for its use in both diagnostic and therapeutic 

applications. Recently, the use of the term “onco-ribosome” is growing in popularity, 

highlighting the differences in sequence and function of the onco-ribosome that are necessary 

to support strongly enhanced translational capacity in rapidly proliferating cancer cells230. The 
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amplification of genes encoding translation initiation factors and aberrations of oncogenic 

factors that modulate ribosome function by increasing rates of ribosome production and 

translation initiation have been linked to a variety of human cancers. There is also increasing 

evidence for a wide spectrum of both congenital and somatic acquired ribosomal mutations 

that contribute to a cancer phenotype in cells230,231. Interestingly, cancer cells have also been 

found to use the start codon CUG rather than the conventional AUG initiation site for certain 

mRNA transcripts, which is thought to drive tumor initiation in certain cases232. Many studies 

have also highlighted the strong risk of cancer onset associated with several diseases such as 

chronic inflammatory diseases and pancreatitis that often present enhanced ribosome 

biogenesis231. In summary, defects in ribosome biogenesis and function as well as ribosomal 

protein and rRNA modifications are commonly observed in tumor cells, presenting unique 

diagnostic and therapeutic opportunities. 

For diagnostic purposes, pathologists have analyzed the nucleolus as a diagnostic 

parameter for tumors, dating back to the start of the nineteenth century233. More specifically, 

nucleolar morphology has been used by pathologists to predict clinical outcome of cancer, 

based on the evidence that the starting point of certain metabolic changes that characterize 

cancer cells occurs within the nucleolus234. Additionally, other studies have shown that 

nucleolar size can help distinguish a malignant from a benign tumor and is directly related to 

the degree of cancer malignancy234,235.  

The role of the ribosome in cancer therapy is becoming increasingly relevant. Cancer 

therapeutics can target the ribosome at many levels including ribosome biogenesis (including 

the synthesis of rRNA), ribosome assembly, protein translation and the degradation of 

ribosomal subunits231,236–239. Though there are several research groups developing novel 

therapeutics targeting the ribosome, recent observations were made showing that a variety of 
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structurally and mechanistically distinct chemotherapy agents already in clinical use suppress 

ribosome synthesis and translation240.  

Ribosome biogenesis occurring within the nucleolus is often directly or indirectly 

targeted by current cancer therapeutics, but it is also considered an integral part of 

oncogenesis230. Interestingly, the guardian of the genome p53 is involved, among many other 

cellular pathways, with ribosome biogenesis, both in the context of oncogenesis and drug 

response231,241. For example, in normal cells, altered rRNA processing or mutations in 

ribosomal proteins both lead to reduced ribosome biogenesis231. Regular degradation of p53 

by HDM2 under normal conditions maintains low activity of p53. However, in response to 

altered ribosome biogenesis, inactivation of HDM2 leads to the stabilization of p53 to mount 

a tumor suppressor response. Loss-of-function mutations in p53 can then lead to 

oncogenesis231. Similarly, in the context of chemotherapy treatment, recent evidence indicates 

that the efficacy of many chemotherapy agents, including alkylating and intercalating agents, 

antimetabolites, topoisomerase and kinase inhibitors is mainly due to p53 stabilization 

following the inhibition of ribosome biogenesis241. However, since the p53 gene TP53 is 

mutated in approximately 50% of human cancers242, the efficacy of these antineoplastic agents 

can be hindered. 

Certain processes in the complex ribosome biogenesis pathway are more specifically 

affected by chemotherapy agents. Burger et al. (2010) highlighted the ability of several 

chemotherapy agents to inhibit rRNA synthesis at the level of transcription of rRNA (e.g. 

doxorubicin and methotrexate) and both early (e.g. camptothecin) and late (e.g. 5-fluorouracil) 

rRNA processing, which was found to precede a loss in nucleolar integrity240. Interestingly, 

chemotherapy agents in the same drug class do not affect the ribosome in the same way. For 

example, the platinating agent oxaliplatin is found to kill cells by inducing ribosome 
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biogenesis stress, while platinating agents cisplatin and carboplatin kill cells through DNA 

damage, which may explain the distinct clinical use of oxaliplatin relative to cisplatin and 

carboplatin243. Additionally, research groups are developing novel therapeutics targeting these 

ribosome biogenesis-related mechanisms such as the inhibition of RNA polymerase I activity 

with diazaborine and small molecule inhibitors BMH-21 and CX-5461236,237,241,244. 

Diazaborine is a highly specific inhibitor of ribosome biogenesis by targeting Drg1 and has 

shown promise in an in vitro setting244, while BMH-21 and CX-5461 are currently being 

investigated in clinical trials236,237,241,245. 

Finally, though decreased ribosome biogenesis will certainly decrease translation rates 

in tumor cells, there are specific chemotherapy agents that directly target translation. Most 

mTOR inhibitors are known to suppress translational capacity in tumor cells, many of which 

are currently in use clinically246. Additional therapeutic strategies have been developed to 

target major translational suppression mechanisms such as the phosphorylation of eIF2α 

through pharmacological activation of eIF2α kinases or the induction of stress pathways that 

lead to its phosphorylation247,248. There have also been several attempts targeting the eIF4F 

complex, which has been reviewed extensively by Malina et al. (2012)249. While the majority 

of translation-targeting therapies have specifically targeted translation initiation, few studies 

have also found novel compounds that target elongation. For example, omacetaxine is an 

inhibitor of initial peptide bond formation during elongation, and its use is currently approved 

against refractory and resistant chronic myeloid leukemia238,250.  

Ultimately, the major drawback of targeting ribosome biogenesis and protein 

translation in cancer therapy is the lack of specificity for these treatments for tumor cells. Most 

of these therapies do not exclusively target tumor cells and often display early failure in 
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clinical studies due to serious adverse effects246. Additional research is needed to improve the 

specificity of current ribosome-targeting therapeutics to lower side effects.  

 

1.3.4 Evidence of stress-induced rRNA degradation in eukaryotes 

The role of the ribosome in carcinogenesis and the effects of cancer therapeutics on 

protein translation have been studied, but recent observations suggest that the degradation of 

rRNA could be a potential biomarker of chemotherapy response188. The fate of DNA during 

cell death mechanisms is well established. During apoptosis, the activation of endogenous 

endonucleases leads to the fragmentation of DNA, generating internucleosomal fragments of 

roughly 180-200 base pairs and multiples thereof251,252. However, necrosis leads to rapid non-

specific cleavage of DNA253. Though DNA cleavage during necrosis is considered non-

specific, Didenko et al. (2003) demonstrated that double-strand cuts with 5’ overhangs were 

abundant in necrotic DNA while no 3’ overhangs were detected, suggesting the existence of a 

specific orderly mechanism of DNA cleavage during necrosis253. However, little is known 

about the fate of RNA during cell death. Interestingly, the remains of DNA and RNA are 

actually sequestered and packaged into granules and later into apoptotic bodies in a separate 

fashion during apoptosis254. Halicka et al. (2000) demonstrated that over 90% of apoptotic 

bodies containing RNA did not contain DNA and vice versa254. These findings suggest that 

the fate of RNA is likely different to DNA during cell death. While recent studies have shown 

that global mRNA decay occurs rapidly during apoptosis255, and specific snRNAs and Y-

RNAs are also cleaved during apoptosis256, few studies have investigated the fate of rRNA 

during cell death. 

Stress-induced rRNA degradation was first reported by Houge et al. (1993) in myeloid 

leukemia cells and was later supported by Houge et al. (1995) using a greater variety of in 
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vitro models including rat thymocytes, rat and human leukemia cells and bovine endothelial 

cells185. While the fragmentation of DNA is a well-known hallmark of apoptosis, Houge et al. 

(1995) reported rRNA cleavage coincided with internucleosomal DNA fragmentation in 

response to several agents that induce apoptosis, including prednisolone, okadaic acid, tumor 

necrosis factor (TNF), calyculin A and cycloheximide. The rRNA cleavage appeared to be 

limited to the 28S rRNA, sparing the 18S rRNA, and was observed in both polysome-

associated and monosome-associated rRNA. Mapping of cleavage sites revealed three major 

distinct cut sites, one of which is normally buried in the intact ribosome, suggesting the 

potential requirement of ribosome disassembly to precede rRNA cleavage. Houge et al. (1995) 

suggested that rRNA degradation should be considered a novel hallmark of apoptosis185. 

However, Samali et al. (1997) later demonstrated that rRNA cleavage was independent from 

DNA fragmentation during apoptosis257. In HL-60 cells, massive DNA fragmentation was 

reported without any signs of rRNA cleavage; in contrast, rRNA cleavage was reported 

without internucleosomal DNA fragmentation in Molt-4 cells. Samali et al. (1997) also 

reported cases where both DNA fragmentation and rRNA cleavages occurred following 

exposure to apoptosis-inducing agents, as well as cases where neither were observed during 

apoptosis257. These early studies demonstrated that rRNA degradation was considered a cell-

type specific phenomenon that can be observed during apoptosis, but that apoptosis can occur 

without rRNA cleavage185,257. 

Evidence of stress-induced rRNA degradation has since expanded, which could be due 

to increased screening of rRNA integrity during stress responses. Specific cleavage of rRNA 

in oat has been reported in response to victorin, an agent known to induce apoptosis258. 

Interestingly, rRNA degradation products were observed in cytosolic, mitochondrial and 

chloroplast rRNA species, and the degradation pattern seemed to depend on the type of cell 
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death (necrosis or apoptosis)258. Separately, King et al. (2000) reported rRNA degradation 

during apoptosis, but also reported rRNA cleavage in the absence of caspase- and BCL-2-

dependent apoptosis259. Additionally, ribosome-inactivating proteins (RIPs) and 

sesquiterpenoid trichothecene mycotoxins have been reported to induce rRNA degradation 

during the ribotoxic stress response, which occurred in parallel with both extrinsic and intrinsic 

apoptosis260. Finally, Mroczek et al. (2008) reported rRNA degradation induced by various 

cellular stressors in a yeast model186, while Pandey et al. (2004) reported rRNA cleavage in 

response to multiple chemotherapy agents and cellular stressors in the human cervical 

carcinoma (HeLa) cell line261. In summary, a variety of stressors have been found to induce 

rRNA degradation in a variety of models. 

Viral infections have also been reported to induce rRNA degradation through the 

activation of RNase L262. This phenomenon in the context of viral infections was first observed 

by Diaz-Guerra et al. (1997), which was found to precede an inhibition of protein synthesis262. 

More importantly, the same research group later reported that RNase L-dependent rRNA 

degradation during viral infection occurred before apoptosis, as revealed by the temporal 

assessment of experimental markers of apoptosis such as PARP cleavage or the appearance of 

a sub-G1 peak in DNA content analysis263. Also, a caspase inhibitor was found to have no 

effect on virally induced RNase L-dependent rRNA degradation, further validating the 

independence of rRNA degradation from apoptosis in this model. The authors suggested that 

rRNA degradation could be a mechanism of translational repression for both self and viral 

proteins, which could then lead to the promotion or induction of apoptosis. As rRNA 

degradation was observed prior to apoptosis, the authors suggested a phenomenon where cells 

can tolerate a certain level of rRNA degradation until such point where the damage is 

irreversible, and apoptosis is activated263. 
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1.3.5 In vivo RNA disruption 

The CAN-NCIC-MA.22 phase I/II clinical trial recently demonstrated an association 

between low tumor RNA integrity and chemotherapy response in breast cancer patients187,188. 

The study found that low mid-treatment RNA integrity, expressed as the RNA Integrity 

Number (RIN), was associated with pathologic complete response (pCR) after neoadjuvant 

chemotherapy. The generation of high molecular weight rRNA degradation products in 

response to chemotherapy agents was subsequently termed by Parissenti and colleagues as 

“RNA disruption”187. Interestingly, these high molecular weight degradation products are 

distinct from low molecular weight degradation products associated with autolytic degradation 

of rRNA188.  

To better quantify RNA disruption in tumor cells, the RNA Disruption Assay (RDA) 

was developed188. The RDA provides an RNA Disruption Index (RDI), which is defined as 

the ratio of disrupted (abnormal) rRNA bands to normal rRNA bands in RNA samples. A low 

RDI value is representative of high RNA integrity while a high RDI value translates to high 

RNA disruption and low RNA integrity. The RDI algorithm is distinct from that used to 

calculate RIN values. The CAN-NCIC-MA.22 clinical trial demonstrated that mid-treatment 

RDA assessment can stratify pCR responders from non-pCR responders after three to four 

cycles of chemotherapy treatment in breast cancer patients. Additionally, high tumor RNA 

disruption was associated with increased disease-free survival (DFS), demonstrating that the 

RDA can predict survival benefit188. The ability to identify chemotherapy responders and non-

responders early in treatment using RDA would help reassure patients responding to 

chemotherapy but also help identify non-responders that should consider alternate therapy 

options such as other chemotherapy drug regimens, radiation therapy or surgery. More 

importantly, non-responding patients could be spared the toxic side effects of chemotherapy 
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treatment. The BREVITY clinical trial is currently underway to evaluate the ability of RDA 

to reliably predict chemosensitivity and survival after one or two cycles of chemotherapy, 

which would be of even greater clinical value. 

 

1.3.6 In vitro RNA disruption 

In order to further study the phenomenon of RNA disruption, Narendrula et al. (2016) 

developed an in vitro model of cancer cell lines to investigate the underlying mechanism(s) of 

RNA disruption. The clinical application of RDA does not rely on the understanding of the 

underlying mechanism(s) of RNA disruption. However, the major value of delineating the 

pathways associated with RNA disruption is that it can lead to the development of novel 

targeted cancer therapeutics and possibly earlier treatment response biomarkers, since the 

onset of RNA disruption is associated with tumor response. For example, targeting a pathway 

that induces RNA disruption or identifying a response marker that precedes the RNA 

disruption phenotype can improve both tumor destruction by chemotherapy agents and the 

speed at which treatment response can be assessed, respectively.  

RNA disruption was studied in a variety of breast and ovarian carcinoma cell lines in 

response to numerous chemotherapy agents264. Narendrula et al. (2016) reported that RNA 

disruption was found to be a dose- and time-dependent phenomenon in response to 

chemotherapy treatment. Also, RNA disruption was observed in multiple cancer cell lines in 

response to multiple, mechanistically distinct chemotherapy stressors such as taxanes, 

anthracyclines and platinating agents. In summary, RNA disruption appears to be a widespread 

phenomenon in response to chemotherapy treatment264. 

Narendrula et al. (2016) also assessed the connection between RNA disruption and 

apoptosis264. While phosphatidylserine exposure on the cell surface, an early apoptotic marker, 
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was observed by flow cytometric analysis alongside apoptosis, DNA fragmentation was not 

observed. Additionally, a caspase-3 inhibitor was able to lower the extent of RNA disruption 

but was unable to fully impede the onset of RNA disruption. Though evidence suggests a 

possible link between RNA disruption and apoptosis, Narendrula et al. (2016) argued that this 

link is not yet fully understood264. 

Further studies have been conducted to evaluate the RDA as a drug discovery tool, 

since RNA disruption is associated with tumor cell death265. RDA was found to be more 

specific to cell death-inducing cytotoxic drug doses than common cell viability assays such as 

the clonogenic assay, trypan blue exclusion assay and CCK-8 assay, which respond to both 

growth-arresting cytostatic and cytotoxic drug doses. Additionally, RDA was able to 

differentiate between drug-sensitive and drug-resistant cells following chemotherapy 

treatment and identify agents capable of circumventing drug resistance264,265. As a result, RDA 

appears able not only to monitor chemotherapy response but can be used as a drug discovery 

tool. However, the pathway(s) leading to RNA disruption have yet to be elucidated. 

 

1.4 Candidate molecules involved in RNA disruption 

RNA disruption occurs in response to multiple, mechanistically distinct cellular 

stressors in a variety of cell lines. RNA disruption is hypothesized to be a potential mechanism 

of translational suppression, due to the degradation of one of the core components of the 

ribosome. Additionally, the products of RNA disruption could also be cellular regulators. The 

evolution of sequencing technologies has helped advance the field of RNA biology. For 

example, short non-coding sequencing reads that were originally ignored as they were thought 

not to bear biological significance were later discovered to be micro RNAs (miRNAs), 

launching an entire new field of research to uncover the numerous biological roles of these 
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RNAs266. Similar to this, improvements in RNA sequencing aided the discovery of short non-

coding RNA (ncRNA) products deriving from rRNAs, and further investigation of these 

products uncovered their biological significance267. For example, Lambert et al. (2019) has 

reported a list of ncRNAs derived from eukaryotic rRNA, known as rRNA fragments 

(rRFs)267. These rRFs have been shown to bear numerous biological roles involving processes 

such as cell cycle regulation, metabolism, DNA repair and apoptosis267. While there are many 

hypotheses regarding the purpose of RNA disruption and ensuing consequences and 

outcomes, little is known regarding the mechanism(s) leading to the degradation of rRNA. 

The mechanism(s) of RNA disruption likely involve an enzyme (or enzymes) that 

degrade(s) RNA, thus a ribonuclease. Additionally, as stress-induced rRNA degradation and 

RNA disruption have been observed in a variety of cell lines originating from various tissue 

types, the expression of the ribonuclease responsible for RNA disruption is likely ubiquitous. 

Also, the activity of the ribonuclease(s) responsible for RNA disruption must be induced or 

promoted by cellular stressors, as RNA disruption is observed in response to stress. We will 

discuss one ribonuclease that fits the above criteria: RNase L.  

 

1.4.1 RNase L 

RNase L is a ribonuclease that is involved in an innate cellular antiviral response268. 

Upon infection, virally infected mammalian cells produce type I interferons (IFNs) such as 

IFN-α and IFN-β. Subsequent IFN signaling is initiated by IFN binding to its cognate receptors 

(such as IFNAR and IFNBR for IFN-α and IFN-β, respectively) that are expressed on the 

surface of most cells. The effects of IFNs are largely mediated through proteins that are 

encoded by IFN-stimulated genes (ISGs)268. Generally, two major pathways are activated by 

such genes. The first pathway begins with the upregulation of protein kinase R (PKR) which, 
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upon sensing double-stranded RNA (dsRNA), normally of viral origin, is activated and 

phosphorylates eIF2α. As previously mentioned, eIF2α phosphorylation leads to the inhibition 

of protein synthesis, including both host and viral protein synthesis, limiting the internal 

replication of viral proteins269. 

The second pathway involves the upregulation of 2’-5’-oligoadenylate synthetase 

(OAS)268. Upon sensing dsRNA, OAS generates 5’-phosphorylated, 2’-5’ linked 

oligoadenylates known as 2-5A, using ATP as a substrate. These 2-5As bind to RNase L with 

high affinity with the enzyme’s ankyrin repeat domain, converting inactive, RNase L 

monomers to its potently active dimeric endoribonuclease form. Active RNase L then goes on 

to degrade both single-stranded viral and cellular RNAs, including primarily messenger RNA 

(mRNA) and rRNAs268,270,271. While the degradation of viral RNA is considered a defense 

mechanism, by degrading the RNA genome of invading viruses, the degradation of cellular 

rRNAs is suggested to be a second defense mechanism272. RNase L degrades both mRNAs 

and rRNAs to arrest protein synthesis, thus inhibiting the ability of the virus to replicate. 

However, recent findings suggest that the ability of RNase L to suppress protein translation 

could also be due to an RNase L-dependent signaling mechanism273. Donovan et al. (2017) 

reported that, in response to synthetic dsRNA poly(IC), RNase L was required for a total 

inhibition of all detectable protein translation, since translation inhibition through eIF2α 

phosphorylation by PKR was insufficient for rapid translation arrest in an RNase L knockout 

(KO) cell line273. However, RNase L activation lead to global translation suppression when 

rRNAs, tRNAs and mRNAs were still intact, suggesting an alternative mechanism. While the 

precise signaling mechanisms by which RNase L promotes rRNA degradation remains to be 

elucidated, the authors were able to confirm that the signaling-like activity of RNase L must 

come from the active endoribonuclease domain, since transfection of a catalytically inactive 
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point mutant RNase L into an RNase L KO cell line did not show protein synthesis arrest. 

Donovan et al. (2017) also reports that RNase L degraded two other groups of noncoding 

RNAs: cytosolic tRNAs, which are essential for protein translation, and Y-RNAs, whose 

functions are still poorly understood273. Finally, within the antiviral response, the activity of 

RNase L has also been shown to induce both autophagy and apoptosis, while the RNA 

degradation products have been shown to amplify the production of type I IFNs274. 

While the role of RNase L in an antiviral response has been well established, there 

have been limited studies investigating the role of RNase L outside the antiviral IFN system. 

Le Roy et al. (2005) reported on a newly discovered function of RNase L in the regulation of 

translation termination275. The authors found that RNase L interacted with the human 

translation termination factor eRF3/GSPT1, leading to an increase in translation readthrough 

efficiency at premature termination codons275. It was also found that RNase L cleavage 

products promote the switch from autophagy to apoptosis, specifically through caspase-

mediated cleavage of Beclin-1276. Another study has suggested a tumor suppressor role for 

RNase L in prostate cancer, by virtue of its ability to degrade cellular RNA and initiate a 

cellular stress response culminating in apoptosis277. These recently characterized RNase L 

functions suggest that there could be other undiscovered roles of RNase L, which could extend 

to the mechanism(s) by which RNA disruption is induced. 

More importantly, one relevant study regarding rRNA degradation and RNase L was 

performed outside of a viral infection system. Pandey et al. (2004) discovered that while 

RNase L expression can be induced by dsRNA, it can also be induced by other stress inducers 

such as chemotherapy drugs (doxorubicin, vinblastine and cisplatin), hydrogen peroxide 

(H2O2), calcium chloride (CaCl2) and tumor necrosis factor (TNF) in the cervical cancer HeLa 

cell line261. Interestingly, the induction of RNase L by these stress-inducing agents also 
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correlated with the degradation of RNA261. While further studies are required to validate these 

findings, this study provides insight on the role of RNase L in a general cellular stress response 

that is not limited to a viral infection and may extend to the RNA disruption mechanism(s). 

 

1.5 Hypothesis and specific aims 

Based on the observations made by Narendrula et al. (2016), RNA disruption is 

observed in response to multiple mechanistically distinct chemotherapy stressors. However, 

Narendrula et al. (2016) did not assess whether a variety of other distinct cellular stressors 

induce RNA disruption. In addition, it remains unclear whether RNA disruption is consistently 

associated with cell destruction in response to cellular stressors and whether some stressors 

can induce cell destruction without RNA disruption. In addition, recent observations in our 

laboratory have shown that a mycoplasma infection in the cell lines used in the Narendrula 

et al. (2016) study may have impacted on the extent and nature of RNA disruption induced by 

chemotherapy agents. Therefore, the impact of mycoplasma infection on RNA disruption 

requires further investigation. Finally, the pathway(s) associated with RNA disruption, 

including the role of RNase L, has not been investigated.  

 

1.5.1 Hypothesis 

We hypothesize that a variety of distinct cellular stressors induce RNA disruption in 

tumor cells, and this is associated with an irreversible loss of cell viability (cellular 

destruction). We further propose that unresolved cellular stress induces RNA disruption 

through the activation of RNase L. 
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1.5.2 Project aims 

Thus, the specific aims of our study were to: 

 

Aim 1: To assess the ability of a variety of cellular stressors and mechanistically 

distinct chemotherapy agents to induce RNA disruption in a number of cell lines in a dose- 

and time-dependent manner. 

Aim 2: To determine whether stress-induced RNA disruption is consistently correlated 

with loss of cell viability (cellular destruction). 

Aim 3: To evaluate whether complete knockout of RNase L expression in tumor cells 

blocks the ability of cellular stressors and chemotherapy agents to induce RNA disruption. 

 

Briefly, we focussed on studying the phenomenon of RNA disruption in multiple cell 

lines confirmed to be free of mycoplasma infection. RNA disruption was assessed in the 

context of cellular stress induced by various mechanistically distinct chemotherapy agents, but 

also including non-chemotherapy stressors, such as endoplasmic reticulum (ER) stress, 

oxidative stress and nutrient limitation. The presence of mycoplasma and its effect on the RNA 

disruption banding pattern was also assessed. 

Secondly, we investigated the relationship between RNA disruption and cytotoxicity. 

The RNA disruption assay was compared to multiple assays monitoring cytotoxicity in 

different ways, including cell counting, a recovery assay and DNA content analysis using flow 

cytometry. This permitted us to assess whether RNA disruption was consistently associated 

with cell death. 
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Finally, we investigated the role of RNase L in stress-induced RNA disruption. 

Specifically, we employed a CRISPR-Cas9 approach to assess whether blocking RNase L 

expression supresses RNA disruption induced by multiple cellular stressors.  
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2.0 Material and Methods 

2.1 Cell lines and cell culture 

The A2780 (ovarian carcinoma) cell line was purchased from the European Collection 

of Cell Cultures (Salisbury, UK), while the MDA-MB-231 (mammary adenocarcinoma) cell 

line was purchased from the American Type Culture Collection (Burlington, ON, Canada). 

The A2780 and MDA-MB-231 cell lines were cultured in RPMI-1640 and DMEM High 

Glucose culture medium, respectively, each supplemented with 10% fetal bovine serum 

(FBS). The A2780 cell line was maintained in Corning T75 cm2 flasks while the 

MDA-MB-231 cell line was maintained in Sarstedt T75 cm2 flasks. All cell lines were cultured 

in a humidified incubator at 37 ºC with 5% CO2. Cell lines were regularly grown to reach 

approximately 80% confluence, as assessed by light microscopy. Cells were then lifted using 

0.25% Trypsin-EDTA (Gibco, Life Technologies, Burlington, ON, Canada), centrifuged at 

1,000 rpm for 5 min and then introduced into a new culture flask. Unless otherwise stated, the 

cell lines in this manuscript were confirmed to be free of mycoplasma contamination, using a 

PCR-based mycoplasma detection kit (see Section 2.3) and were naïve to mycoplasma (no 

past evidence of mycoplasma infection). 

 

2.2 Stressors and drug treatments 

Chemotherapy drugs docetaxel (DXL), doxorubicin (DOX), vincristine (VIN), 

cisplatin (CIS), carboplatin (CBN), paclitaxel (TAX), irinotecan (IRN) and epirubicin (EPI) 

were acquired from the pharmacy at Health Sciences North (Sudbury, ON, Canada). 

Palbociclib isethionate (PBC; PD 0332991) was purchased from MedChemExpress 

(Burlington, ON, Canada). Thapsigargin (TPG; T9033), tunicamycin (TUN; T7765), 
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cycloheximide (CHX; C1988) and hydrogen peroxide (H1009) were purchased from Sigma 

Aldrich (Oakville, ON, Canada).  

The RNase L activator (RLA) was synthesized by Snieckus Innovations (Kingston, 

ON, Canada). Drug treatments were performed 24 h after cell plating, where the used cell 

culture medium was replaced with 3 ml (6-well plates) of new medium (control) or drug-

containing medium. Serial dilutions for culture medium containing drug were prepared in 15 

ml conical tubes. For nutrient and growth factor limitation, the culture medium was diluted 

with phosphate buffered saline (PBS) and the diluted medium was added to cells 24 h after 

cell plating. 

 

2.3 PCR-based mycoplasma detection 

Mycoplasma detection was performed using the G238 Mycoplasma Detection Kit 

(Abm Inc., Richmond, BC, Canada). Cells were grown for a minimum of 48 h before sample 

preparation. While passaging cells, spent medium was collect into a 15 ml tube. Tubes were 

centrifuged at 500 × g for 5 min to remove floating cells. From the supernatant, a volume of 

500 μl was transferred into a 1.5 ml microcentrifuge tube and centrifuged at 17,000 × g for 

10 min. After discarding 450 μl of the supernatant, the resulting pellet was resuspended using 

the remaining 50 μl of supernatant, and this mixture was used as the test sample for polymerase 

chain reaction (PCR).  

The PCR reaction was performed as per the manufacturer’s protocol. Briefly, the 25 μl 

reaction mixture contained 12.5 μl of 2X PCR Taq MasterMix, 1 μl of Mycoplasma PCR 

Primer mix (both provided with the kit), 2.5 μl of test sample and 9 μl of nuclease-free H2O. 

A positive control was prepared where the test sample was composed of 1 μl of Mycoplasma 

Positive Control (provided with the kit) and an additional 1.5 μl of nuclease-free H2O. Thermal 
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cycling conditions were an initial denaturation at 95 ºC for 5 min, 35 cycles at [95 ºC for 

30 sec, 55 ºC for 30 sec and 72 ºC for 60 sec], a final extension at 72 ºC for 10 min and a 4 ºC 

hold. PCR products (370-550 bp in length) were resolved using agarose gel electrophoresis, 

at an agarose concentration of 2%. SYBR Safe DNA Gel Stain (S33102, Invitrogen, Ottawa, 

ON, Canada) was also added to the gel to allow DNA visualization using the FluorChem Q 

imager (ProteinSimple, Toronto, ON, Canada). Samples for electrophoresis were prepared by 

combining 10 μl of the PCR reaction and 2 μl of 6X TriTrack DNA Loading Dye (R1161, 

Fisher Scientific, Ottawa, ON, Canada), while 5 μl of the GeneRuler 100 bp DNA Ladder 

(SM0241, Fisher Scientific, Ottawa, ON, Canada) was used for size comparison with the PCR 

products.  

 

2.4 Mycoplasma re-infection 

In order to re-introduce mycoplasma in A2780mf (mycoplasma-free) cells, spent 

medium was collected from mycoplasma infected A2780 (A2780m) cells. Medium was 

centrifuged at 500 × g for 5 min to eliminate cells. A2780mf cells were then cultured in 10 ml 

of culture medium containing 5 ml of supernatant from the previous centrifugation (spent 

medium from mycoplasma-infected cells) and 5 ml of fresh medium. Cells were then 

incubated for 72 h before being passaged into fresh medium, and mycoplasma re-infection 

was confirmed using the PCR-based mycoplasma detection kit described in Section 2.3. 

Mycoplasma re-infected A2780 cells were labelled A2780ri. To account for the addition of 

spent medium, a control was performed using spent medium from a separate flask of 

mycoplasma-free A2780 (A2780m) cells. The absence of mycoplasma in the cells treated with 

control spent medium was confirmed with the PCR-based mycoplasma detection kit, and such 

re-infection control A2780 cells were labelled A2780co.  
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2.5 RNA extraction 

Cells were seeded in a 6-well plate at a density of 250,000 cells per well in 3 ml of 

drug-free medium, with the exception of cycloheximide treatments where cells were seeded 

at a density of 150,000 cells per well. Drug treatments were performed 24 h after initial cell 

plating. 

Total RNA was extracted using the RNeasy Mini kit from Qiagen Inc. (Toronto, ON, 

Canada). First, spent medium from untreated and treated cells were collected into 15 ml 

conical tubes, and wells were washed with 2 ml PBS. Washes were collected into the same 

corresponding 15 ml tube. Floating cells from the spent medium and washes were harvested 

by centrifugation at 500 × g for 5 min. The supernatants were discarded, while the pellets were 

washed with 3 ml of PBS. Cells were again harvested by centrifugation at 500 × g for 5 min. 

Supernatants were again discarded. Cells that remained adherent to the surface of the well 

were lysed using 350 μl of RLT lysis buffer supplemented with 1% β-mercaptoethanol and 

lifted using a cell scraper. The lysates were then collected using a 1 ml syringe adapted with 

a 21-gauge needle and transferred to their corresponding 15 ml tube containing the cell pellet. 

The lysate and cell pellet mixtures were sheered and homogenized by passing the homogenate 

through the 21-gauge needle 5-10 times. Homogenates were mixed with an equal amount of 

70% anhydrous ethanol, and then transferred to the RNeasy Mini spin column fitted with a 

2 ml collection tube. Spin columns were centrifuged at 12,000 × g for 15 sec and 

flow-throughs were discarded. The columns were first washed using 700 μl of RW1 wash 

buffer, followed by two consecutive washes using 500 μl of RPE wash buffer. The first two 

column washes were followed by centrifugation at 12,000 × g for 15 sec, while the last RPE 

wash was centrifuged at 12,000 × g for 2 min. Following the last wash, RNeasy Mini spin 

columns (containing RNA) were placed into 2 ml collection tubes and were centrifuged at 
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17,000 × g for 1 min to remove any residual wash buffer. Finally, the RNeasy Mini spin 

columns were placed into a fresh 1.5 ml microcentrifuge tube and RNA was eluted using 35 μl 

of RNase-free water. Following centrifugation at 12,000 × g for 1 min, eluates were returned 

to the RNeasy Mini spin columns and centrifuged at 17,000 × g for 1 min. Isolated RNA 

samples were heat-denatured at 70 ºC for 3 min, then stored at -80 ºC until further use. 

 

2.6 RNA integrity analysis 

RNA integrity was analyzed by capillary gel electrophoresis. RNA was loaded onto an 

RNA Nano Chip as directed by the manufacturer’s protocol and analysis was performed on an 

Agilent 2100 Bioanalyzer (Agilent Technologies Canada Inc., Mississauga, ON, Canada)278. 

Electropherograms were converted to gel images using the Bioanalyzer software. The RNA 

Disruption Index (RDI) was calculated for each sample using a proprietary algorithm (RNA 

Diagnostics Inc., Toronto, CA) known as the RNA Disruption Assay (RDA), which computes 

the ratio of abnormal to normal rRNA bands188. It is worth noting that while RNA samples 

were loaded at equal volumes and were not normalized for varying RNA concentrations, 

measures of RNA integrity were unaffected as they are calculated as a ratio. RNA 

concentrations were measured on a NanoDrop One UV-Vis Spectrophotometer (Thermo 

Fisher, Ottawa, ON, Canada). 

 

2.7 Plasmocin treatment 

Mycoplasma-contaminated cells were cultured for 2 weeks in normal culture medium 

supplemented with Plasmocin™ (ant-mpt, InvivoGen, San Diego, CA, USA) at a previously 

optimized concentration of 25 μg/ml. Mycoplasma elimination was confirmed using the PCR-
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based mycoplasma detection kit described in Section 2.3. Plasmocin-treated, mycoplasma-

free A2780 cells were labelled A2780mf. 

 

2.8 Recovery assay 

Drug-treated cells were assessed for their replicative capacity post-treatment using the 

recovery assay. Cells (prior to drug treatment) were seeded in a 6-well plate at a density of 

250,000 cells per well in 3 ml of drug-free medium, with the exception of cycloheximide 

treatments, where cells were seeded at a density of 150,000 cells per well. Drug treatments 

were performed 24 h after initial cell plating. Following treatment, spent media were collected 

into a 15 ml tube. Adherent cells in the plate were washed once with 2 ml PBS solution and 

the wash was collected to the corresponding 15 ml tube. Adherent cells remaining after drug 

treatment were then collected by trypsinization using 0.25% trypsin-EDTA, washed once with 

2 ml PBS, and both the released cells and wash were collected into the corresponding 15 ml 

tube. Cells were pelleted by centrifugation at 500 × g for 5 min and resuspended in fresh drug-

free medium. Cells were counted and subsequently seeded in a 12-well plate at a starting 

density of 30,000 cells per well in 1 ml of drug-free medium. Cell growth was monitored and 

quantified as % confluence over time to generate growth curves using the IncuCyte® S3 Live-

Cell Analysis System (Sartorius, Oakville, ON, Canada). Scans were taken over a period of 

four days with scans captured every eight hours. Reported confluence values are reflective of 

an average of 36 images taken per well. 

 

2.9 Clonogenic assay 

Cell viability after drug treatment was also assessed using a standard clonogenic assay. 

Cells were seeded in a 6-well plate at a density of 150,000 cells per well in 3 ml of drug-free 
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medium. Drug treatments were performed 24 h after initial cell plating. Following treatment, 

spent medium was collected into a 15 ml tube. Adherent cells in the plate were washed once 

with 2 ml of PBS solution and the wash was collected into the corresponding 15 ml tube. 

Adherent cells were then collected by trypsinization using 0.25% trypsin-EDTA, washed once 

with 2 ml PBS, and both the released cells and wash were collected into the corresponding 

15 ml tube. Cells were pelleted by centrifugation at 500 × g for 10 min. The pellet was washed 

once with 3 ml of fresh drug-free medium and cells were pelleted again by centrifugation at 

500 × g for 10 min. Cell pellets were resuspended in 300 μl fresh drug-free medium. Cell 

suspensions were mixed with 2.7 ml drug-free semi-solid methylcellulose medium (1.96%w/v 

methylcellulose, 0.7X Iscove’s Modified Dulbecco’s Medium, 30%w/v FBS, 35U/ml penicillin 

and 35 μg/ml streptomycin), vortexed at high speed for 10 sec, and incubated at 37 ºC for 

30 min. A 3 ml syringe equipped with a 16-gauge needle was used to seed 1.2 ml of the semi-

solid cell mixture into a 6-well plate. Colony counts were quantified after an 8-day incubation 

period at 37 ºC in a tissue culture incubator using the IncuCyte® S3 Live-Cell Analysis 

System (Sartorius, Oakville, ON, Canada), in the specialized Spheroid scan type mode. 

Reported values are reflective of an average of 7 images taken per well. The survival fraction 

was calculated by dividing the number of colonies derived from drug-treated cells by the 

number of colonies derived from untreated cells. The IC50 values (the drug concentration at 

which the number of colonies formed after drug treatment is reduced by 50%) are reported as 

mean ± standard error of measurement. 

 

2.10  Cell cycle analysis by flow cytometry 

Cell viability after drug treatment was also assessed using flow cytometry by 

quantifying the effect of drug on cell cycle progression and cellular DNA content. Cells were 
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seeded in a 6-well plate at a density of 250,000 cells per well in 3 ml drug-free medium. Drug 

treatments were performed 24 h after cell plating. Following treatment, spent medium was 

collected into a 15 ml tube. Adherent cells in the plate were washed once with 2 ml PBS 

solution and the wash was collected to the corresponding 15 ml tube. Adherent cells were then 

collected by trypsinization using 0.25% trypsin-EDTA, washed once with 2 ml PBS, and both 

the cell mixture and wash were collected into the corresponding 15 ml tube. Recovered cells 

were pelleted by centrifugation at 1,000 rpm for 10 min. The pellet was washed once with 

3 ml PBS and cells were pelleted again by centrifugation at 1,000 rpm for 10 min. Cell pellets 

were resuspended in 1 ml PBS. Cell suspensions were then placed on ice and mixed with 3 ml 

of cold (-20 ºC) absolute (100%) ethanol to fix cells. Samples were then incubated at 4 ºC for 

30 min. Fixed cells were then pelleted by centrifugation at 1,500 rpm for 5 min. After 

discarding the supernatant, cell pellets were washed once with 3 ml PBS and fixed cells were 

pelleted again by centrifugation at 1,500 rpm for 5 min. After discarding the supernatant, the 

DNA in fixed cells was stained by resuspending the cell pellet in 500 μl of propidium iodide 

(PI) staining solution (100 μg/ml propidium iodide, 100 μg/ml RNase A, 0.3% NP-40 and 

0.1% sodium citrate). Samples were then incubated at 37 ºC for 30 min before being stored at 

4 ºC in the dark prior to flow cytometric analysis. PI-stained samples were stored for no more 

than one week at 4 ºC prior to flow cytometric analysis. 

Flow cytometry was performed using a Beckman Coulter Cytomics FC500 (Beckman 

Coulter Canada, LP., Mississauga, ON, Canada). For each sample, 20,000 events were 

analyzed via the 675 nm bandpass filter (488 nm excitation wavelength). Data analysis was 

performed using CXP Software to assess cell ploidy (DNA content). Cell cycle phases for the 

various samples were annotated and compared to the untreated (NT) sample as a control. 
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2.11  RNase L CRISPR knockout 

The RNASEL Human Gene Knockout Kit (CRISPR) was purchased from OriGene 

Technologies Inc. (KN414849, Rockville, MD, USA). Two pCas-Guide plasmids are 

provided, each coding for a unique guide RNA (gRNA) sequence targeting the first exon of 

RNASEL, expressed under the control of a constitutive U6 promoter. Each plasmid also codes 

for the Cas9 protein, expressed under the control of a constitutive CMV promoter. Finally, 

each plasmid also expresses an ampicillin resistance gene for bacterial selection. The kit also 

contains linear donor DNA that codes for both the green fluorescent protein (GFP) and a 

puromycin resistance gene, expressed under the control of EF1a and P2A promoter sequences, 

respectively. Figure 1 below provides illustrative maps of these two plasmids, and the linear 

donor DNA.  

 

 

Figure 1: Plasmid construction provided in the RNASEL Human Gene Knockout Kit 

(CRISPR). CRISPR knockout kit was purchased from Origene Technologies Inc. (KN414849, 

Rockville, MD, USA). 
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2.12  Plasmid transformation into E. coli  

Plasmids obtained from the RNASEL Human Gene Knockout Kit (CRISPR) were 

propagated in E. coli DH5α competent cells. Competent cells were prepared previously as 

described in the method of Inoue et al. (1990)279. Competent cells (100 μl) were added to 20 ng 

of plasmid DNA and the mixture was incubated on ice for 30 min. Samples were then heat 

shocked in a water bath heated at 42 ºC for 45 sec, followed by a 2 min incubation on ice. 

Then, 450 μl of super optimal broth (SOB) recovery medium (2% Bacto™ tryptone, 0.5% 

yeast extract, 10 mM MgCl2, 10 mM NaCl, 2.5 mM KCl, 10 mM MgSO4, pH 7.0) was added 

to the mixture. Samples were then incubated at 37 ºC for 40 min in a shaker at 250 rpm. 

Transformed bacterial cells were then inoculated onto 1.2% agar plates (1% Bacto™ 

Tryptone, 0.5% yeast extract, 1% NaCl, 100 μg/ml ampicillin, pH 7.0). 

Following an overnight incubation at 37 ºC, bacterial cells were streaked onto fresh 

agar plates with ampicillin. The next day, single ampicillin-resistant colonies were inoculated 

and spread over an agar plate quadrant to maximize bacterial growth of a monoclonal bacterial 

population. Plasmid isolation was performed the following day. 

  

2.13  Plasmid isolation 

Bacterial plasmids were extracted by a standard alkaline lysis method using the 

QIAprep Spin Miniprep Kit from Qiagen Inc. (Toronto, ON, Canada). First, a loopful of 

bacterial cells was collected using the sterile wire loop and resuspended in 250 μl of Buffer P1 

containing LyseBlue reagent. Samples were briefly vortexed before the addition of 250 μl of 

Buffer P2. Samples were then mixed by inversion. Following a 5 min incubation at room 

temperature, 350 μl of Buffer N3 was added and samples were immediately mixed by 

inversion to allow complete neutralization of lysis buffer. Following a 15 min incubation at 
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room temperature, samples were centrifuged at 17,000 × g for 10 min. Resulting supernatants 

were transferred to QIAprep spin columns and the columns centrifuged at 12,000 × g for 

45 sec. Once the column flow-throughs were discarded, the columns were washed with 750 μl 

of Buffer PE and the spin columns were centrifuged at 12,000 × g for 45 sec. After discarding 

the flow-through, samples were again centrifuged at 17,000 × g for 1 min to remove any 

residual wash buffer. The spin column was then transferred to a fresh 1.5 ml microcentrifuge 

tube, and plasmid DNA bound to the column was eluted using 50 μl of Buffer EB. Samples 

were then centrifuged at 17,000 × g for 1 min, and samples were stored at -20 ºC until further 

use. Plasmid DNA concentrations were measured on a NanoDrop One UV-Vis 

Spectrophotometer (Thermo Fisher, Ottawa, ON, Canada).  

 

2.14  Plasmid characterization by restriction enzyme digests 

Plasmid isolates were characterized by restriction enzyme digests to confirm the size 

and identity of the plasmids. Uncut, single-cut (KpnI) and double-cut (SspI) digests were 

performed on both pCas-Guide-RNaseL plasmids. Restriction enzyme digests were performed 

in a 20 μl reaction volume: 1 μl of restriction enzyme, 2 μl of the appropriate 10X reaction 

buffer (according to the restriction enzyme’s manufacturer’s protocol), 16 μl of H2O and 1 μl 

of plasmid DNA (approximately 400 ng of plasmid DNA). Reaction mixtures were incubated 

for 2 h at 37 ºC. Resulting digested and uncut plasmids were resolved using agarose gel 

electrophoresis, with an agarose concentration of 1%. SYBR Safe DNA Gel Stain was also 

added to the gel to allow DNA visualization using the FluorChem Q imager (ProteinSimple, 

Toronto, ON, Canada). Samples were prepared by combining 10 μl of uncut or cut plasmids 

and 2 μl of 6X TriTrack DNA Loading Dye (R1161, Fisher Scientific, Ottawa, ON, Canada), 
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while 5 μl of Quick-Load 1kb Ladder (N0468S, New England BioLabs Ltd., Whitby, ON, 

Canada) was used for size comparison.  

 

2.15  Puromycin kill curve  

A2780 cells were seeded in a 6-well plate at a density of 500,000 cells per well. 

Puromycin treatment was performed 24 h after initial cell plating. Cells were treated with 

several different doses of puromycin to find the optimal puromycin dose: 0.1 μg/ml, 0.2 μg/ml, 

0.5 μg/ml, 1.0 μg/ml, 2.0 μg/ml, 4.0 μg/ml, 6.0 μg/ml, 8.0 μg/ml and 10 μg/ml. Cellular 

proliferation and cellular toxicity was assessed by light microscopy every 24 h for five days. 

Microscope images were captured with 100X magnification.  

 

2.16  Transfection 

A2780 cells were seeded at a density of 750,000 cells for each 6cm2 culture dish. After 

adhering to their plates in 24 h, cells were transfected with the above-described CRISPR 

plasmids and donor DNA using Lipofectamine 3000™ Transfection Reagent (L3000001, 

Invitrogen™, Toronto, ON, Canada). Briefly, 30 μl of serum-free RPMI-1640 culture medium 

was mixed with 20 μl of Lipofectamine 3000™. Then, 1 μg of each pCas-Guide-RNaseL 

plasmid and 1 μg of linear donor DNA was diluted into 50 μl of serum-free RPMI-1640 culture 

medium. The lipofectamine and DNA mixtures were then combined and mixed thoroughly by 

aspiration through a P200 tip. Mixtures were then incubated for 20 min at room temperature. 

Following the incubation, 900 μl of serum-free RPMI-1640 culture medium was added to the 

Lipofectamine:DNA mixture.  

After discarding the spent culture medium, A2780 cells were washed twice with 

serum-free RPMI-1640 culture medium. Then, the full 1 ml of Lipofectamine:DNA mixture 
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in serum-free RPMI-1640 culture medium (from above) was added to the cells in the 6cm2 

culture dish. Cells were then incubated for 4 h at 37 ºC in a tissue culture incubator. After the 

incubation, 1 ml of serum-free RPMI-1640 culture medium and 2 ml of serum-enriched 

RPMI-1640 culture medium (20% FBS) were added to the culture dish and cells were 

incubated overnight in a tissue culture incubator. The following day, the transfection medium 

was exchanged for normal culture medium (10% FBS in RPMI-1640).  

 

2.17  Stable selection of positive transformant  

Transfected A2780 cells were passaged six times in order to dilute out cells that have 

non-integrated donor DNA, which may transiently express the resistance gene found on the 

donor DNA. Then, cells found to be at approximately 80% confluence in a T75 flask were 

treated with 2 μg/ml puromycin for seven days, with renewal of medium containing fresh 

puromycin performed every 2-3 days. Following the puromycin selection, positive 

transformant selection was further confirmed by the presence of green-fluorescing cells in 

flasks by using an Olympus IX3 microscope (Olympus, Waltham, MA, USA). 

 

2.18  Generation of monoclonal cell populations by limiting dilution 

Selected cells were allowed one additional passage to proliferate following puromycin 

treatment. Then, cells were seeded at a density of 0.5 cells per well in a 96-well plate. A total 

of twenty 96-well plates were prepared, with 100 μl of culture medium per well. Cells were 

allowed ten days to proliferate undisturbed in a tissue culture incubator. Plates were visualized 

using the IncuCyte® S3 Live-Cell Analysis System (Sartorius, Oakville, ON, Canada), by 

both phase and green fluorescence microscopy. Wells with a single colony of cells that 

fluoresce green were marked positive for further analysis, while wells not meeting these two 



 75 

criteria were discarded. Plates were also visualized two days apart, and scan images were 

compared to confirm cell growth in positive wells. After two weeks of cell growth following 

the initial limiting dilution plating, cells were lifted and transferred into a 12-well plate for 

further clonal expansion. Briefly, the culture medium was removed from the well and cells 

were washed with 150 μl of PBS. After discarding the PBS wash, cells were collected by 

trypsinization using 0.25% trypsin-EDTA. Lifted cells were then transferred into a 12-well 

plate, in a total culture medium volume of 1 ml. Once wells became confluent, cells were 

collected by trypsinization using 0.25% trypsin-EDTA, and pelleted by centrifugation at 

1,000 rpm for 5 min. After discarding the supernatant, the cell pellet was resuspended using 

1 ml of freezing medium (RPMI-1640, 20% FBS, 5% DMSO) and transferred into a 2 ml 

cryogenic vial. Vials were then brought to a temperature of -80 ºC in a Mr. Frosty™ Freezing 

Container (Fisher Scientific, Ottawa, ON, Canada), and then loaded into boxes for storage in 

liquid nitrogen the following day. 

 

2.19  Whole cell lysate preparation 

Cells were seeded at a density of 3,000,000 cells in 10cm culture dishes. After 24 h, 

whole cell lysates were prepared using RIPA Buffer containing 1% NP-40, 5 μg/ml sodium 

deoxycholic acid, 1 μg/ml sodium dodecyl sulfate, 1X cOmplete™ Protease Inhibitor Cocktail 

(Roche), 10 μM sodium fluoride and 2 mM sodium orthovanadate. 

Spent medium was removed and discarded and adherent cells were washed once with 

8 ml PBS solution. After discarding the wash, 1 ml of RIPA buffer was added to the plate, and 

cells were lifted using a cell scraper. Lysates were collected and briefly sheared using a 1 ml 

syringe adapted to a 21-gauge needle and transferred to a microcentrifuge tube. After a 30 min 

incubation at 4 ºC, lysates were centrifuged at 15,000 × g for 20 min at 4 ºC. The supernatant 
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was carefully transferred to a new 1.5 ml tube and stored at -20 ºC. When necessary, the 

protein concentration in whole cell lysates was determined using the Pierce BCA Protein 

Assay Kit (Pierce, Rockford, IL, USA). 

 

2.20  SDS-PAGE and immunoblotting 

For gel electrophoresis, whole cell lysates were prepared in 5X sample buffer (0.5% 

bromophenol blue, 0.16 M DTT, 50% glycerol, 0.12 g/ml sodium dodecyl sulfate and 30% 

1 M Tris pH 6.8) and were subsequently heated in boiling water for 5 min prior to 

electrophoresis. Then, 40 μl of each sample (for general CRISPR KO screening) or 30 μg of 

protein (for further validation of CRISPR KO cell lines) was resolved using 10% SDS-PAGE 

gels, and electrophoresis was conducted at 90 V for 20 min, then at 110 V until completion. 

Proteins on the gel were then transferred onto nitrocellulose membranes (GE Healthcare Life 

Sciences, Mississauga, ON, Canada) using a semi-dry transfer technique; a voltage of 12 V 

was used for a total of 90 min. Following electrophoretic transfer of proteins, membranes were 

stained with a 0.1% Ponceau S solution containing 5% (v/v) glacial acetic acid for 3 min with 

shaking. Following staining, membranes were washed with H2O while shaking to remove 

excess Ponceau S solution and membranes were visually assessed to ensure proper protein 

transfer onto the nitrocellulose membrane. Membranes were washed for 3 min in 1X TBST 

(200 mM Tris-HCl pH 7.6, 1.37 M NaCl, 0.1% Tween-20) while shaking to remove 

Ponceau S stain. Then, membranes were blocked for 2-3 h in a 5% milk solution in 1X TBST 

with shaking. The primary antibody was diluted in 5% milk solution in 1X TBST and 

incubated with the membrane on a rocker overnight at 4 ºC. The next day, the membrane was 

washed 3 times for 5 min in 1X TBST, followed by a 2-3 h incubation with the secondary 

antibody diluted in 5% milk solution in 1X TBST at room temperature, with shaking. 
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Membranes were again washed 3 times for 5 min in 1X TBST before visualization of the 

protein(s) of interest using the enhanced chemiluminescence (ECL) method and exposed in 

the FluorChem Q imager (ProteinSimple, Toronto, ON, Canada). RNase L was detected using 

a monoclonal RNase L antibody obtained from Abcam (ab191392, Toronto, ON, Canada), 

while the glyceraldehyde-3-phosphate dehydrogenase (GAPDH) monoclonal antibody, used 

as a loading control, was obtained from Santa Cruz Biotechnology Inc. (sc-47724, Dallas, TX, 

USA). The anti-rabbit IgG-HRP and anti-mouse IgG-HRP secondary antibodies were obtained 

from GE Healthcare Life Sciences (NA934 & NA931, respectively, Mississauga, ON, 

Canada).  

 

2.21  Genomic DNA extraction 

Control A2780 cells and puromycin-resistant transformants of the cell line were seeded 

in a 6-well plate at a density of 250,000 cells per well in 3 ml drug-free medium. Cells were 

incubated for two days prior to DNA extraction. Genomic DNA was extracted using the 

DNeasy Mini Blood & Tissue kit from Qiagen Inc. (Toronto, ON, Canada). The 

manufacturer’s protocol was adapted for genotyping-specific purposes. First, spent medium 

was removed and discarded from the culture dish, and wells were washed with 2 ml PBS. 

After discarding the PBS wash, cells were collected by trypsinization using 0.25% trypsin-

EDTA (Gibco, Life Technologies, Burlington, ON, Canada). Lifted cells were pelleted by 

centrifugation at 1,500 rpm for 5 min. After discarding the supernatant, the cell pellet was 

resuspended using 200 μl PBS. Then, 20 μl of Proteinase K was added to the cell mixture 

followed by 200 μl of Buffer AL. After vortexing each sample, tubes were incubated at 56 ºC 

for 10 min. Then, 200 μl of 100% anhydrous ethanol was added to the sample and mixed 

thoroughly using a vortex. The cell lysate was then added to the DNeasy Mini spin column, 
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and centrifuged at 10,000 × g for 1 min. After discarding the flow-through and replacing the 

collection tube, the spin column was washed with 500 μl of Buffer AW1 and centrifuged at 

10,000 × g for 1 min. A second wash was repeated using 500 μl of Buffer AW2 and the 

column centrifuged at 20,000 × g for 3 min. Following the last wash, the DNeasy Mini spin 

column (containing DNA) was placed into a fresh 1.5 ml microcentrifuge tube and the 

genomic DNA was eluted using 200 μl of Buffer AE. Following a 1 min incubation in 

Buffer AE at room temperature, tubes were centrifuged at 10,000 × g for 1 min. Isolated DNA 

was then stored at -20 ºC until further use. 

 

2.22  PCR genotype screening 

For the assessment of RNase L knockout in monoclonal populations, PCR 

amplification of a segment of the RNase L gene flanking the sequences targeted by the gRNA 

constructs was performed. A diagram of the primer design is depicted in Figure 2. F1 & R1 

and F2 & R2 primer pairs were both designed to flank the sites (within exon 1) targeted by the 

gRNA and amplify both wild-type RNase L (small amplicon) and RNase L containing the 

insert DNA (large amplicon). F1 & R3 and R1 & R3 primer pairs were both designed to 

amplify only in the presence of integrated insert DNA, based on the directionality of insertion. 

Primers were purchased from IDT (Integrated DNA Technologies, Inc., Coralville, IA, USA). 
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Figure 2: Primer design for PCR screening of RNase L knockout monoclonal populations. The 

F2 & R2 primer pair was designed in the same way as primer pair F1 & R1. Primers were 

obtained from IDT (Integrated DNA Technologies, Inc., Coralville, IA, USA). 

 

PCR reactions were performed using iTaq Universal SYBR Green MasterMix (Bio-

Rad, Mississauga, ON, Canada), as per the manufacturer’s protocol. Briefly, the 25 μl reaction 

mixture contained 12.5 μl of 2X iTaq Universal SYBR Green MasterMix, 1.25 μl of both 

forward and reverse primers (stock concentration of 10 μM), 2.5 μl of DNA template and 

7.5 μl of nuclease-free H2O. Primer sequences are provided in Table 1. Thermal cycling 

conditions were an initial denaturation at 94 ºC for 5 min, 35 cycles at [94 ºC for 1 min, 47 ºC 

for 1 min and 72 ºC for 1 min], a final extension at 72 ºC for 5 min and a 4 ºC hold. PCR 

products were resolved using agarose gel electrophoresis, at an agarose concentration of 2%. 

SYBR Safe DNA Gel Stain (S33102, Invitrogen, Ottawa, ON, Canada) was also added to the 

gel to allow visualization of PCR products using the FluorChem Q imager (ProteinSimple, 

Toronto, ON, Canada). Samples for electrophoresis were prepared by combining 10 μl of PCR 

sample and 2 μl of 6X TriTrack DNA Loading Dye (R1161, Fisher Scientific, Ottawa, ON, 

Canada), while 5 μl of either GeneRuler 100 bp DNA Ladder (SM0241, Fisher Scientific, 
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Ottawa, ON, Canada) or Quick-Load 1kb Ladder (N0468S, New England BioLabs Ltd., 

Whitby, ON, Canada) was used for size comparison.  

 

Table 1: Primers used for PCR genotyping 

Primer name Primer sense Sequence (5’→3’) 

RNASELF1 Forward GCCAGAGAATCCCAATTTAC 

RNASELR1 Reverse CCTGCTCATTTGTACTGCGT 

RNASELF2 Forward CAAAGCACCTCTCTTCGTTGC 

RNASELR2 Reverse CAGAACAGGGTCAGCACCAT 

RNASELR3 Reverse GATCAAGAATCACGTACTGC 

 

 

2.23  Statistical analyses 

Statistical analyses were performed using both Microsoft Excel and GraphPad Prism 8 

software. Differences of P<0.05 (*), P<0.01 (**) and P<0.001 (***) between experimental 

and control samples were considered to be statistically significant. For most data sets, the 

statistical significance of differences was assessed using a paired Student’s t-test. When 

comparing two variables for dose- and time-dependency, a two-way repeated measures 

ANOVA was used with Dunnett’s post-hoc test for multiple comparisons. 
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3.0 Results 

3.1 RNA disruption is a widespread phenomenon 

3.1.1 RNA disruption induced in the A2780 cell line 

3.1.1.1 Dose- and time-dependency of RNA disruption in response to doxorubicin 

In order to assess the ability of chemotherapy drugs to generate stress-induced 

ribosomal RNA (rRNA) degradation (RNA disruption), A2780 cells were treated for 8, 24, 48 

and 72 hours with increasing doses of doxorubicin, a topoisomerase II inhibitor36 (Figure 3). 

Following treatment, RNA was isolated and RNA integrity was analyzed using an RNA Nano 

Chip on the Agilent 2100 Bioanalyzer (Agilent Technologies Canada Inc., Mississauga, ON, 

Canada). The resulting electropherogram from capillary gel electrophoresis was then 

converted into a virtual gel image for optimal visual assessment. The RNA disruption assay 

was then used to quantify the extent of ribosomal RNA degradation, expressed using the RNA 

Disruption Index (RDI). RNA disruption appeared as a smear-like pattern on the virtual gel 

image, with rRNA fragments primarily between the 28S and 18S rRNA bands, as well as just 

below the 18S rRNA band (Figure 3A). In concert with the appearance of rRNA fragments, a 

lower intensity of the 28S and 18S rRNA bands were observed, suggesting that the rRNA 

fragments originated from the full length 28S and 18S rRNAs and that ribosomal RNA 

degradation had taken place. 

A two-way ANOVA with repeated measures for both drug dose and treatment time 

revealed a significant interaction between dose and time for RDI values [F(9,46) = 6.770, n = 

3-4, P < 0.001], showing that RNA disruption is both a dose- and time-dependent phenomenon 

in response to doxorubicin (Figure 3B). A Dunnett’s post-hoc test for multiple comparisons 

was performed and was limited to comparisons of drug treatments to their respective untreated 

(0 μM) control within each time-point. While the 72 h 1 μM doxorubicin condition was found 
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to significantly induce RNA disruption (P<0.001), all other treatment conditions were not 

found to be significantly different to the untreated control (Figure 3B). Nevertheless, based on 

a visual assessment, RNA disruption is observed as early as 24 hours of treatment. 

Additionally, in order to assess the effect of doxorubicin on cellular RNA levels, RNA 

concentrations of the isolated RNA samples were plotted (Figure 3C). As the elution volume 

was constant for all RNA isolations, the plotted RNA concentrations also reflect total RNA 

content. A two-way ANOVA with repeated measures revealed a significant interaction 

between dose and time for RNA concentrations [F(9,27) = 30.44, n = 4, P < 0.001], showing 

that a decrease in cellular RNA content is both dose- and time-dependent in response to 

doxorubicin (Figure 3C). A Dunnett’s post-hoc test for multiple comparisons, limited to 

comparisons of drug treatments to their respective untreated control within each time-point, 

revealed that all treated conditions from 24 to 72 hours of doxorubicin exposure showed a 

significant decrease in RNA content (Figure 3C).  
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Figure 3: Dose- and time-dependent RNA disruption in response to doxorubicin in A2780 

cells. A2780 cells were treated from 8 to 72 h with increasing concentrations of doxorubicin. 

Total RNA was isolated from cells following drug treatment and RNA integrity was analyzed 

by capillary gel electrophoresis. A – Representative virtual gel image of electropherogram.    

B – RDI values following doxorubicin treatment. C – RNA concentrations following 

doxorubicin treatment. Asterisk denotes a significant difference between treated sample and 

untreated (0 μM) control at the respective time-point (*: P<0.05, **: P<0.01, ***: P<0.001). 

Error bars represent standard error of measurement from four biological replicates. RDI: RNA 

Disruption Index. 
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3.1.1.2 Multiple chemotherapy agents induce RNA disruption: topoisomerase II 

inhibitors 

RNA disruption was previously induced in response to multiple chemotherapy agents 

in the A2780 cell line, including the topoisomerase II inhibitors doxorubicin, epirubicin and 

etoposide264. In this work, the same published dose for chemotherapy agents used in the 

Narendrula et al. (2016) study was used for data comparison264, as well as both a 10X higher 

and 10X lower dose for additional drug dose coverage, and all treatments were performed for 

72 hours in the A2780 cell line. All three topoisomerase II inhibitors used in this study were 

found to induce strong RNA disruption (Figure 4A). For doxorubicin, RDI values confirmed 

a significant increase in RNA disruption at a dose of 10 μM while the 0.1 μM and 1 μM doses 

were not significant (Figure 4B & Table 2). For epirubicin, a small but significant increase in 

RDI was observed for 0.1 μM and a larger significant increase was observed for the 1 μM dose 

(Figure 4B & Table 2). While the 10 μM epirubicin treatment generated a consistently large 

increase in RDI, the result was not significant (Figure 4B & Table 2). Similarly, for etoposide, 

a small but significant increase in RDI was observed for 1 μM while a larger significant 

increase in RDI was observed for 100 μM. However, the 10 μM dose did not yield a significant 

increase in RDI (Figure 4B & Table 2). 

Given that RDI values are calculated as a ratio between degraded and intact rRNA 

bands, strong variances in the extent of drug-induced RNA disruption can lead to widely 

varying RDI values that hamper our ability to demonstrate statistically significant differences 

in RDI values amongst treated and untreated samples. This is despite clear differences in total 

RNA banding patterns seen in electropherograms. To address this issue, we performed 

multiple treatments with doxorubicin at one specific concentration (1 μM) and incubation time 

(72 h). Since the 72 h 1 μM doxorubicin treatment was performed in a large number of 
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experiments, the RDI values for all of these replicates and their respective untreated controls 

were plotted (Figure 5A). The same one-tailed paired Student t-test was performed on the 

larger data set (from n=4 to n=12) and the RDI values for 1 μM doxorubicin-treated samples 

were found to be significantly higher than their respective untreated controls (P=0.0038). To 

summarize, topoisomerase II inhibitors doxorubicin, epirubicin and etoposide were all found 

to induce RNA disruption, albeit with varying efficacy on a molar basis 

(epirubicin=doxorubicin>etoposide). The strength of the induction of RNA disruption was 

also compared using the fold-change increases in RDI values, where anthracyclines 

doxorubicin and epirubicin induced as high as 367-fold and 213-fold increases in RDI values, 

while etoposide induced a 31-fold increase in RDI values as its highest dose (Table 2). Also, 

a visual assessment of the virtual gel image of the electropherogram suggests that the 28S 

rRNA is preferentially degraded by these agents relative to the 18S rRNA (Figure 4A). 

Additionally, the effect of these chemotherapy agents on RNA content was assessed. 

A decrease in RNA concentrations can reflect either a decrease in RNA content per cell (likely 

due to RNA degradation) and/or a decrease in cell number relative to the untreated control. As 

seen in Figure 4C, all concentrations of doxorubicin, epirubicin and etoposide used in this 

study induced a significant decrease in RNA concentrations, which reflects a decrease in total 

RNA content (Table 2). Furthermore, we see that a decrease in RNA concentrations, in 

response to topoisomerase II inhibitors and future stressors in this study, can be independent 

from RNA disruption as several treatment conditions induce a decrease in RNA concentrations 

in the absence of RNA disruption (Figure 4). 
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Figure 4: Dose-dependent RNA disruption in response to topoisomerase II inhibitors in A2780 

cells. A2780 cells were treated for 72 h with increasing concentrations of doxorubicin, 

epirubicin and etoposide. Total RNA was isolated from cells following drug treatment and 

RNA integrity was analyzed by capillary gel electrophoresis. A – Representative virtual gel 

image of electropherogram. B – RDI values following drug treatment. C – RNA 

concentrations following drug treatment. Asterisk denotes a significant difference between 

treated sample and untreated (0 μM) control (*: P<0.05, **: P<0.01, ***: P<0.001). Error bars 

represent standard error of measurement from three (epirubicin and etoposide) or four 

(doxorubicin) biological replicates. RDI: RNA Disruption Index. 
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Figure 5: RNA disruption in response to doxorubicin and culture medium dilutions. A2780 

cells were treated for 72 h with doxorubicin and a culture medium dilution. Total RNA was 

isolated from cells following drug treatment and RNA integrity was analyzed by capillary gel 

electrophoresis. A – RDI values from doxorubicin treatment. B – RDI values from culture 

medium dilution. Asterisk denotes a significant difference between treated sample and 

untreated (0µM) control (*: P<0.05, **: P<0.01, ***: P<0.001). Error bars represent standard 

error of measurement from the combination of all biological replicates performed for both of 

these stress conditions, which reflects twelve (doxorubicin) and six (culture medium dilution) 

biological replicates. RDI: RNA Disruption Index. 
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Table 2: Statistical significance of stress-induced RNA disruption in response to multiple 

chemotherapy agents and cellular stressors in the A2780 cell line. 

aEffect: – no effect, + minimal, ++ substantial, +++ strong, ++++ total loss of 28S/18S rRNA 
bNS: not significant, *: P<0.05, **: P<0.01, ***: P<0.001  
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3.1.1.3 Multiple chemotherapy agents induce RNA disruption: taxanes and 

platinating agents 

Similar to the topoisomerase inhibitors, taxanes paclitaxel and docetaxel and 

platinating agents cisplatin and carboplatin were assessed for their ability to induce RNA 

disruption in the A2780 cell line (Figure 6). For paclitaxel, 20 nM and 0.2 μM doses of the 

drug were found to show a small but significant increase in RDI while the 2 μM dose did not 

(Figure 6B & Table 2). For docetaxel, 20 nM and 2 μM doses were not able to induce a 

significant increase in the RDI while the intermediate 0.2 μM dose significantly increased the 

RDI (Figure 6B & Table 2). Taken together, we observed that taxanes were found to induce a 

small but significant increase in RDI values (as high as a 7-fold increase), meaning that they 

weakly induce RNA disruption (Figure 6), but not to the same extent as topoisomerase 

inhibitors. However, all paclitaxel and docetaxel doses induced a significant decrease in RNA 

concentrations, further demonstrating that a decrease in RNA content can be independent from 

the occurrence of RNA disruption (Figure 6C & Table 2).  

For platinating agents, both cisplatin and carboplatin were found to induce a significant 

increase in RDI values at their highest respective doses: 17 μM cisplatin and 200 μM 

carboplatin (Figure 6B & Table 2). For the lower doses, 0.17 μM and 1.7 μM cisplatin, as well 

as 2 μM and 20 μM carboplatin, RDI values were not deemed significantly different from the 

untreated control (Figure 6B). In summary, platinating agents cisplatin and carboplatin were 

found to induce moderate RNA disruption, generating a 12-fold and 15-fold increase in RDI 

values for cisplatin and carboplatin, respectively (Figure 6). In terms of RNA content, the 

lower respective doses of cisplatin and carboplatin were not found to induce a decrease in 

RNA concentrations while the two respective higher doses significantly decreased cellular 

RNA content (Figure 6C & Table 2). 
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Figure 6: Dose-dependent RNA disruption in response to taxanes and platinating agents in 

A2780 cells. A2780 cells were treated for 72 h with increasing concentrations of paclitaxel, 

docetaxel, cisplatin and carboplatin. Total RNA was isolated from cells following drug 

treatment and RNA integrity was analyzed by capillary gel electrophoresis. A – Representative 

virtual gel image of electropherogram. B – RDI values following drug treatment. C – RNA 

concentrations following drug treatment. Asterisk denotes a significant difference between 

treated sample and untreated (0 μM) control (*: P<0.05, **: P<0.01, ***: P<0.001). Error bars 

represent standard error of measurement from three (docetaxel) or four (paclitaxel, cisplatin 

and carboplatin) biological replicates. RDI: RNA Disruption Index. 
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3.1.1.4 Multiple chemotherapy agents induce RNA disruption: plant alkaloids 

and CDK inhibitor 

Similar to previous experiments, more targeted anticancer agents, such as plant 

alkaloids vincristine and irinotecan as well as the CDK4/6 inhibitor palbociclib were assessed 

for their ability to induce RNA disruption in the A2780 cell line (Figure 7). For vincristine, 

the lower 0.5 nM dose did not induce a significant increase in RDI while the 5 nM and 50 nM 

doses induced a small (2-fold and 7-fold, respectively) but significant increase in RDI values 

(Figure 7B & Table 2). Similarly, for irinotecan, the lower 0.4 μM dose did not induce a 

significant increase in RDI while the 4 μM and 40 μM doses induced a small (2-fold and 3-

fold, respectively) but significant increase in RDI values (Figure 7B & Table 2). Finally, the 

two lower doses of palbociclib (5 μΜ and 10μΜ) did not induce a significant increase in RDI 

values while the highest dose (20 μM) induced a significant increase in RDI (Figure 7B & 

Table 2). For all three of these chemotherapy agents, no significant changes in RNA content 

were observed for the lowest respective dose, while a significant decrease in RNA 

concentration was reported for the two higher doses, respectively (Figure 7C & Table 2). 

Taken together, palbociclib was found to induce strong RNA disruption (102-fold 

increase) while vincristine was shown to induce moderate RNA disruption and irinotecan was 

found to induce weak RNA disruption. Additionally, the results from the A2780 cell line 

treated with multiple chemotherapy agents show that RNA disruption is a common 

phenomenon in response to multiple, mechanistically distinct chemotherapy agents, but that 

the extent of RNA disruption varies greatly between the different chemotherapy agents. 
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Figure 7: Dose-dependent RNA disruption in response to plant alkaloids and palbociclib in 

A2780 cells. A2780 cells were treated for 72 h with increasing concentrations of vincristine, 

irinotecan and palbociclib. Total RNA was isolated from cells following drug treatment and 

RNA integrity was analyzed by capillary gel electrophoresis. A – Representative virtual gel 

image of electropherogram. B – RDI values following drug treatment. C – RNA 

concentrations following drug treatment. Asterisk denotes a significant difference between 

treated sample and untreated (0 μM) control (*: P<0.05, **: P<0.01, ***: P<0.001). Error bars 

represent standard error of measurement from three (palbociclib) or four (vincristine and 

irinotecan) biological replicates. RDI: RNA Disruption Index. 

  



 93 

3.1.1.5 Multiple cellular stressors induce RNA disruption: ER stressors 

It is clear that a variety of mechanistically distinct chemotherapy agents have the ability 

to induce RNA disruption188,264. However, it is not clear whether other agents or conditions 

that induce specific stresses in cells also induce RNA disruption. First, we used two small 

molecules that are known to induce endoplasmic reticulum (ER) stress, also known as the 

unfolded protein response or UPR (Figure 8). Thapsigargin is a sarcoplasmic/endoplasmic 

reticulum Ca2+ ATPase (SERCA) inhibitor that decreases ER calcium levels, which 

subsequently inhibits the activity of calcium-dependent ER chaperone proteins and leads to 

the accumulation of unfolded proteins280–282. Tunicamycin is an inhibitor of UDP-N-

acetylglucosamine-dolichol phosphate N-acetylglucosamine-1-phosphate transferase (GPT), 

which is necessary for glycoprotein biosynthesis and leads to the accumulation of unfolded 

glycoproteins283. Both agents are known to induce the UPR284.  

Following a 72 hour treatment, thapsigargin was found to induce strong RNA 

disruption in the A2780 cell line at the 0.1 μM and 1 μM doses (25-fold and 32-fold, 

respectively) and even stronger RNA disruption (131-fold) at the 10 μM dose (Figure 8B & 

Table 2). Similarly, tunicamycin was found to induce RNA disruption at both 10 μM and 

25 μM, but to a lesser extent than thapsigargin (up to a 13-fold increase), while 1 μM 

tunicamycin was not found to induce a significant increase in RDI (Figure 8B). Thus, agents 

that induce ER stress were found to induce RNA disruption in the A2780 cell line. In terms of 

RNA content, all treated conditions showed a significant decrease in RNA concentrations 

(Figure 8C & Table 2). 
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Figure 8: Dose-dependent RNA disruption in response to ER stressors in A2780 cells. A2780 

cells were treated for 72 h with increasing concentrations of thapsigargin and tunicamycin. 

Total RNA was isolated from cells following drug treatment and RNA integrity was analyzed 

by capillary gel electrophoresis. A – Representative virtual gel image of electropherogram.    

B – RDI values following drug treatment. C – RNA concentrations following drug treatment. 

Asterisk denotes a significant difference between treated sample and untreated (0µM) control 

(*: P<0.05, **: P<0.01, ***: P<0.001). Error bars represent standard error of measurement 

from three biological replicates. RDI: RNA Disruption Index. 
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3.1.1.6 Multiple cellular stressors induce RNA disruption: nutrient and/or growth 

factor depletion 

Nutrient starvation or nutrient deprivation has been extensively studied in literature, 

and its induction has been induced in multiple ways. While some studies limit the availability 

of a specific nutrient like glucose or amino acids, other studies have used a general starvation 

approach. In this study, general nutrient limitation was induced by diluting the culture medium 

with phosphate-buffered saline (PBS), limiting access to nutrients found in the culture medium 

and growth factors in the fetal bovine serum (FBS) supplement. 

Various culture medium dilutions were prepared, where the medium with FBS was 

diluted with PBS. The reported percentage is the percentage of the culture medium that 

contains full medium with FBS. For example, 10% medium contained 10% culture medium 

with FBS and 90% phosphate buffer saline. The 50% culture medium did not induce a 

significant increase in RDI, nor did the 25% medium or the 10% medium (Figure 9B & 

Table 2). Nevertheless, a trend toward increasing RNA disruption (up to 711-fold increase) 

was observed with increasing media dilution (Figure 9B & Table 2). To further assess this 

claim, the amount of RNA disruption observed in control cells and in cells where the culture 

medium was diluted to 10% was repeatedly assessed in separate experiments. As shown in 

Figure 5B, a strong significant increase in RNA disruption was observed when the culture 

medium was diluted to 10% (P=0.031). All treatment dilutions showed a significant decrease 

in RNA content (Figure 9C & Table 2). 

For the 5% culture medium and the 0% medium (100% PBS), there was substantial 

RNA disruption, such that the 28S and 18S peaks in the electropherogram were undetectable 

and the RDA was unable to compute an RDI value (Figure 9B). As previously described, there 

is a requirement for the detection of the normal 28S or 18S rRNA peaks in order to compute 
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an RDI value. The absence of the two rRNAs results in the generation of an “N/A” label for 

the electropherogram and is often an indication of very strong RNA disruption that cannot be 

quantified. Consequently, our data suggests that nutrient limitation can strongly induce RNA 

disruption. 
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Figure 9: Dose-dependent RNA disruption in response to culture medium dilution in A2780 

cells. A2780 cells were treated for 72 h with various culture medium dilutions. RPMI-1640 

culture medium containing 10% FBS was diluted with PBS to desired culture medium 

percentage. Percentage reported in figure is the culture medium portion. Total RNA was 

isolated from cells following treatment and RNA integrity was analyzed by capillary gel 

electrophoresis. A – Representative virtual gel image of electropherogram. B – RDI values 

following drug treatment. C – RNA concentrations following drug treatment. Asterisk denotes 

a significant difference between treated sample and untreated (0µM) control (*: P<0.05, **: 

P<0.01, ***: P<0.001). Error bars represent standard error of measurement from three 

biological replicates. N/A: inadequate quantity of RNA recovered for the RNA disruption 

assay. RDI: RNA Disruption Index. 
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3.1.1.7 Multiple cellular stressors induce RNA disruption: oxidative stress 

Another common stress condition studied in literature is oxidative stress. In this study, 

oxidative stress induced by hydrogen peroxide (H2O2) was investigated for its ability to induce 

RNA disruption, although treatment was limited to 24 hours due to the rapid action of H2O2
285 

(Figure 10). While 25 μM hydrogen peroxide was not found to induce RNA disruption, 50 μM 

and 100 μM hydrogen peroxide induced significant 3-fold and 10-fold increases in RDI 

values, respectively (Figure 10B & Table 2). Similar to high culture medium dilutions, RDI 

values could not be computed for the samples treated with 200 μM or 400 μM hydrogen 

peroxide, due to the absence of 28S and 18S rRNA peaks. This suggests almost complete 

degradation of the 28S and 18S rRNAs with 200 μM or 400 μM hydrogen peroxide treatment 

(Figure 10). In theory, this is thought to represent maximal RNA disruption. Additionally, all 

treatment doses were found to induce a significant decrease in RNA concentrations 

(Figure 10C & Table 2). 

Given these results, oxidative stress was found to induce RNA disruption. 

Additionally, our combined results provide evidence that RNA disruption is not limited to 

chemotherapy agents but can also be induced by cellular stressors such as ER stress, nutrient 

or growth factor limitation, and oxidative stress. In both cases, the induction of RNA 

disruption is consistently observed alongside a decrease in isolated RNA. 
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Figure 10: Dose-dependent RNA disruption in response to oxidative stress in A2780 cells. 

A2780 cells were treated for 24 h with hydrogen peroxide (H2O2). Total RNA was isolated 

from cells following drug treatment and RNA integrity was analyzed by capillary gel 

electrophoresis. A – Representative virtual gel image of electropherogram. B – RDI values 

following drug treatment. C – RNA concentrations following drug treatment. Asterisk denotes 

a significant difference between treated sample and untreated (0µM) control (*: P<0.05, **: 

P<0.01, ***: P<0.001). Error bars represent standard error of measurement from three 

biological replicates. N/A: inadequate quantity of RNA recovered for the RNA disruption 

assay. RDI: RNA Disruption Index. 
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3.1.1.8 Potentiation of RNA disruption by mycoplasma infection 

Mammalian cell culture often involves the use of antibiotics like streptomycin and 

penicillin to prevent bacterial contamination. These antibiotics are effective against mostly all 

gram-positive and gram-negative bacteria, through mechanisms that prevent cell wall 

formation (ex: penicillin)286 or through the inhibition of bacterial protein synthesis (ex: 

streptomycin)287. However, the majority of antibiotics used in mammalian cell culture are not 

effective against most strains of mycoplasma, which are bacteria that lack a cell wall. 

Additionally, as mycoplasma are too small to detect using regular laboratory microscopes and 

rarely alter cell culture growth rates288, mycoplasma contaminations often go unnoticed. It is 

only through mycoplasma-specific detection techniques that mycoplasma contaminations are 

identified. Using a PCR-based mycoplasma detection kit, we investigated whether the cell 

lines that we commonly used for cell culture were infected with mycoplasma. Some of our 

stocks of the A2780 cell line used in the study of RNA disruption were found to be infected 

with mycoplasma (Figure 11; A2780m). We thus examined many of our frozen breast and 

ovarian cancer cell line stocks, including those used in our prior study on RNA disruption by 

Narendrula et al. (2016). Many, but not all stocks were positive for mycoplasma infection 

(data not shown)264. 

In order to eliminate the mycoplasma infection in some of our frozen stock cultures, 

cell lines were thawed, propagated, and subjected to a two-week Plasmocin (InvivoGen) 

treatment289. Plasmocin is used for the elimination of mycoplasma in cell cultures and contains 

two bactericidal components: one of which acts on protein synthesis machinery by interfering 

with ribosome translation and another that acts on DNA replication289. Both of these 

bactericidal components have been shown to target and kill both mycoplasma and bacteria. 

Plasmocin has also been shown to be effective against both extracellular and intracellular 
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forms of mycoplasma, as it is actively transported into mammalian cells. Additionally, 

Plasmocin has been shown to have low cytotoxicity against mammalian cells. While it has 

been shown to induce a temporary slowdown of cell growth for some cell lines, most cell lines 

resume normal growth rates following removal of Plasmocin289. Following Plasmocin 

treatment, one of our stocks of the A2780 cell line was confirmed to be free of mycoplasma 

using the PCR-based mycoplasma detection kit (Figure 11; A2780mf).  

While mycoplasma infection does not generally kill mammalian cells, it has been 

shown to have numerous effects on cells, such as the alteration of DNA, RNA and protein 

synthesis and the induction of chromosomal aberrations288. Hopfe et al. (2013) reported 

numerous genes regulated by Mycoplasma hominis infection in HeLa cells290. Interestingly, 

723 genes were differentially regulated four hours after the infection, while 1,972 genes were 

differentially regulated permanently290. These data demonstrate that a mycoplasma infection 

can alter numerous cellular pathways, some of which may directly impact on RNA disruption. 

In order to investigate whether mycoplasma contaminations affect RNA disruption, 

A2780 cells free of mycoplasma (due to prior treatment with Plasmocin) were treated with 

0.2 μM docetaxel for 72 hours, which was shown to induce strong RNA disruption in the 

Narendrula et al. (2016) study264. Interestingly, when we compared the extent of RNA 

disruption and the RNA banding pattern observed by Narendrula et al. (2016)264 with the 

banding pattern generated in this study using mycoplasma-free cell lines (Figure 6), it was 

clear that mycoplasma infection potentiated RNA disruption. Moreover, the banding pattern 

was less diffuse, suggesting increased RNA disruption but with the generation of fewer 

degradation products of distinct size. In summary, while the mycoplasma infected A2780 

(A2780m) cell line showed a banding pattern with distinct rRNA degradation products, the 

banding pattern for the A2780 cell line free of mycoplasma (A2780mf) appeared to be more 
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of a smear (Figure 12). These results therefore suggest that the RNA disruption banding 

pattern is impacted and potentiated by the presence of mycoplasma. Regular surveillance of 

our cell line cultures took place throughout this study to ensure that all cell lines for all 

experiments were free of mycoplasma.  
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Figure 11: Mycoplasma detection by PCR. The presence of infecting mycoplasma strains in 

mammalian cell cultures was determined by a PCR reaction using mycoplasma-specific 

primers for mycoplasma DNA. The PCR detection kit amplifies mycoplasma DNA from many 

mycoplasma strains and generates amplicons from 370 bp to 550 bp, dependent on the strain 

of mycoplasma. A2780mf: Mycoplasma-infected A2780 cell line following treatment with 

Plasmocin to generate mycoplasma-free cells. A2780m: A2780 cells found to be infected by 

mycoplasma. 
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Figure 12: Comparison of RNA degradation banding pattern following treatment with 

docetaxel between mycoplasma-infected and non-infected cells. Total RNA was isolated from 

A2780 cells treated with (+) or without (-) 0.2 μM docetaxel for 72 h and analyzed by capillary 

gel electrophoresis using the Agilent 2100 Bioanalyzer. Note the presence of distinct bands 

following treatment between the 28S and 18S rRNA, and below the 18S rRNA, which are 

unique to mycoplasma-infected cells. These virtual gel images are presented in technical 

duplicates and are representative of 4 biological replicates (n = 4). Individual scaling was used 

to generate virtual gel images. L: RNA ladder. A2780m: A2780 cells found to be infected by 

mycoplasma. A2780mf: Mycoplasma-infected A2780 cell line following treatment with 

Plasmocin to generate mycoplasma-free cells.  
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We were also concerned that Plasmocin treatment alone may affect RNA banding 

patterns in the absence or presence of stress-inducing agents. This could be independent of the 

infection of cells with mycoplasma. Consequently, we set out to re-infect A2780 cells that 

were previously treated with Plasmocin. Briefly, the re-infection was performed using spent 

culture medium from mycoplasma infected cells (see Section 2.6 for full details) where 

Plasmocin-treated A2780 cells (A2780mf) were treated with the spent culture medium from 

mycoplasma-infected A2780 cells. To control for the use of spent culture medium, a parallel 

treatment was performed using spent culture medium from A2780 cells free of mycoplasma. 

The re-infection of A2780mf cells was confirmed using the PCR-based mycoplasma detection 

kit (Figure 13A). Interestingly, the distinct RNA disruption banding pattern induced by 

docetaxel (as seen in the Narendrula et al. (2016) study264) was also observed following the 

re-infection of cells with mycoplasma and subsequent treatment with docetaxel (A2780ri), 

while the control (A2780co) cells exhibit very little RNA disruption after docetaxel treatment 

(Figure 13B). Additionally, while all of the docetaxel treatments induced a significant increase 

in RDI values (A2780mf: P=0.042, A2780m: P=0.036, A2780co: P=0.025, A2780ri: 

P=0.011), there were no significant differences in RDI values between the infected (P=0.080) 

and uninfected (P=0.30) cell lines (Figure 13C). In terms of cellular RNA content, all 

treatment conditions showed a significant decrease in RNA content (A2780mf: P=0.017, 

A2780m: P=0.016, A2780co: P=0.0011, A2780ri: P=0.0081). Taken together, these results 

show that the RNA disruption banding pattern induced by chemical stressors can be affected 

by the presence of mycoplasma. Interestingly, while the infection of mycoplasma as a stress 

condition does not induce RNA disruption alone, it appears to potentiate RNA disruption in 

cells by chemical stressors and also alters the pattern of RNA disruption induced by the 

stressor.  
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Figure 13: Re-appearance of characteristic RNA degradation banding pattern following re-

infection with mycoplasma. Total RNA was isolated from A2780 cells treated with (+) or 

without (-) 0.2 μM docetaxel for 72 h and analyzed by capillary gel electrophoresis using the 

Agilent 2100 Bioanalyzer. A – PCR detection of mycoplasma contamination.                                   

B – Representative virtual gel image of electropherogram. C – RDI values following drug 

treatment. D – RNA concentrations following drug treatment. Asterisk denotes a significant 

difference between treated sample and untreated (0 μM) control (*: P<0.05, **: P<0.01, ***: 

P<0.001). Error bars represent standard error of measurement from three biological replicates. 

RDI: RNA Disruption Index. A2780mf: A2780 cell line following treatment with Plasmocin 

to generate mycoplasma-free cells. A2780m: A2780 cells found to be infected by 

mycoplasma. A2780co: A2780mf cells cultured in spent media from separate A2780mf cells 

and found to remain mycoplasma-free; control for re-infection. A2780ri: A2780mf cells 

cultured in spent media from A2780m cells, and successfully re-infected with mycoplasma. 

L: RNA ladder.   
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3.1.2 RNA disruption induced in the MDA-MB-231 cell line 

3.1.2.1 Dose- and time-dependency in response to doxorubicin 

Narendrula et al. (2016) found that RNA disruption was induced in multiple breast and 

ovarian cancer cell lines264. Consequently, we set out to determine whether the above chemical 

stressors also induce RNA disruption in the breast adenocarcinoma cell line MDA-MB-231. 

In order to assess dose- and time-dependency for RNA disruption, MDA-MB-231 cells were 

treated for 8, 24, 48 and 72 hours with increasing doses of doxorubicin (Figure 14).  

A two-way ANOVA with repeated measures for both drug dose and treatment time 

revealed a significant interaction between dose and time [F(9,18) = 8.731, n = 3, P < 0.001]. 

Similar to our observations in A2780 cells, RNA disruption was found to be both dose- and 

time-dependent in response to doxorubicin in the MDA-MB-231 cell line (Figure 14). A 

Dunnett’s post-hoc test for multiple comparisons was performed and was limited to 

comparisons of drug treatments to their respective untreated (0 μM) control within each time-

point. After 48 hours, both 1 μM (P<0.001) and 10 μM (P<0.001) doxorubicin concentrations 

were found to induce significant increases in RDI values (Figure 14B). Similarly, after 72 

hours, both 1 μM (P<0.001) and 10 μM (P<0.001) doxorubicin concentrations were found to 

induce significant increases in RDI values (Figure 14B). All other comparisons were not found 

to be significantly different. 

Additionally, doxorubicin’s effect on cellular RNA content was assessed alongside 

RNA disruption (Figure 14C). A two-way ANOVA with repeated measures revealed a 

significant interaction between dose and time for RNA concentrations [F(9,18) = 21.44, n = 3, 

P < 0.001], showing that a decrease in cellular RNA content is both dose- and time-dependent 

in response to doxorubicin (Figure 14C). Also, a Dunnett’s post-hoc test for multiple 

comparisons, limited to comparisons of drug treatments to their respective untreated control 
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within each time-point, revealed that all conditions from 24 to 72 hours of doxorubicin 

treatment, as well as the 8-hour-10 μM treatment condition, showed a significant decrease in 

RNA concentrations (Figure 14C).  
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Figure 14: Dose- and time-dependent RNA disruption in response to doxorubicin in 

MDA-MB-231 cells. MDA-MB-231 cells were treated from 8 to 72 h with increasing 

concentrations of doxorubicin. Total RNA was isolated from cells following drug treatment 

and RNA integrity was analyzed by capillary gel electrophoresis. A – Representative virtual 

gel image of electropherogram. B – RDI values following doxorubicin treatment. C – RNA 

concentrations following doxorubicin treatment. Asterisk denotes a significant difference 

between treated sample and untreated (0 μM) control at the respective time-point (*: P<0.05, 

**: P<0.01, ***: P<0.001). Error bars represent standard error of measurement from three 

biological replicates. RDI: RNA Disruption Index. 
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3.1.2.2 Multiple chemotherapy agents induce RNA disruption: topoisomerase 

inhibitors 

 Similar to the A2780 cell line, we set out to investigate whether RNA disruption was 

a widespread phenomenon in the MDA-MB-231 cell line. For the purpose of comparison, 

similar dose ranges were used for chemotherapy treatments in the MDA-MB-231 cell line. 

RDI values showed a small (2-fold) but significant increase in RNA disruption induced by 

doxorubicin at the 0.1 μM dose, while the 1 μM and 10 μM doses were found to induce 

moderately strong RNA disruption (12-fold and 14-fold increases, respectively; Figure 15B & 

Table 3). Similarly, epirubicin was found to induce a strong significant increase in RDI for 

both the 1 μM and 10 μM doses (Figure 15B & Table 3). Finally, while the lower 1 μM dose 

of etoposide did not induce a significant increase in RDI, the 10 μM dose was found to induce 

a small but significant increase in RDI value (2-fold) while the 100 μM dose was found to 

induce a moderately strong increase in RDI value (10-fold; Figure 15B & Table 3). All above 

treatment conditions were also found to induce a significant decrease in RNA content (Figure 

15C & Table 3). Taken together, similar to the A2780 cell line, topoisomerase II inhibitors 

doxorubicin, epirubicin and etoposide were found to induce strong RNA disruption in the 

MDA-MB-231 cell line (Figure 15). 
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Figure 15: Dose-dependent RNA disruption in response to topoisomerase II inhibitors in 

MDA-MB-231 cells. MDA-MB-231 cells were treated for 72 h with increasing concentrations 

of doxorubicin, epirubicin and etoposide. Total RNA was isolated from cells following drug 

treatment and RNA integrity was analyzed by capillary gel electrophoresis. A – Representative 

virtual gel image of electropherogram. B – RDI values following drug treatment. C – RNA 

concentrations following drug treatment. Asterisk denotes a significant difference between 

treated sample and untreated (0 μM) control (*: P<0.05, **: P<0.01, ***: P<0.001). Error bars 

represent standard error of measurement from three (etoposide) or four (doxorubicin and 

epirubicin) biological replicates. RDI: RNA Disruption Index. 
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Table 3: Statistical significance of stress-induced RNA disruption in response to multiple 

chemotherapy agents and cellular stressors in the MDA-MB-231 cell line. 

 aEffect: – no effect, + minimal, ++ substantial, +++ strong, ++++ total loss of 28S/18S rRNA 
bNS: not significant, *: P<0.05, **: P<0.01, ***: P<0.001 
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3.1.2.3 Multiple chemotherapy agents induce RNA disruption: taxanes and 

platinating agents 

Similar to the A2780 cell line, taxanes paclitaxel and docetaxel as well as platinating 

agents cisplatin and carboplatin were assessed for their ability to induce RNA disruption in 

the MDA-MB-231 cell line. Paclitaxel was found to induce a small but significant increase in 

RDI values at both the 0.2 μM and 2 μM treatment doses (2-fold and 3-fold, respectively; 

Figure 16B & Table 3). However, while docetaxel appeared to induce a similarly small 

increase in RDI values, the increase was not found to be statistically significant for both the 

0.2 μM and 2 μM doses (Figure 16B & Table 3). However, both paclitaxel and docetaxel 

showed a significant decrease in RNA concentrations following treatment for both doses 

(Figure 16C & Table 3). 

For cisplatin, both the 1.7 μM and 17 μM doses did not induce a significant increase 

in RDI values (Figure 16B & Table 3). Similarly, for carboplatin, both the 20 μM and 200 μM 

doses did not induce a significant increase in RDI values (Figure 16B). However, both 

cisplatin doses induced a significant decrease in RNA concentrations, while only the higher 

of the two carboplatin doses induced a significant decrease in RNA concentration (Figure 16C 

& Table 3). In summary, both paclitaxel and docetaxel were found to induce a small increase 

in RDI values, but only the RDI increase for paclitaxel was found to be statistically significant. 

For platinating agents, neither cisplatin nor carboplatin were found to induce RNA disruption. 

Both taxanes and both platinating agents did, however, show a decrease in RNA content post-

treatment (Figure 16). 
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Figure 16: Dose-dependent RNA disruption in response to taxanes and platinating agents in 

MDA-MB-231 cells. MDA-MB-231 cells were treated for 72 h with increasing concentrations 

of paclitaxel, docetaxel, cisplatin and carboplatin. Total RNA was isolated from cells 

following drug treatment and RNA integrity was analyzed by capillary gel electrophoresis.    

A – Representative virtual gel image of electropherogram. B – RDI values following drug 

treatment. C – RNA concentrations following drug treatment. Asterisk denotes a significant 

difference between treated sample and untreated (0 μM) control (*: P<0.05, **: P<0.01, ***: 

P<0.001). Error bars represent standard error of measurement from three (paclitaxel and 

carboplatin) or four (docetaxel and cisplatin) biological replicates. RDI: RNA Disruption 

Index. 
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3.1.2.4 Multiple chemotherapy agents induce RNA disruption: plant alkaloids  

Similar to the A2780 cell line, the ability of plant alkaloids vincristine and irinotecan 

to induce RNA disruption was assessed in the MDA-MB-231 cell line (Figure 17). For 

vincristine, both the 50 nM and 500 nM doses were found to induce a small but statistically 

significant increase in RDI values (both 3-fold increases; Figure 17B & Table 3). Also, both 

vincristine doses were found to significantly decrease RNA content (Figure 17C & Table 3). 

For irinotecan, neither the 4 μM nor 40 μM doses were found to induce a significant increase 

in RDI values (Figure 17B & Table 3). However, only the 40 μM irinotecan dose was found 

to significantly decrease post-treatment RNA concentrations (Figure 17C & Table 3). Taken 

together, vincristine was found to induce low RNA disruption while irinotecan was unable to 

induce RNA disruption in the MDA-MB-231 cell line (Figure 17). In summary, approximately 

half (five out of nine) of the chemotherapy agents used to treat MDA-MB-231 cells were found 

to induce RNA disruption; however, similar to the A2780 cell line, the extent of RNA 

disruption varied greatly between the chemotherapy agents.  
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Figure 17: Dose-dependent RNA disruption in response to plant alkaloids in MDA-MB-231 

cells. MDA-MB-231 cells were treated for 72 h with increasing concentrations of vincristine 

and irinotecan. Total RNA was isolated from cells following drug treatment and RNA integrity 

was analyzed by capillary gel electrophoresis. A – Representative virtual gel image of 

electropherogram. B – RDI values following drug treatment. C – RNA concentrations 

following drug treatment. Asterisk denotes a significant difference between treated sample 

and untreated (0 μM) control (*: P<0.05, **: P<0.01, ***: P<0.001). Error bars represent 

standard error of measurement from three (irinotecan) or four (vincristine) biological 

replicates. RDI: RNA Disruption Index. 
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3.1.2.5 Multiple cellular stressors induce RNA disruption in MDA-MB-231 cells 

As the ability of cellular stressors to induce RNA disruption was shown in the A2780 

cell line, similar experiments were conducted in the MDA-MB-231 cell line to assess whether 

cellular stressors induce RNA disruption in cell lines other than the A2780 cell line. For culture 

medium dilutions, the 25% culture medium condition was not found to induce RNA disruption 

while the 10% culture medium dilution was found to induce a small but significant increase 

in RDI value (3-fold; Figure 18B & Table 3). The 5% culture medium dilution was found to 

induce a strong significant increase in RDI value (23-fold; Figure 18B & Table 3). Similarly, 

protein translation inhibitor cycloheximide291 was found to induce a moderately strong 

increase in RDI values for both the 0.1 mM and 1 mM doses (8-fold and 15-fold increases, 

respectively; Figure 18B & Table 3). 

For ER stressor thapsigargin, the 1 μM dose did not induce RNA disruption while the 

10 μM dose induced a small but significant increase (3-fold) in RDI value (Figure 18B & 

Table 3). Similarly, both 1 μM and 10 μM tunicamycin induced a small but significant 

increase in RDI values (4-fold and 5-fold increases, respectively; Figure 18B & Table 3). 

Additionally, treatment conditions for all cellular stressors were found to significantly 

decrease RNA content (Figure 18C & Table 3). Taken together, cellular stressors besides 

chemotherapy agents were found to induce RNA disruption in the MDA-MB-231 cell line 

(Figure 18).  
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Figure 18: Dose-dependent RNA disruption in response to various cellular stressors in 

MDA-MB-231 cells. MDA-MB-231 cells were treated for 72 h with various culture medium 

dilutions, as well as increasing concentrations of protein translation inhibitor cycloheximide, 

and ER stressors thapsigargin and tunicamycin. Total RNA was isolated from cells following 

drug treatment and RNA integrity was analyzed by capillary gel electrophoresis.                            

A – Representative virtual gel image of electropherogram. B – RDI values following drug 

treatment. C – RNA concentrations following drug treatment. Asterisk denotes a significant 

difference between treated sample and untreated (0 μM) control (*: P<0.05, **: P<0.01, 

***: P<0.001). Error bars represent standard error of measurement from three biological 

replicates. RDI: RNA Disruption Index. 
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3.2 The relationship between RNA disruption and cell death 

In Section 3.1, we observed that multiple mechanistically distinct chemotherapy agents 

induced RNA disruption, as well as multiple cellular stressors. However, the extent of RNA 

disruption varied greatly between the various stressors utilized in this study. For example, 

anthracyclines doxorubicin and epirubicin were found to induce strong RNA disruption while 

taxanes were found to induce low but significant increases in RDI values. While the low 

increase in RDI values for taxanes was mostly found to be statistically significant, the 

biological significance of such a low RDI value following treatment is not well established. 

In the context of a chemotherapy response tool, the specific relationship between RDI values 

and tumor viability or tumor cell death must be established as it allows to define threshold 

RDI values that could be used to separate responders from non-responders and ultimately 

improve patient care. In this section, we set out to evaluate the relationship between the extent 

of RNA disruption, as defined by the RNA Disruption Index (RDI), and cell death, as defined 

by the results of multiple cell viability assays including cell counting, a recovery assay and 

DNA content analysis via flow cytometry. First, we evaluated this relationship in response to 

protein translation inhibitor cycloheximide, a stressor known to be cytostatic at low 

concentrations and cytotoxic at high concentrations292, and these results were recently 

published265. Second, we investigated this relationship between chemotherapy agents 

doxorubicin, docetaxel and irinotecan, which were found to induce strong, low and minimal 

RNA disruption, respectively, in the A2780 cell line. 
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3.2.1 Cycloheximide in the A2780 cell line 

3.2.1.1 Cycloheximide-induced RNA disruption 

Cycloheximide is a chemical cellular stressor that suppresses protein synthesis in cells. 

The drug induces cell destruction (i.e. it is cytotoxic) at high doses, but only induces cell cycle 

arrest (i.e. it is cytostatic) at lower doses292. We thus decided to investigate whether 

cycloheximide also induces RNA disruption and whether this occurs at both cytotoxic and 

cytostatic concentrations. In order to span dose ranges that include both cytostatic and 

cytotoxic doses of cycloheximide, multiple 3-fold serial dilutions of a 945 μM stock 

concentration of cycloheximide were prepared, as well as drug-free control medium. As seen 

in Figure 19B, the lower 0.016 μΜ (P=0.50), 0.048 μM (P=0.21), 0.14 μM (P=0.21), and 

0.43 μM (P=0.092) concentrations of cycloheximide did not induce a significant increase in 

RDI values. However, the higher 1.3 μM (P=0.0065), 3.9 μM (P=0.013), 12 μM (P=0.0083), 

35 μM (P=0.0087), 105 μM (P=0.016) and 315 μM (P=0.032) doses of the drug induced a 

dose-dependent increase in RNA disruption (ranging from 4-fold to 254-fold; Figure 19B). 

The highest dose of cycloheximide [945 μM (P=0.18)] did not generate sufficient RNA to 

compute an RDI value for all replicates, due to total loss of 28S and 18S rRNA peaks in the 

electropherogram. Ultimately, cycloheximide concentrations ≥1.3 μM were found to induce 

RNA disruption while lower concentrations of cycloheximide did not (Figure 19). 

Additionally, the effect of cycloheximide on the quantity of RNA recovered was 

plotted (Figure 19C). While the three lower doses of cycloheximide did not significantly affect 

RNA concentrations (0.016 μM: P=0.25, 0.048 μM: P=0.10 & 0.14 μM: P=0.33), all other 

doses of cycloheximide significantly decreased RNA content: 0.43 μM (P=0.0084), 1.3 μM 

(P=0.0017), 3.9 μM (P<0.001), 12 μM (P<0.001), 35 μM (P<0.001), 105 μM (P<0.001), 

315 μM (P<0.001) and 945 μM (P<0.001; Figure 19C). 
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Figure 19: Dose-dependent RNA disruption in response to protein translation inhibitor 

cycloheximide. A2780 cells were treated for 72 h with increasing concentrations of 

cycloheximide. Total RNA was isolated from cells following drug treatment and RNA 

integrity was analyzed by capillary gel electrophoresis. A – Representative virtual gel image 

of electropherogram. B – RDI values following drug treatment. C – RNA concentrations 

following drug treatment. Asterisk denotes a significant difference between treated sample 

and untreated (0 μM) control (*: P<0.05, **: P<0.01, ***: P<0.001). Error bars represent 

standard error of measurement from three biological replicates. RDI: RNA Disruption Index. 
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3.2.1.2 Effects of cycloheximide on cell number 

We then assessed whether increased RNA disruption was associated with loss of cell 

viability, as measured using several assays, including cell destruction (loss of cell numbers). 

Non-adherent and adherent cells following treatment were collected and the number of cells 

present were quantified using a haemocytometer, as described in Materials and Methods. In 

order to assess the effect of chemical agents on cell numbers, cell counting included a sample 

that is counted at the time of treatment (0 h NT), in order to quantify the number of cells at 

baseline (prior to treatment), which is approximately 24 hours after plating 150,000 cells. 

Statistical analyses were performed comparing cell numbers in treated cell cultures to both the 

0 h and 72 h untreated samples. Compared to the 72 h untreated (0 μM) sample, only the 

0.016 μM dose of cycloheximide had no effect on cell number (P=0.066), while a significant 

decrease in cell number was induced by all other cycloheximide concentrations: 

0.048 μM (P=0.026), 0.14 μM (P<0.001), 0.43 μM (P<0.001), 1.3 μM (P<0.001), 3.9 μM 

(P<0.001), 12 μM (P<0.001), 35 μM (P<0.001), 105 μM (P<0.001), 315 μM (P<0.001) and 

945 μM (P<0.001; Figure 20). However, a decrease in cell number compared to the 72 h 

untreated control cannot distinguish between cytostatic and cytotoxic doses of cycloheximide 

as a decrease in cell number can reflect cell death and/or the inhibition of cell replication.  

A comparison between the cell number following treatment and the starting cell 

number (0 h) can help to identify doses of cycloheximide where a net loss of cell numbers is 

observed, which is generally undisputed to be the result of cell death (cell destruction). For 

these comparisons, cell cultures treated with cycloheximide doses 0 μM (P<0.001), 0.016 μM 

(P<0.001), 0.048 μM (P=0.0010), 0.14 μM (P=0.0023) and 0.43 μM (P=0.013) showed an 

increase in cell number compared to the untreated 0 h control (due to cell replication; Figure 

20). For cultures with 1.3 μM (P=0.28) and 3.9 μM (P=0.093) cycloheximide, the cell number 
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was not found to be significantly different from the untreated 0 h control, suggesting a strong 

cytostatic effect (Figure 20). However, a significant decrease in cell number was observed for 

cultures incubated with 12 μM (P=0.0042), 35 μM (P<0.001), 105 μM (P<0.001), 315 μM 

(P<0.001) and 945 μM (P<0.001) cycloheximide (Figure 20). These results show that 

cycloheximide concentrations ≥12 μM induce a decrease in total cell number during treatment, 

suggesting that cycloheximide doses ≥12 μM are cytotoxic to A2780 cells.  
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Figure 20: Decrease in cell number in response to cycloheximide. A2780 cells were treated 

for 72 h with increasing concentrations of cycloheximide. Total cell number was counted 

using a haemocytometer at the time of treatment (0 h) and following treatment. Asterisk (*) 

denotes a significant difference between 72 h sample and untreated (0 h NT) control, while 

pound (#) denotes a significance difference between the treated sample and untreated (72 h) 

control (*/#: P<0.05, **/##: P<0.01, ***/###: P<0.001). Black bars denote a total cell count 

mean greater than the 0 h control, while white bars denote a total cell count mean less than the 

0 h control. Error bars represent standard error of measurement from four biological replicates.  
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3.2.1.3 Effects of cycloheximide on post-treatment cell replication 

A recovery assay is a cell viability assay that demonstrates whether or not cells can 

replicate following drug treatment. Cells are collected following treatment and re-plated at an 

equal cell number in nutrient-rich drug-free culture medium. In this study, the recovery assay 

was performed using an automated microscope programmed to take several pictures (36 fields) 

of each cell culture every eight hours, and subsequent analysis involved the assessment of 

plate confluence using computer software (IncuCyte® S3 Live-Cell Analysis system). The 

confluence was then normalized to the first scan in order to account for loading variability due 

to the difficulty of counting cells following drug treatment. It is worth noting that this recovery 

assay was limited to a four-day recovery period, and therefore only reflects short-term 

recovery of cells. 

The normalized confluence was plotted over time to generate growth curves 

(Figure 21A). For statistical analysis, the 96 h time-point was plotted in a bar graph in order 

to assess whether cycloheximide at various doses induces a partial or complete loss in cell 

replication. The normalized confluence was surprisingly found to be significantly higher for 

0.016 μM (P<0.030) while no significant changes were reported for cycloheximide doses 

0.048 μM (P=0.14) and 0.14 μM (P=0.15; Figure 21B). When combining these results to cell 

counting, we see that while 0.14 μM cycloheximide significantly reduces the cell number, 

cellular recovery is not impaired, demonstrating a clear example of cycloheximide’s cytostatic 

(transient growth arrest) effect on A2780 cells at low doses. 

Cellular recovery was impaired for doses ≥0.43 μM, including 0.43 μM (P=0.0068), 

1.3 μM (P=0.0076), 3.9 μM (P=0.0070), 12 μM (P=0.0034), 35 μM (P=0.0014), 105 μM 

(P<0.001), 315 μM (P=0.0019) and 945 μM (P=0.0028), showing that after the removal of 

the drug, cellular recovery was significantly decreased (Figure 21B). Additionally, since a 
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normalized confluence value of two theoretically represents one complete cell doubling, doses 

where the mean normalized confluence did not reach a value of two after 96 hours were 

deemed to show total loss of cellular recovery, since A2780 cells have a doubling time of 

approximately 18 hours. Subjectively, a flat growth curve (slope of zero) during recovery is 

also considered to show a total loss of cellular recovery. For both 315 μM and 945 μM doses 

of cycloheximide, a total loss of cellular recovery was observed (Figure 21). 
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Figure 21: Ability to replicate following treatment in response to cycloheximide. A2780 cells 

were treated for 72 h with increasing concentrations of cycloheximide. Following treatment, 

cells were re-plated in drug-free medium and monitored for cell growth for 96 h using the 

IncuCyte® S3 Live-Cell Analysis system. A – Growth curves generated by the IncuCyte® 

system. B – Representation of the 96 h recovery time-point data in a bar graph. Asterisk 

denotes a significant difference between treated sample and untreated (0 μM) control                

(*: P<0.05, **: P<0.01, ***: P<0.001). Black bars denote a confluence (normalized to 0 h) 

value greater than 2 while white bars denote a confluence (normalized to 0 h) value less than 

2, suggesting the lack of a complete cell doubling. Error bars represent standard error of 

measurement from three biological replicates.  
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3.2.1.4 Clonogenic assay 

Finally, a clonogenic assay was also used to monitor the effect of cycloheximide on 

cell viability. This assay assesses the ability of drugs to reduce formation of colonies by cells 

after drug treatment and re-introduction into drug-free semi-solid culture medium. This assay 

also allows the investigator to determine the IC50, which is the drug concentration causing a 

50% reduction in colony formation and is measured by a sigmoidal fit of the survival fraction 

over the log10 value of the drug concentration. In Figure 22A, a representative plot of the 

sigmoidal fit is shown. For the A2780 cell line, the IC50 for cycloheximide was found to be 

0.252 μM ± 0.109 μM (Figure 22).  

For the clonogenic assay, while the 0.016 μM cycloheximide concentration did not 

decrease the colony count (P=0.073), all other cycloheximide concentrations were found to 

show a significant decrease in colony count after the 8-day drug incubation period: 0.048 μM 

(P=0.013), 0.14 μM (P=0.019), 0.43 μM (P=0.0062), 1.3 μM (P=0.0090), 3.9 μM 

(P=0.0025), 12 μM (P=0.0032), 35 μM (P=0.0024), 105 μM (P=0.0012), 315 μM (P=0.0025) 

and 945 μM (P<0.001; Figure 22B). Unlike the recovery assay where cells are re-plated at an 

equal cell number, the clonogenic assay does not undergo a similar step. The clonogenic assay 

is therefore affected by both the cytostatic and cytotoxic effects of cycloheximide, as 

demonstrated in Figure 22. 

For cycloheximide, cell counting found that concentrations ≥12 μM were cytotoxic 

while the recovery assay found that cellular recovery was impaired for concentrations 

≥0.43 μM and completely inhibited for concentrations ≥315 μM. The clonogenic assay 

responded to much lower doses where a decrease in colony formation was significant for 

concentrations ≥0.048 μM. Similar observations were made for the trypan blue exclusion 

assay and CCK8 assay265, which monitor plasma membrane integrity and cellular metabolism, 
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respectively, as these assays are sensitive to both cytostatic and cytotoxic effects. Interestingly, 

the RDA showed responsiveness almost exclusively to cytotoxic drug doses, reflecting a loss 

in cell viability, and little to no responsiveness to viable cells. 
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Figure 22: Survival fraction and decrease in colony counts in response to cycloheximide. 

A2780 cells were treated for 24 h with increasing concentrations of cycloheximide. Following 

treatment, cells were re-plated in methylcellulose and colony counts were counted 8 days later 

by the IncuCyte® S3 Live-Cell Analysis system. A – Survival fraction following 8-day 

incubation. Survival fraction represents the ratio of colony counts relative to untreated (0 μM) 

control. Panel A, including the IC50 value, is representative of three biological replicates. 

Error bars represent standard error of measurement from seven fields of view. B – Raw colony 

counts after 8-day incubation. Colony counts indicate the average number of colonies per field 

of view. Asterisk denotes a significant difference between treated sample and untreated (0 μM) 

control (*: P<0.05, **: P<0.01, ***: P<0.001). Error bars represent standard error of 

measurement from three biological replicates. IC50: half maximal inhibitory concentration. 
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3.2.2 Doxorubicin in the A2780 cell line 

3.2.2.1 Doxorubicin-induced RNA disruption 

Doxorubicin was previously shown to induce strong RNA disruption in both a dose- 

and time-dependent manner in the A2780 cell line (Figure 3). Doxorubicin was chosen as a 

treatment to compare the RDA to other cell viability assays as it induces strong RNA 

disruption, while docetaxel and irinotecan were chosen for their ability to induce low to 

minimal RNA disruption.  

In Figure 23B, we see that the lower 0.017 nM (P=0.092), 0.051 nM (P=0.21), 

0.15 nM (P=0.092), 0.46 nM (P=0.21), 1.4 nM (P=0.092) and 4.1 nM (P=0.11) 

concentrations of doxorubicin did not induce a significant increase in RDI values. However, 

the 12 nM (P=0.037), 37 nM (P=0.048), 111 nM (P=0.013) and 333 nM (P=0.023) doses of 

doxorubicin were found to induce dose-dependent increases in RNA disruption (Figure 23B). 

For the highest dose of doxorubicin (1 μM), only one RDI value could be generated, due to 

extensive RNA disruption and loss of the 28S and 18S rRNA peaks in the other replicates. 

Nevertheless, with additional replicates, 1 μM doxorubicin was found to consistently induce 

strong RNA disruption (Figure 5). Ultimately, doxorubicin concentrations ≥12 nM were found 

to induce RNA disruption while lower concentrations of doxorubicin did not (Figure 23). 

Additionally, RNA concentrations were unaffected by doxorubicin doses 0.017 nM 

(P=0.36), 0.051 nM (P=0.25), 0.15 nM (P=0.35), 0.46 nM (P=0.36) and 1.4 nM (P=0.42; 

Figure 23C). However, doxorubicin doses 4.1 nM (P=0.032), 12 nM (P=0.022), 37 nM 

(P=0.0052), 111 nM (P=0.0030), 333 nM (P=0.0025) and 1 μM (P=0.025) induced a 

significant decrease in RNA content (Figure 23C). 
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Figure 23: Dose-dependent RNA disruption in response to doxorubicin. A2780 cells were 

treated for 72 h with increasing concentrations of doxorubicin. Total RNA was isolated from 

cells following drug treatment and RNA integrity was analyzed by capillary gel 

electrophoresis. A – Representative virtual gel image of electropherogram. B – RDI values 

following drug treatment. C – RNA concentrations following drug treatment. Asterisk denotes 

a significant difference between treated sample and untreated (0 μM) control (*: P<0.05, 

**: P<0.01, ***: P<0.001). Error bars represent standard error of measurement from three 

biological replicates. RDI: RNA Disruption Index. 

  



 133 

3.2.2.2 Effects of doxorubicin on cell number 

Similar to cycloheximide, the cytotoxic effect of doxorubicin was assessed with 

multiple cell viability assays including cell counting, a recovery assay and DNA content 

analysis via flow cytometry. Compared to the 72 h untreated (0 μM) sample, the 0.017 nM 

(P=0.50), 0.051 nM (P=0.45), 0.15 nM (P=0.16), 0.46 nM (P=0.23), 1.4 nM (P=0.20) and 

4.1 nM (P=0.48) doses of cycloheximide had no effect on cell number, while a significant 

decrease in cell number was observed for all other doxorubicin concentrations: 12 nM 

(P=0.048), 37 nM (P=0.0053), 111 nM (P=0.0046), 333 nM (P=0.0048) and 1 μM 

(P=0.0041; Figure 24). However, a decrease in cell number compared to the 72 h untreated 

control cannot distinguish between cytostatic and cytotoxic doses of doxorubicin as a decrease 

in cell number can reflect both cell death and/or the inhibition of cell replication.  

As previously stated, a comparison between the cell number following treatment and 

the starting cell number (0 h) can help to identify doses where a loss of cell number was 

observed, which implies that cellular destruction has taken place. When comparing to the 0 h 

untreated sample, cultures with 0 μM (P=0.010), 0.017 nM (P<0.001), 0.051 nM (P=0.0048), 

0.15 nM (P=0.0068) 0.46 nM (P=0.010), 1.4 nM (P=0.0074) and 4.1 nM (P=0.038) doses of 

doxorubicin showed an increase in cell number compared to the untreated 0 h control (Figure 

24). For 12 nM (P=0.083) doxorubicin, there was no change in cell number compared to the 

untreated 0 h control, suggesting a cytostatic effect (Figure 24). The trend does, however, 

suggest that cell growth is still present at this doxorubicin concentration. A significant 

decrease in cell number relative to the 0 h control was observed for cells treated with 37 nM 

(P=0.038), 111 nM (P<0.001), 333 nM (P=0.0023) and 1 μM (P=0.0025) doxorubicin 

(Figure 24). These results show that doxorubicin concentrations ≥37 nM decreased total cell 

number during treatment, suggesting that doxorubicin doses ≥37 nM were cytotoxic.  
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Figure 24: Decrease in cell number in response to doxorubicin. A2780 cells were treated for 

72 h with increasing concentrations of doxorubicin. Total cell number was counted using a 

haemocytometer at the time of treatment (0 h) and following treatment. Asterisk denotes a 

significant difference between 72 h sample and untreated (0 h) control, while pound (#) 

denotes a significance difference between the treated sample and untreated (72 h) control (*/#: 

P<0.05, **/##: P<0.01, ***/###: P<0.001). Black bars denote a total cell count mean greater 

than the 0 h control, while white bars denote a total cell count mean less than the 0 h control. 

Error bars represent standard error of measurement from three biological replicates.  
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3.2.2.3 Effects of doxorubicin on post-treatment cell replication 

The recovery assay was again used to assess the ability of cells to replicate following 

doxorubicin treatment. The normalized confluence was plotted over time to generate growth 

curves (Figure 25A). For statistical analysis, the 96 h time-point was plotted in a bar graph in 

order to assess whether a partial or complete loss in cellular recovery could be observed. The 

growth curves show that cellular recovery was achieved for doxorubicin concentrations 

≤4.1 nM, while doses ≥37 nM completely inhibited cell recovery upon drug removal 

(Figure 25A). Additionally, 12 nM doxorubicin was found to permit partial recovery of cells 

(Figure 25A).  

The normalized confluence was not found to be significantly decreased after 96 hours 

of 0.017 nM (P=0.16), 0.051 nM (P=0.46), 0.46 nM (P=0.053) and 1.4 nM (P=0.20) 

doxorubicin treatment (Figure 25B). The 0.15 nM (P=0.0090) doxorubicin concentration 

showed a very small but significant increase in normalized confluence (Figure 25B). 

Doxorubicin concentrations 4.1 nM (P=0.029) and 12 nM (P=0.030) showed significantly 

impaired but partial cellular recovery (Figure 25B). Finally, cellular recovery was completely 

lost for doses ≥37 nM, including 37 nM (P=0.0033), 111 nM (P=0.0033), 333 nM 

(P=0.0032) and 1 μM (P=0.0036) doxorubicin (Figure 25B). These recovery assay results 

support the findings from cell counting that cytotoxicity (cell destruction) is observed for 

doxorubicin concentrations ≥37 nM. 
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Figure 25: Ability to replicate following treatment in response to doxorubicin. A2780 cells 

were treated for 72 h with increasing concentrations of doxorubicin. Following treatment, cells 

were re-plated in drug-free medium and monitored for cell growth for 96 h using the 

IncuCyte® S3 Live-Cell Analysis system. A – Growth curves generated by the IncuCyte® 

system. B – Representation of the 96 h recovery time-point data in a bar graph. Asterisk 

denotes a significant difference between treated sample and untreated (0 μM) control (*: 

P<0.05, **: P<0.01, ***: P<0.001). Black bars denote a confluence (normalized to 0 h) value 

greater than 2 while white bars denote a confluence (normalized to 0 h) value less than 2, 

suggesting the lack of a complete cell doubling. Error bars represent standard error of 

measurement from three biological replicates.  
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3.2.2.4 Effects of doxorubicin on cellular DNA content 

The final assay used in this study to evaluate cell viability in response to drug treatment 

was ploidy analysis (DNA content analysis) using flow cytometry. Briefly, cells were fixed 

following treatment and stained with propidium iodide (staining DNA) and analyzed by flow 

cytometry. As seen in Figure 26, a healthy distribution of proliferating cells is displayed in the 

untreated (0 μM) sample. While many of the cells show diploid (2n) DNA content in either 

the resting G0 or growth G1 phase of the cell cycle, cells that have replicated their DNA show 

tetraploid (4n) DNA content and have completed the DNA synthesis phase (S) or are preparing 

for (G2) or undergoing mitosis (M). A small additional flat peak is sometimes found beyond 

the G2/M phase showing aggregated cells or cells exhibiting multinucleation 

(euploidy/polyploidy). This is not uncommon for cancer cell lines. Finally, any cells 

possessing a SubG1 DNA content are representative of cells showing less than 2n of DNA 

content, which is generally associated with fragments of dying cells. Drug-induced cell death 

is generally associated with an increase in the number of cells with a SubG1 DNA content and 

a decrease in the number of cells with a 2n or 4n DNA content.  

DNA content analysis was performed after 72 hours of treatment for the same dose 

range as the previous cell viability assays. As seen in Figure 26A, increasing doxorubicin 

doses show an increase in the SubG1 region and a decrease in the G0/G1 phases of the cell 

cycle. Additionally, an accumulation of cells in the G2/M phase in the higher doxorubicin 

doses suggests mitotic arrest in this G2/M phase of the cell cycle. Finally, 1 μM doxorubicin 

demonstrated a complete loss of G0/G1, S and G2/M peaks in the DNA content histogram 

(Figure 26A).  

Event counts from the SubG1 region were plotted and statistical analyses were 

performed to evaluate the first doxorubicin dose demonstrating a significant increase in the 
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SubG1 region, suggesting the first dose of doxorubicin inducing measurable levels of 

increased cell death (cytotoxic; Figure 26B). The percentage of cells in the SubG1 region was 

not found to be significantly different after 72 hours for doxorubicin doses 0.017 nM 

(P=0.46), 0.051 nM (P=0.41), 0.15 nM (P=0.17), 0.46 nM (P=0.19), 1.4 nM (P=0.23) and 

4.1 nM (P=0.063; Figure 26B). However, doxorubicin doses 12 nM (P=0.038), 37 nM 

(P=0.010), 111 nM (P<0.001), 333 nM (P<0.001) and 1 μM (P<0.001) were found to 

significantly increase the percentage of cells in the SubG1 region, demonstrating cytotoxic 

doses of doxorubicin (Figure 26B). Markedly, over 90% of cells were found in the SubG1 

region for 1 μM doxorubicin (Figure 26B). 

In summary, for doxorubicin, cell counting found that concentrations ≥37 nM were 

cytotoxic (based on a reduction in cell number), while the recovery assay found that cellular 

recovery was impaired for concentrations ≥4.1 nM and completely inhibited for 

concentrations ≥37 nM. Finally, DNA content analysis revealed that doxorubicin doses 

≥12 nM showed an increase in the number of cells with SubG1 DNA content, representative 

of drug doses that induced even a minimal level of cell death. Interestingly, the results from 

the RDA aligned best with the results from flow cytometric DNA content analysis in response 

to doxorubicin, responding exclusively to cytotoxic drug doses that significantly induced cell 

death, and these findings are further supported by the results generated from the cell counting 

and recovery assay. 
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Figure 26: Cell cycle analysis by flow cytometry in response to doxorubicin. A2780 cells were 

treated for 72 h with increasing concentrations of doxorubicin. Cells were fixed and stained 

with propidium iodide following drug treatment and analyzed for ploidy analysis (DNA 

content analysis) via flow cytometry. A – Representative histogram of stained cells.                     

B – Quantitation of SubG1 region. Asterisk denotes a significant difference between treated 

sample and untreated (0 μM) control (*: P<0.05, **: P<0.01, ***: P<0.001). Error bars 

represent standard error of measurement from three biological replicates.  
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3.2.3 Docetaxel in the A2780 cell line 

3.2.3.1 Docetaxel-induced RNA disruption 

Similar to previous examples, the ability of docetaxel, a chemotherapy agent in the 

taxane family, to induce RNA disruption over a wide range of concentrations was assessed in 

order to compare these results to other cell viability assays. Docetaxel was previously shown 

to induce low but significant RNA disruption (Figure 6). In Figure 27, we see that the lower 

0.034 nM (P=0.21), 0.10 nM (P=0.21), 0.30 nM (P=0.092) and 0.91 nM (P=0.21) 

concentrations of docetaxel did not induce a significant increase in RDI values. However, 

docetaxel doses 2.7 nM (P=0.029), 8.2 nM (P=0.033), 25 nM (P=0.031), 74 nM (P=0.027), 

222 nM (P=0.014), 666 nM (P=0.030) and 2 μM (P=0.017) doses were found to induce low 

but significant RNA disruption (from 2-fold to 9-fold; Figure 27). Ultimately, docetaxel 

concentrations ≥2.7 nM were found to induce RNA disruption while lower concentrations of 

docetaxel did not.  

Additionally, while docetaxel induced low RNA disruption, several of the higher 

docetaxel concentrations induced a significant decrease in RNA content: 2.7 nM (P=0.031), 

8.2 nM (P=0.018), 25 nM (P=0.015), 74 nM (P=0.014), 222 nM (P=0.013), 666 nM 

(P=0.013) and 2 μM (P=0.013; Figure 27C). However, the lower doses of docetaxel did not 

affect RNA yields: 0.034 nM (P=0.14), 0.10 nM (P=0.18), 0.30 nM (P=0.11) and 0.91 nM 

(P=0.11; Figure 27C). 
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Figure 27: RNA integrity analysis in response to docetaxel. A2780 cells were treated for 72 h 

with increasing concentrations of docetaxel. Total RNA was isolated from cells following drug 

treatment and RNA integrity was analyzed by capillary gel electrophoresis. A – Gel image of 

total RNA. B – RDI values following drug treatment. C – RNA concentrations following drug 

treatment. Asterisk denotes a significant difference between treated sample and untreated 

(0 μM) control (*: P<0.05, **: P<0.01, ***: P<0.001). Error bars represent standard error of 

measurement from three biological replicates. RDI: RNA Disruption Index. 
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3.2.3.2 Effects of docetaxel on cell number 

We then assessed whether the statistically significant increases in RDI induced by 

docetaxel are associated with loss of cell viability. Similar to previous stressors, cell counting 

was first performed to assess cytotoxicity. Compared to the 72 h untreated (0 μM) sample, the 

0.034 nM (P=0.41), 0.10 nM (P=0.32) and 0.30 nM (P=0.40) doses were not found to induce 

a significant decrease in cell number, while significant decreases in cell number were induced 

by all other docetaxel concentrations: 0.91 nM (P=0.016), 2.7 nM (P=0.0090), 8.2 nM 

(P=0.0049), 25 nM (P=0.0049), 74 nM (P=0.0044), 222 nM (P=0.0042), 666 nM 

(P=0.0032) and 2 μM (P=0.0042; Figure 28). However, as previously stated, a decrease in 

cell number compared to the 72 h untreated control cannot distinguish between cytostatic and 

cytotoxic doses of docetaxel as a decrease in cell number can reflect either or both cell death 

and the inhibition of cell proliferation.  

When comparing to the 0 h untreated sample, docetaxel doses 0 μM (P=0.011), 

0.034 nM (P=0.0072), 0.10 nM (P=0.017), 0.30 nM (P=0.025), 0.91 nM (P=0.0067) and 

2.7 nM (P=0.0070) were found to show an increase in cell number compared to the untreated 

0 h control (Figure 28). For 8.2 nM (P=0.056) docetaxel, the cell number was not found to be 

significantly different from the untreated 0 h control, suggesting a cytostatic effect 

(Figure 28). On the other hand, a significant decrease in cell number was observed for 25 nM 

(P=0.013), 74 nM (P=0.0060), 222 nM (P=0.0043), 666 nM (P=0.0032) and 2 μM 

(P=0.0042) docetaxel (Figure 28). These results show that docetaxel concentrations ≥25 nM 

showed a decreased total cell number following treatment, suggesting that docetaxel doses 

≥25 nM were cytotoxic to A2780 cells.  
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Figure 28: Decrease in cell number in response to docetaxel. A2780 cells were treated for 72 h 

with increasing concentrations of docetaxel. Total cell number was counted using a 

haemocytometer at the time of treatment (0 h) and following treatment. Asterisk denotes a 

significant difference between 72 h sample and untreated (0 h) control, while pound (#) 

denotes a significance difference between the treated sample and untreated (72 h) control (*/#: 

P<0.05, **/##: P<0.01, ***/###: P<0.001). Black bars denote a total cell count mean greater 

than the 0 h control, while white bars denote a total cell count mean less than the 0 h control. 

Error bars represent standard error of measurement from three biological replicates.  
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3.2.3.3 Effects of docetaxel on post-treatment cell replication 

The recovery assay was also used to monitor docetaxel cytotoxicity by assessing the 

effects of the drug on cell replicative capacity. The normalized confluence of cells was plotted 

over time to generate growth curves (Figure 29A). For statistical analysis, the 96 h time-point 

was plotted in a bar graph in order to assess whether docetaxel inhibited cell replication post-

treatment – termed cell recovery (Figure 29B). The growth curves show that cellular recovery 

was achieved for docetaxel concentrations ≤0.91 nM, but not for doses ≥8.2 nM, where cell 

replication was completely inhibited (Figure 29A). Additionally, 2.7 nM docetaxel was found 

to show partial recovery of cells (Figure 29A).  

The normalized confluence of cells was not found to be significantly decreased after 

96 hours for the 0.034 nM (P=0.38), 0.10 nM (P=0.48) and 0.30 nM (P=0.43) doses of 

docetaxel (Figure 29B). Docetaxel concentrations 0.91 nM (P=0.026) and 2.7 nM (P=0.020) 

showed significantly impaired but partial cellular recovery (Figure 29B). Finally, cellular 

recovery was completely lost for doses ≥8.2 nM, including 8.2 nM (P=0.0046), 25 nM 

(P=0.0048), 74 nM (P=0.0045), 222 nM (P=0.0045), 666 nM (P=0.0046) and 2 μM 

docetaxel (P=0.0047; Figure 29B). These recovery assay results align relatively well with the 

results from cell counting, supporting that doses ≥25 nM are cytotoxic for A2780 cells. 
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Figure 29: Ability to replicate following treatment in response to docetaxel. A2780 cells were 

treated for 72 h with increasing concentrations of docetaxel. Following treatment, cells were 

re-plated in drug-free medium and monitored for cell growth for 96 h using the IncuCyte® S3 

Live-Cell Analysis system. A – Growth curves generated by the IncuCyte® system.                              

B – Representation of the 96 h recovery time-point data in a bar graph. Asterisk denotes a 

significant difference between treated sample and untreated (0 μM) control (*: P<0.05, **: 

P<0.01, ***: P<0.001). Black bars denote a confluence (normalized to 0 h) value greater than 

2 while white bars denote a confluence (normalized to 0 h) value less than 2, suggesting the 

lack of a complete cell doubling. Error bars represent standard error of measurement from 

three biological replicates.  
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3.2.3.4 Effects of docetaxel on cellular DNA content 

Finally, DNA content analysis was performed to assess cell cycle distribution 

following docetaxel treatment. After 24 hours, docetaxel induced strong mitotic arrest, as 

expected as docetaxel prevents microtubule depolymerization during mitosis, with a strong 

accumulation of cell counts in the G2/M phase of the cell cycle (data not shown). After 72 

hours, docetaxel treatment showed a decrease of cells in the G0/G1 and G2/M phases of the 

cell cycle for the 0.91 nM and 2.7 nM doses, while a complete loss of these normal cell cycle 

phase peaks was observed for docetaxel doses ≥8.2 nM (Figure 30A). 

 Statistical analyses on the percentage of cells in the SubG1 region revealed no 

significant differences between the untreated (0 μM) control and 0.034 nM (P=0.23), 0.10 nM 

(P=0.19) and 0.30 nM (P=0.23) docetaxel doses (Figure 30B). On the other hand, docetaxel 

doses 0.91 nM (P=0.030), 2.7 nM (P=0.0053), 8.2 nM (P=0.0011), 25 nM (P<0.001), 74 nM 

(P<0.001), 222 nM (P=0.0011), 666 nM (P=0.0018) and 2 μM (P<0.001) were found to 

significantly increase the percentage of cells with SubG1 DNA content. Markedly, over 75% 

of cells were found in the SubG1 region for docetaxel doses ≥8.2 nM (Figure 30B). 

In summary, for docetaxel, cell counting found that concentrations ≥25 nM were 

cytotoxic (based on a reduction in cell number) while the recovery assay found that cellular 

recovery was impaired for concentrations ≥0.91 nM and completely inhibited for 

concentrations ≥8.2 nM. Results from DNA content analysis showed that docetaxel induced a 

measurable level of cell death for doses ≥0.91 nM. Interestingly, though docetaxel was not 

found to strongly induce RNA disruption, the RDA showed responsiveness (significant 

increase in RDI value) exclusively to cytotoxic drug doses (based on the results from flow 

cytometric analysis). These results suggest that low levels of RNA disruption, based on a small 
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but significant increase in RDI values, were biologically relevant and appeared to be 

responding to low levels of cell death within the cell population.  
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Figure 30: Cell cycle analysis by flow cytometry in response to docetaxel. A2780 cells were 

treated for 72 h with increasing concentrations of docetaxel. Cells were fixed and stained with 

propidium iodide following drug treatment and analyzed for ploidy analysis (DNA content 

analysis) via flow cytometry. A – Representative histogram of stained cells. B – Quantitation 

of SubG1 region. Asterisk denotes a significant difference between treated sample and 

untreated (0 μM) control (*: P<0.05, **: P<0.01, ***: P<0.001). Error bars represent standard 

error of measurement from three biological replicates.  
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3.2.4 Irinotecan in the A2780 cell line 

3.2.4.1 Effects of irinotecan on RNA disruption 

The last stressor used in this study for the comparison of RDA to multiple cell viability 

assays was the topoisomerase I inhibitor irinotecan55. Irinotecan was chosen as a stressor that 

induces very low RNA disruption (Figure 7). This enabled us to assess whether irinotecan can 

kill tumor cells without inducing RNA disruption or whether irinotecan does not kill A2780 

cells, which could explain the lack of RNA disruption. 

As seen in Figure 31B, the lower concentrations of irinotecan [0.68 nM (P=0.20), 

0.0020 μM (P=0.20), 0.0061 μM (P=0.20), 0.018 μM (P=0.20), 0.055 μM (P=0.091), 

0.16 μM (P=0.091) and 0.49 μM (P=0.11)] did not induce a significant increase in RDI 

values. However, the higher doses [1.5 μM (P=0.0069) and 13 μM (P=0.036)] were found to 

induce a small but significant increase in RDI values (Figure 31B). Additionally, 4.4 μM 

(P=0.063) and 40 μM (P=0.063) irinotecan concentrations were not found to induce a 

significant increase in RDI values, although an increasing trend was observed (Figure 31B). 

These results show that at the higher concentrations, irinotecan was found to inconsistently 

induce a small increase in RDI values. 

Also, irinotecan was found to have an effect on the quantity of recovered RNA 

(Figure 31C). While the lower irinotecan doses [0.68 nM (P=0.25), 0.0020 μM (P=0.28), 

0.0061 μM (P=0.39), 0.018 μM (P=0.36), 0.055 μM (P=0.43), 0.16 μM (P=0.31) and 

0.49 μM (P=0.48)] did not affect RNA concentrations, irinotecan doses 1.5 μM (P=0.0024), 

4.4 μM (P<0.001), 13 μM (P<0.001) and 40 μM (P<0.001) were found to significantly 

decrease RNA concentrations (Figure 31C). 
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Figure 31: Dose-dependent RNA integrity analysis in response to irinotecan. A2780 cells were 

treated for 72 h with increasing concentrations of irinotecan. Total RNA was isolated from 

cells following drug treatment and RNA integrity was analyzed by capillary gel 

electrophoresis. A – Gel image of total RNA. B – RDI values following drug treatment.               

C – RNA concentrations following drug treatment. Asterisk denotes a significant difference 

between treated sample and untreated (0 μM) control (*: P<0.05, **: P<0.01, ***: P<0.001). 

Error bars represent standard error of measurement from four biological replicates. RDI: RNA 

Disruption Index. 
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3.2.4.2 Effects of irinotecan on cell number 

Cell counting was also used to assess the cytotoxicity associated with irinotecan 

treatment in A2780 cells. Compared to the 72 h untreated (0 μM) sample, the 0.68 nM 

(P=0.21), 0.0020 μM (P=0.27), 0.0061 μM (P=0.31), 0.018 μM (P=0.45), 0.055 μM 

(P=0.25), 0.16 μM (P=0.25) and 0.49 μM (P=0.42) doses of irinotecan had no effect on cell 

number, while a significant decrease in cell number was induced for all other irinotecan 

concentrations: 1.5 μM (P=0.020), 4.4 μM (P=0.010), 13 μM (P=0.0096) and 40 μM 

(P=0.0071; Figure 32). However, since a decrease in cell number compared to the 72 h 

untreated control cannot distinguish between cytostatic and cytotoxic doses of irinotecan, 

post-treatment cell counts were also compared to the 0 h untreated control.  

When comparing to the 0 h untreated sample, irinotecan doses 0 μM (P=0.021), 

0.68 nM (P=0.0035), 0.0020 μM (P=0.0054), 0.0061 μM (P=0.0089), 0.018 μM 

(P=0.0020), 0.055 μM (P=0.0076), 0.16 μM (P=0.0048), 0.49 μM (P=0.038) and 1.5 μM 

(P=0.025) were found to show an increase in cell number compared to the untreated 0 h 

control (Figure 32). For 4.4 μM (P=0.68), 13 μM (P=0.17) and 40 μM (P=0.073) irinotecan, 

the cell number was not found to be significantly different from the untreated 0 h control, 

suggesting a cytostatic effect (Figure 32). These results show that irinotecan concentrations 

≥4.4 μM showed no change in cell number during treatment, suggesting that irinotecan 

concentrations ≥4.4 μM have a cytostatic effect on A2780 cells and that irinotecan may not 

induce cell death in the A2780 cell line.  
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Figure 32: Decrease in cell number in response to irinotecan. A2780 cells were treated for 

72 h with increasing concentrations of irinotecan. Total cell number was counted using a 

haemocytometer at the time of treatment (0 h) and following treatment. Asterisk denotes a 

significant difference between 72 h sample and untreated (0 h) control, while pound (#) 

denotes a significance difference between the treated sample and untreated (72 h) control (*/#: 

P<0.05, **/##: P<0.01, ***/###: P<0.001). Black bars denote a total cell count mean greater 

than the 0 h control, while white bars denote a total cell count mean less than the 0 h control. 

Error bars represent standard error of measurement from three biological replicates.  

 

 

  



 153 

3.2.4.3 Effects of irinotecan on post-treatment cell replication  

Interestingly, since irinotecan did not appear to induce cell death in the A2780 cell line, 

the recovery assay was performed to assess the ability of cells to replicate following treatment. 

The normalized confluence was plotted over time to generate growth curves (Figure 33A). For 

statistical analysis, the 96 h time-point was plotted in a bar graph in order to assess the effect 

of the drug on cell replication after treatment (cellular recovery; Figure 33B). The growth 

curves show that cellular recovery was achieved for irinotecan concentrations ≤0.49 μM and 

cellular recovery for doses ≥4.4 μM were found to be completely inhibited. Additionally, 

1.5 μM irinotecan was found to show partial recovery of cells (Figure 33A).  

The normalized confluence was not found to be significantly decreased after 96 hours 

for 0.68 nM (P=0.13), 0.0020 μM (P=0.22), 0.0061 μM (P=0.39), 0.018 μM (P=0.39), 

0.055 μM (P=0.34), 0.16 μM (P=0.061) and 0.49 μM (P=0.29) irinotecan concentrations 

(Figure 33B). The 1.5 μM irinotecan dose (P=0.020) showed impaired but partial cellular 

recovery. Finally, cellular recovery was completely lost for doses ≥4.4 μM, including 4.4 μM 

(P=0.0066), 13 μM (P=0.0051) and 40 μM (P=0.0049; Figure 33B). These results suggest 

that the cytostatic effect on doses ≥4.4 μM, based on cell counting, are lasting beyond the drug 

treatment and suggest permanent growth arrest.  
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Figure 33: Ability to replicate following treatment in response to irinotecan. A2780 cells were 

treated for 72 h with increasing concentrations of irinotecan. Following treatment, cells were 

re-plated in drug-free medium and monitored for cell growth for 96 h using the IncuCyte® S3 

Live-Cell Analysis system. A – Growth curves generated by the IncuCyte® system.                     

B – Representation of the 96 h recovery time-point data in a bar graph. Asterisk denotes a 

significant difference between treated sample and untreated (0 μM) control (*: P<0.05, **: 

P<0.01, ***: P<0.001). Black bars denote a confluence (normalized to 0 h) value greater than 

2 while white bars denote a confluence (normalized to 0 h) value less than 2, suggesting the 

lack of a complete cell doubling. Error bars represent standard error of measurement from 

three biological replicates.  
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3.2.4.4 Effects of irinotecan on cellular DNA content 

Similar to previous chemotherapy agents in this section, DNA content analysis was 

performed following 72 hours of irinotecan treatment. A normal cell cycle distribution was 

observed following irinotecan treatment for doses ≤0.49 μM (Figure 34A). However, a 

decrease in the G0/G1 region was observed for irinotecan doses ≥1.5 μM, as well as an 

accumulation of cells in the S and G2/M phases of the cell cycle (Figure 30A). Unlike 

doxorubicin and docetaxel, the highest irinotecan doses did not show a complete loss of 

G0/G1, S and G2/M peaks. 

A significant increase in the percentage of cells with a SubG1 DNA content was not 

observed for irinotecan doses 0.68 nM (P=0.18), 0.0020 μM (P=0.24), 0.0061 μM (P=0.23), 

0.018 μM (P=0.23), 0.055 μM (P=0.34) and 0.16 μM (P=0.31), while the higher irinotecan 

doses induced a significant increase for cells in the SubG1 region, including concentrations 

0.49 μM (P=0.011), 1.5 μM (P=0.0045), 4.4 μM (P<0.001), 13 μM (P=0.0084) and 40 μM 

(P=0.011; Figure 34B). However, unlike doxorubicin and docetaxel, the maximum percentage 

of cells in the SubG1 region following irinotecan treatment was found to be approximately 

43% (Figure 34B). 
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Figure 34: Cell cycle analysis by flow cytometry in response to irinotecan. A2780 cells were 

treated for 72 h with increasing concentrations of irinotecan. Cells were fixed and stained with 

propidium iodide following drug treatment and analyzed for ploidy analysis (DNA content 

analysis) via flow cytometry. A – Representative histogram of stained cells. B – Quantitation 

of SubG1 region. Asterisk denotes a significant difference between treated sample and 

untreated (0 μM) control (*: P<0.05, **: P<0.01, ***: P<0.001). Error bars represent standard 

error of measurement from three biological replicates.  
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3.2.4.5 Cell morphology 

Irinotecan is a topoisomerase I inhibitor that has been commonly used as a 

chemotherapy agent for the treatment of colorectal cancer. As we have seen in the previous 

sections, it did not appear as though irinotecan induces complete cell death in A2780 cells, 

even at its highest doses. However, cellular recovery was inhibited, suggesting the induction 

of growth arrest. Cell morphology was assessed via light microscopy, which highlighted a 

clear change in cell morphology following irinotecan treatment. Cell death induced by other 

chemotherapy agents was generally associated with cell lifting (data not shown); however, 

irinotecan-treated cells, even at the highest concentrations, did not induce a substantial loss in 

cellular adherence (Figure 35). A change in cell morphology was observed as cells went from 

a small, spheroid-type morphology to a mixture of larger fibroblast-like and larger, darker 

spheroid-type cell morphologies (Figure 35). This phenotype is supportive of the lack of 

complete cell death induced by high doses of irinotecan. 

In summary, for irinotecan, cell counting found that concentrations ≥4.4 μM were 

cytostatic (based on no significant difference in cell number between pre-treatment and post-

treatment samples) while the recovery assay found that cellular recovery was impaired for 

concentrations ≥1.5 μM and completely inhibited for concentrations ≥4.4 μM. Results from 

DNA content analysis showed that irinotecan induced a measurable level of cell death for 

doses ≥0.49 μM. Interestingly, though irinotecan was not found to strongly induce RNA 

disruption, the RDA showed responsiveness (significant increases in RDI value) exclusively 

to cytotoxic drug doses (based on the results of DNA content flow cytometric analysis). These 

results support the notion that the RDA responds exclusively to drug doses that induce a 

measurable level of cell death, regardless of whether partial of complete cell death is induced. 
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The cell counting and flow cytometry data suggest that there is a combination of both growth-

arrested and dying/dead cells in the cell population. 
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Figure 35: Change in cellular morphology following exposure to irinotecan in A2780 cell line. 

A2780 cells were treated with the chemotherapy agent irinotecan (topoisomerase I inhibitor), 

and after five days, cellular morphology was compared to untreated A2780 cells using light 

microscopy. Microscope images were taken with a 100X magnification. 
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3.3 Role of RNase L in the RNA disruption mechanism(s) 

While RNA disruption is a widespread phenomenon that is associated with cell death, 

little is known about the underlying mechanism(s) related to RNA disruption. Specifically, the 

RNase(s), if any, responsible for degrading rRNA during RNA disruption have yet to be 

elucidated. Recent unpublished evidence showed that A2780 cells transfected with synthetic 

double-stranded RNA (dsRNA) poly(IC) induced RNA disruption293. Since dsRNA is known 

to induce the activity of RNase L, this data suggested that RNase L could be involved in RNA 

disruption. Additionally, A2780 cells transfected with RNase L inhibitor (RLI) ABCE1 (ATP 

binding cassette sub-family E member 1) was found to reduce RNA disruption in response to 

docetaxel293. Taken together, these results suggested a possible role of RNase L in the 

mechanism(s) of RNA disruption. However, these results were conducted in mycoplasma- 

infected A2780 cells, which may impact the RNA disruption mechanism. Thus, we continued 

to investigate the possible role of RNase L in the mechanism(s) of RNA disruption in the 

A2780 cell line free of mycoplasma contamination. 

 

3.3.1 RNase L activator in the A2780 cell line 

As described in Section 1.4.1, RNase L is activated through direct interaction with 

2’-5’ linked oligoadenylates known as 2-5A268,270. However, this natural activator of RNase L 

has unfavorable pharmacologic properties including rapid degradation and the inability to 

transit cell membranes294, requiring a transfection method for in vitro assays. A recent study 

identified a direct synthetic activator of RNase L known as the RNase L Activator (RLA). 

RLA has been identified to bind to the same domain as 2-5A on the RNase L protein, inducing 

dimerization and activation294.  
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In this study, RLA was used to treat the A2780 cell line and RNA integrity was 

assessed after a 72 hour treatment (Figure 36). While the 32 μM dose did not induce RNA 

disruption, both 64 μM and 128 μM doses were found to induce a significant increase in RDI 

values, demonstrating strong induction of RNA disruption in response to RLA (19-fold and 

37-fold increases, respectively; Figure 36B & Table 2). Interestingly, the RLA-induced RNA 

disruption banding pattern was very similar to chemotherapy-induced RNA disruption, 

suggesting a similar mechanism. In terms of recovered RNA, all three doses of RLA were 

found to induce a significant decrease in RNA content (Figure 36C & Table 2).  
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Figure 36: Dose-dependent RNA disruption in response to small molecular activator of 

RNase L. A2780 cells were treated for 72 h with increasing concentrations of RNase L 

activator (RLA). Total RNA was isolated from cells following drug treatment and RNA 

integrity was analyzed by capillary gel electrophoresis. A – Gel image of total RNA. B – RDI 

values following drug treatment. C – RNA concentrations following drug treatment. Asterisk 

denotes a significant difference between treated sample and untreated (0 μM) control (*: 

P<0.05, **: P<0.01, ***: P<0.001). Error bars represent standard error of measurement from 

five biological replicates. RDI: RNA Disruption Index. 
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3.3.2 Generation of CRISPR-Cas9 knockout clones in the A2780 cell line 

In order to further investigate the role of RNase L in the mechanism(s) of RNA 

disruption, a CRISPR-Cas9 gene knockout approach was utilized. Briefly, CRISPR (clustered 

regularly interspaced short palindromic repeats) involves the use of a guide RNA (gRNA), 

designed to be specific to a gene of interest, that guides a Cas9 bacterial protein to cut genomic 

DNA at the targeted gene295. While some DNA repair mechanisms restore the original DNA 

sequences, others introduce mutations such as frameshift or deletion mutations that can alter 

the reading frame of the resulting transcript and ultimately prevent the expression of the wild-

type protein295. In this study, we purchased a kit that provides a plasmid that expresses, under 

the control of constitutively active promoters, a gRNA specific to a coding region within the 

RNase L gene, and bacterial protein Cas9 (for full details on plasmids and methodology, see 

Section 2.11). The kit also provides linear donor DNA coding for both GFP and a puromycin 

resistance gene, allowing for the selection of positive mutants, either through incorporation of 

linear donor DNA within the Cas9-induced DNA cut site or in a random location of the 

genome.  

 

3.3.2.1 Plasmid characterization 

As the kit provides a plasmid coding for both RNase L-specific gRNA and Cas9, we 

first transformed this plasmid into E. coli DH5α competent cells, propagated positive 

transformants on culture plates and isolated plasmids from monoclonal bacterial populations. 

Following plasmid isolation (two plasmids, each coding for separate gRNAs targeting 

RNase L), plasmid characterization through restriction enzyme mapping was performed to 

confirm the identity of the plasmid (Figure 37). Since the plasmid sequence was available, we 

identified that restriction enzyme KpnI would be expected to cut the isolated plasmid into a 
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linear DNA segment approximately 8 kilobases (kb) in length, while SspI would be expected 

to cut the isolated plasmid into two linear DNA segments of approximately 5.7kb and 2.3kb 

in length. Figure 37 demonstrates that both isolated plasmids appear to have been cut in the 

expected locations, confirming the identity of the isolated plasmids. 
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Figure 37: Plasmid identity confirmation by restriction enzyme digestion of both RNase L 

gRNA plasmids provided in RNase L CRISPR KO kit. Predicted single cut (KpnI) and double-

cut (SspI) digests were performed on plasmid DNA and resulting DNA was run on a 1% 

agarose gel containing SYBR Safe DNA gel stain. Uncut lanes demonstrate both nicked 

(higher molecular weight) and supercoiled (lower molecular weight) plasmid DNA 

conformations. Single-cut digest shows linearized plasmid DNA with the expected ~8kb 

length. Double-cut digest shows two fragments, which match in size to the predicted fragments 

(5.7kb and 2.3kb). These agarose gel digest images are representative of all gRNA plasmid 

digests performed on each plasmid preparation. gRNA: guide RNA. 
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3.3.2.2 Puromycin kill curve 

In preparation for A2780 cell transfection, a puromycin kill curve was performed to 

determine the minimum puromycin concentration to kill all wild-type A2780 cells within two 

to four days (Figure 38). Following treatment, cells were visually assessed for signs of cellular 

toxicity (i.e. loss of cellular adherence) and lack of cellular proliferation. As seen in Figure 38, 

cellular proliferation was slightly inhibited but still observed for the 0.5 μg/ml puromycin 

concentration compared to the untreated control. However, both 1 μg/ml and 2 μg/ml 

concentrations were sufficient to induce total cell death based on a visual assessment 

(Figure 38). 
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Figure 38: Puromycin dosage optimization with A2780 cells. Cells were treated with various 

doses of puromycin for 24-120 h, and cellular proliferation and cellular toxicity was assessed 

by light microscopy. Results shown have been reduced to the range of puromycin doses 

surrounding the optimal puromycin dose. Microscope images were captured with 100X 

magnification. Images are representative of two images per technical replicate and of two 

biological replicates (n=2). 
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3.3.2.3 Immunoblotting screening for RNase L knockout 

Following the completion of all preparatory steps, A2780 cells were co-transfected 

with both the Cas9-gRNA plasmids and the linear donor DNA using Lipofectamine 3000™. 

Following the transfection, cells were passaged six times (approximately two weeks) in order 

to eliminate cells that had non-integrated donor DNA and may have transiently expressed the 

resistance gene located on linear donor DNA. Then, cells were treated with 2 μg/ml of 

puromycin for seven days. Initially, 1 μg/ml of puromycin was used as it was deemed an 

appropriate puromycin concentration after the puromycin kill curve, but the untreated control 

was not completely killed and still showed evident signs of cellular proliferation. This 

discrepancy in cellular response is likely due to the difference in cellular density and 

conditions between the puromycin kill curve (500,000 cells in wells of a 6-well plate, treated 

the next day) and the positive transformant selection (roughly 80% confluence in a T75 flask). 

The 2 μg/ml dose of puromycin succeeded in killing all of the wild-type control cells within 

two to four days, while for the transformants, small islands of cells remained, suggesting the 

presence of puromycin-resistant clones that formed the colonies of cells. Additionally, 

fluorescence microscopy confirmed that most of these islands of cells expressed green 

fluorescent protein (GFP; data not shown).  

Following positive transformant selection, the generation of monoclonal cell 

populations was achieved through limiting dilution (see Section 2.18 for full protocol). 

Positive green-fluorescing proliferating single colony wells were eventually screened for loss 

of RNase L protein expression using immunoblotting experiments (Figure 39). RNase L 

knockout screening generated several clones that appeared to have lost wild-type RNase L 

protein expression and these were further screened using polymerase chain reaction (PCR). 

The appearance of higher molecular weight protein bands on immunoblots (Figure 39) 
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suggested that the CRISPR/Cas9 approach may have generated large GFP-fusion proteins, but 

these bands were not investigated further. Clonal populations termed KO23, KO39 and KO43 

were selected as potential RNase L knockouts to undergo further screening. We also selected 

three clonal populations (negative controls) expressing normal levels of RNase L (termed 

KO44, KO46 and KO52; Figure 39). 

 

.  
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Figure 39: RNase L and GADPH protein expression level assessed during screening of A2780 

RNase L CRISPR knockout monoclonal cell populations. Monoclonal cell populations that 

were generated through a limiting dilution following transfection and puromycin selection 

were assessed for RNase L protein expression, compared to a GADPH protein control. The 

RNase L CRISPR knockout protocol was performed in the ovarian carcinoma A2780 cell line. 

In the above panels, the ## above each lane represents the number of the KO## monoclonal 

cell population isolated. Immunoblots are representative of one experiment.  
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3.3.2.4 PCR screening of insertion of linear donor DNA 

As a second method of screening, PCR primers were designed to flank the gRNA-

targeted site in the RNase L gene and one additional primer was designed to bind to the linear 

donor DNA (see Figure 2). While this PCR screening method was designed to detect the 

incorporation of linear donor DNA within the RNase L gene, it is worth noting that a 

successful RNase L knockout can be achieved without the incorporation of the linear donor 

DNA within the RNase L gene and could be incorporated elsewhere in the genome to appear 

as a positive transformant (with puromycin resistance and expression of GFP). PCR 

amplification of the RNase L gene segment in wild-type A2780 cells resulted in an amplicon 

of roughly 350 base pairs (bp) in length (Figure 40A). PCR screening was then used to 

investigate both suspected monoclonal RNase L-knockout cell populations as well as negative 

controls (“knockout” lines expressing normal levels of RNase L).  

As seen in Figure 40B, cell lines KO23 and KO39 showed a complete loss of wild-

type RNase L amplification and generated a smaller amplicon of unknown nature. While 

KO23 was not found to show evidence of linear donor DNA incorporation in the RNase L 

gene segment, KO39 demonstrated reverse integration of linear donor DNA within the 

RNase L gene (Figure 40B). Cell line KO43 was suspected to lack RNase L expression, but 

was found to show amplification of a seemingly normal-size RNase L gene segment. 

However, the design of these primers does not allow us to conclude that KO43 is not an 

RNase L knockout; it is possible (and expected) that a small mutation event could have 

occurred at the gRNA-targeted site, which would go undetected in this screening technique. 

For KO44, KO46 and KO52, which were selected as negative controls, normal RNase L 

amplification was observed with no evidence of the integration of linear donor DNA within 

the RNase L gene (Figure 40B).  
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The first assessments of RNA disruption were performed in the KO23 and KO39 lines 

as RNase L knockout cell lines while the KO44 line was utilized as a negative control. These 

experiments were also conducted alongside a wild-type A2780 cell population. KO23 was 

selected due to its total loss of a normal-size RNase L amplicon product while KO39 was 

chosen for both total loss of a normal-size RNase L amplicon product as well as clear evidence 

of the integration of the linear donor DNA within the RNase L gene. Immunoblotting was 

used to confirm the absence of a wild-type RNase L band in the KO23 and KO39 cell lines 

and was performed after all of the RNA disruption experiments to exclude the possibility of 

the loss of RNase L knockout phenotype during RNA disruption assessments (Figure 41). 
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Figure 40: PCR screening of RNase L knockout through assessment of integration of linear 

donor DNA. Primers flanking the site targeting by the gRNA constructs were designed, as 

well as a primer targeting an internal sequence of the linear donor DNA (for additional 

information on primer design, refer to Figure 2). A – Wild-type (WT) RNase L PCR amplicon 

confirmed in a separate PCR reaction to be approximately 350 bp in length and is highlighted 

in the white box in panel B. B – PCR screening of knockout clones. It is worth noting that 

successful integration of linear donor DNA is not required for RNase L knockout. NT: no 

template control. 
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Figure 41: RNase L and GADPH protein expression level for A2780 RNase L CRISPR 

knockout monoclonal cell populations selected for RNA disruption assay studies. RNase L 

expression level status was previously determined as part of a larger screening process. Whole 

cell lysate extracts were prepared after approximately 15 cell passages following all RNA 

disruption assay experiments, to confirm RNase L knockout status of KO23 and KO39 

throughout the duration of experiments. Immunoblots are representative of one experiment. 

WT: wild-type A2780 cell line. 
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3.3.3 Assessment of RNA disruption in selected clones 

3.3.3.1 RNase L activator and doxorubicin 

Finally, the KO23 and KO39 RNase L knockout clonal populations were assessed for 

their ability to display RNA disruption. If RNase L is partially or fully responsible for the 

degradation of rRNA (RNA disruption), an RNase L knockout cell population should show a 

decrease or absence of RNA disruption. The results from the KO23 and KO39 cell lines were 

compared to both wild-type A2780 cells and the KO44 cell line, the latter having underwent 

all of the same procedures as the KO23 and KO39 cell lines, but still demonstrated normal 

RNase L protein expression. 

First, RNase L Activator (RLA) was used to treat the four cell lines (Figure 42). The 

effect of RLA was expected to be eliminated in the RNase L knockout cell line. Surprisingly, 

RLA-induced RNA disruption was visually apparent in all cell lines tested, including the 

KO23, KO39, and KO44 cell lines (Figure 42). However, RLA-induced RNA disruption (as 

measured using RDI) was only found to be statistically significant for the KO23 cell line 

(P=0.014); all other cell lines approached significance (WT: P=0.077, KO44: P=0.0507, 

KO39: P=0.059), which suggests the need for additional replicates due to high data variability 

(Figure 42B). However, RLA was found to decrease recovered RNA in all four cell lines (WT: 

P<0.001, KO44: P=0.0019, KO23: P=0.0055 & KO39: P<0.001; Figure 42C). 

Additionally, no statistically significant differences were found in RDI values between 

the KO cell line and the wild-type control in the presence of RLA (KO44: P=0.41, KO23: 

P=0.29, KO39: P=0.15; Figure 42B). Nevertheless, our findings (particularly the RNA 

banding patterns on electropherograms) suggest that RLA is a strong activator of RNA 

disruption but does not require RNase L to promote RNA disruption. This suggests off-target 
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effects for RLA in cells. Not surprisingly, RLA is no longer commercially available as a direct 

activator of RNase L. 

The next stressor assessed in the RNase L knockout study was doxorubicin. As 

expected, the chosen dose of 1 μM for doxorubicin generated strong RNA disruption 

(Figure 42). However, this level of RNA disruption did not allow for the generation of an RDI 

score in all replicates, due to the absence of detectable 28S and 18S rRNA peaks in most cases, 

which limited the number of RDI values for doxorubicin-treated cell lines that could be 

analyzed. As a result, doxorubicin did not induce a statistically significant change in RDI 

values for three of the cell lines (WT: P=0.14, KO44: P=0.10, KO23: P=0.12) while the 

KO39 cell line could not be analyzed as only one RDI score (of four replicates) was generated 

following doxorubicin treatment (Figure 42B). Additionally, doxorubicin was found to 

strongly decrease RNA content in all four cell lines (WT: P<0.001, KO44: P<0.001, KO23: 

P<0.001 & KO39: P<0.001; Figure 42C). 

Ideally, statistical analysis could be performed between the KO cell lines and the wild-

type A2780 cell line, but the lack of generated RDI values did not allow for this analysis to 

occur. Nevertheless, a visual assessment suggests that doxorubicin-induced RNA disruption 

was not inhibited or affected following the elimination of RNase L expression. 
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Figure 42: RNA disruption induced by RNase L activator and doxorubicin in RNase L 

CRISPR knockout cell lines. Cell lines were treated for 72 h with 64 μM RNase L activator 

(RLA) and 1 μM doxorubicin (DOX). Total RNA was isolated from cells following drug 

treatment and RNA integrity was analyzed by capillary gel electrophoresis. A – Gel image of 

total RNA. B – RDI values following drug treatment. C – RNA concentrations following drug 

treatment. Asterisk denotes a significant difference between treated sample and respective 

untreated (NT) control (*: P<0.05, **: P<0.01, ***: P<0.001). Error bars represent standard 

error of measurement from three (RLA) or four (doxorubicin) biological replicates. RDI: RNA 

Disruption Index. 
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3.3.3.2 Additional chemotherapy and cellular stressors 

While the ability of doxorubicin to induce RNA disruption was not found to depend 

on the expression of RNase L in the A2780 RNase L knockout cell clones, we assessed other 

chemotherapy agents and cellular stressors for their ability to induce RNA disruption in the 

absence of RNase L expression. This experiment set included platinating agents cisplatin and 

carboplatin, as well as the vinca alkaloid vincristine, the ER stressor thapsigargin and nutrient 

limitation induced by culture medium dilution. 

For platinating agents cisplatin and carboplatin, RNA disruption appeared to be lower 

by visual assessment in the KO23 and KO39 RNase L knockout cell lines compared to the 

WT control (Figure 43A). However, this noticeable decrease was also observed in the control 

KO44 cell line, which expresses RNase L. Both cisplatin (P=0.14) and carboplatin (P=0.071) 

appeared to induce increases in the RNA Disruption Index (RDI), but these increases in RDI 

values were not found to be significant in the WT A2780 cell line (Figure 43C). For KO44, 

both cisplatin (P=0.034) and carboplatin (P=0.043) induced a significant increase in RDI 

values (Figure 43C). For KO23, both cisplatin (P=0.046) and carboplatin (P=0.019) also 

induced significant increases in RDI values. For KO39, cisplatin (P=0.0076) induced a 

significant increase in RDI while carboplatin’s (P=0.078) noticeable small increase in RDI 

was not deemed significant (Figure 43C). More importantly, no statistically significant 

differences were found between the KO cell lines and WT A2780 cells, suggesting that 

RNase L had no impact on RNA disruption induced by platinating agents (Figure 43C). 

Additionally, all four cell lines showed a decrease in RNA content in response to both cisplatin 

(WT: P=0.030, KO44: P=0.0031, KO23: P=0.017 & KO39: P=0.011) and carboplatin (WT: 

P=0.035, KO44: P=0.0042, KO23: P=0.015 & KO39: P=0.0097; Figure 43E). 
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For 500 nM vincristine, RNA disruption appeared to be strongly induced in all four 

cell lines, but none of the drug-induced changes in RDI values were statistically significant 

(WT: P=0.13, KO44: P=0.13, KO23: P=0.15, KO39: P=0.20; Figure 43D). However, a 

significant decrease in RNA content was observed in all four cell lines (WT: P=0.035, KO44: 

P=0.0042, KO23: P=0.014, KO39: P=0.0091; Figure 43F). Similarly, thapsigargin appeared 

to induce strong RNA disruption in all four cell lines, but the increase in RDI was only 

significant for the KO39 cell line (WT: P=0.069, KO44: P=0.084, KO23: P=0.094, KO39: 

P=0.029). Also, thapsigargin induced a significant decrease in RNA concentrations in all four 

cell lines (WT: P=0.033, KO44: P=0.0043, KO23: P=0.014, KO39: P=0.0089; Figure 43F). 

For nutrient limitation, RNA disruption was strongly induced in all four cell lines, but the 

increase in RDI values was not significant for WT and KO44 cell lines (WT: P=0.12, KO44: 

P=0.11). For KO23, only one RDI value was generated while for KO39, all three replicates 

did not allow for the generation of an RDI value as complete degradation of 28S and 18S 

rRNA was observed (Figure 43D). Again, all four cell lines showed a significant decrease in 

RNA content in response to nutrient limitation (WT: P=0.033, KO44: P=0.0039, KO23: 

P=0.014, KO39: P=0.0088; Figure 43F). 

Additionally, no statistically significant differences were found between KO cell lines 

and WT A2780 cells for RDI values, suggesting that RNase L had no impact on RNA 

disruption induced by vincristine, thapsigargin and nutrient limitation (Figure 43D). While 

additional replicates could improve statistical significance of these results, a visual assessment 

of RNA disruption (as seen in virtual gel images of electropherograms) in Figure 42A and 

Figure 43A/B demonstrates that RNA disruption does not appear to be affected by the loss of 

RNase L expression in the A2780 cell line. 
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Figure 43: RNA disruption induced by various chemotherapy and cellular stressors in RNase L 

CRISPR knockout cell lines. Cell lines were treated for 72 h with 17 μM cisplatin (CIS), 

200 μM carboplatin (CBN), 500 nM vincristine (VIN), 10 μM thapsigargin (TPG) and 10% 

culture medium diluted in phosphate-buffered saline (CMD). Total RNA was isolated from 

cells following drug treatment and RNA integrity was analyzed by capillary gel 

electrophoresis. A,B – Gel image of total RNA. C,D – RDI values following drug treatment. 

E,F – RNA concentrations following drug treatment. Asterisk denotes a significant difference 

between treated sample and respective untreated (NT) control (P<0.05) For VIN, TPG and 

CMD samples, the respective NT control is shown in the adjacent panel. Error bars represent 

standard error of measurement from three biological replicates. RDI: RNA Disruption Index. 
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4.0 Discussion 

While neoadjuvant chemotherapy is commonly used for the treatment of breast cancer, 

low efficacy of currently available treatment options has often led to patients suffering from 

the side effects of chemotherapy exposure, while drawing no clinical benefits from 

therapy62,64. Therefore, there is an unmet need for a chemotherapy response tool that can 

accurately distinguish chemo-responsive from chemo-resistant tumors early in treatment, 

ultimately sparing many patients from the morbidities associated with inefficacious 

chemotherapy. The MA.22 clinical trial demonstrated that the RNA Disruption Assay (RDA) 

was able to predict clinical outcome by analyzing tumor RNA integrity in patients undergoing 

neoadjuvant chemotherapy188. High tumor RNA disruption mid-treatment was associated with 

both pathological complete response (pCR) and extended disease-free survival (DFS) after 

neoadjuvant chemotherapy188. The utility of the RDA is currently being investigated in the 

international BREVITY clinical trial, focusing on early detection of chemotherapy response 

in breast cancer patients treated with neoadjuvant chemotherapy. 

Based on these findings, in vitro models were developed to study the process of RNA 

disruption in multiple cancer cell lines. Narendrula et al. (2016) showed that RNA disruption 

was both a dose- and time-dependent phenomenon in response to multiple chemotherapy 

agents, in multiple cell lines264. However, recent mycoplasma detection assays found that the 

majority of the cell lines in this study were contaminated with mycoplasma. The major 

conclusions drawn from the Narendrula et al. (2016) study therefore required further 

investigation in the absence of mycoplasma, including the relationship between RNA 

disruption and cell viability264. Additionally, the mechanism(s) involved in RNA disruption 

have yet to be delineated in either context. 
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Consequently, the objectives of this study were to: a) investigate the phenomenon of 

RNA disruption in the absence of mycoplasma; b) assess the relationship between RNA 

disruption and cell death; and c) investigate the role of RNase L in the RNA disruption 

mechanism(s). 

 

4.1 RNA disruption in response to multiple chemotherapy agents and cellular stressors 

In this study, the phenomenon of RNA disruption was studied in response to 

chemotherapy agents as well as cellular stressors known to induce specific stress pathways. 

These investigations were performed in both the ovarian carcinoma A2780 cell line and the 

breast adenocarcinoma MDA-MB-231 cell line. While the RDA has been investigated 

clinically for chemotherapy response assessment in breast cancer187,188, the A2780 cell line 

was utilized in this study for its previously reported ability to show robust RNA disruption264, 

making this cell line a valuable model to further study RNA disruption and its mechanism(s). 

Additionally, the A2780 cell line is naïve to chemotherapy exposure as it was prepared from 

a patient’s tumor that was not previously treated with chemotherapy296. Cell lines from tumors 

with previous exposure to chemotherapy or from patients with recurrent tumors can often 

present acquired resistance mechanisms, making these cell lines poor models for drug 

response studies. The MDA-MB-231 cell line was also chosen as a cancer cell line naïve to 

chemotherapy exposure, as well as a model for breast cancer, which falls in line with the 

clinical application of the RDA.   

 

4.1.1 RNA disruption is both dose- and time-dependent 

RNA disruption was induced by the topoisomerase II inhibitor doxorubicin in both the 

A2780 and the MDA-MB-231 cell line in a dose- and time-dependent manner (Figures 3 and 
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14). For the A2780 cell line, RNA disruption became evident at the 10 μM doxorubicin dose 

after 24 hours and was more strongly induced by both 1 μM and 10 μM doxorubicin after 48 

and 72 hours (Figure 3). Similar results were observed after 48 and 72 hours in the 

MDA-MB-231 cell line (Figure 14). However, only a few of these treatment conditions were 

found to be statistically significant with post-hoc analysis, which was likely due to several 

factors, including RNA concentrations after doxorubicin treatment that were too low to detect 

the 28S and 18S rRNAs, strong variability in RDI values post-treatment, and the low number 

of experimental replicates. 

Interestingly, 1 μM doxorubicin appeared to induce stronger RNA disruption than the 

higher 10 μM dose in the A2780 cell line (367-fold RDI increase versus 49-fold increase; 

Figure 3). These findings may be due to a more severe stress response induced by the higher 

chemotherapy dose, which accelerates the induction of cell death and does not allow time for 

RNA disruption to occur as strongly as the 1 μM dose. Accelerated cell death and subsequent 

cell lysis may also lead to faster autolytic degradation of free ribosomal RNA (rRNA) 

fragments; this may reduce the lifespan of the RNA disruption products relative to normal 

rRNA species, thereby reducing the increase in RDI.  

 The results of the time-course experiments also highlight a noticeable delay in RNA 

disruption; RNA disruption was not induced in the first hours of cellular response but rather 

become most evident after 48 hours of treatment. These results may imply that attempts at 

early cellular recovery in response to drug exposure may occur prior to or during the activation 

of RNA disruption mechanism(s). In fact, a moderate level of RNA disruption may help reduce 

energetically costly protein translation to enable cells to survive temporary stress. However, 

unresolved and overwhelming cellular stress would likely lead to loss of cellular protein 

translation capacity and the activation of cell death mechanisms. 
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 Stress-induced rRNA degradation has previously been observed to be a dose- and time-

dependent phenomenon. These findings have been reported in response to numerous cellular 

stressors including cAMP analogs185,297, okadaic acid185, tumor necrosis factor (TNF) with 

cycloheximide185, victorin258, acetic acid186, hydrogen peroxide (H2O2)186, aging of cells186, 

glucose and sorbitol starvation186, anisomycin260, saratroxin G260 and ricin260. These findings 

were reported in a variety of in vitro models, and the time of induction varied in these studies 

from 15-30 minutes (acetic acid and H2O2)186 to 12 days (aging of cells)186. Additionally, in 

the context of rRNA degradation induced during viral infection, RNase L-dependent rRNA 

degradation has been reported to be time-dependent in response to various recombinant 

vaccinia viruses262,263. Finally, the recent Narendrula et al. (2016) study demonstrated 

chemotherapy-induced RNA disruption in both a dose- and time-dependent manner in several 

cancer cell lines264; the timing appeared to be similar to the results in our study. 

 

4.1.2 The extent of RNA disruption appears to be dependent upon the dose and type 

of chemotherapy agent and the cell line exhibiting RNA disruption 

RNA disruption was induced in both the A2780 and MDA-MB-231 cancer cell lines 

in response to multiple chemotherapy agents. The phenomenon of stress-induced rRNA 

degradation was first reported by Houge et al. (1993) and was later supported by many 

publications involving various cellular stressors in numerous in vitro models185,186,257–259,261–

263,297,298. Among these numerous studies, Pandey et al. (2004) was the only other research 

group focusing on the degradation of rRNA following chemotherapy treatment261. Notably, 

the authors reported rRNA degradation in response to several anticancer agents used in our 

study including doxorubicin, cisplatin and vincristine261. Additionally, the results in our study 
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suggest that, in the short-term, 28S rRNA is preferentially degraded over 18S rRNA, an 

observation seen in numerous other studies259,261,299,300. 

A major noticeable difference between the results of this study and the Narendrula 

et al. (2016) study is the RNA disruption banding pattern264. Interestingly, chemotherapy 

agents and stressors in this study induced a diffuse set of rRNA degradation bands in the 

28S-18S rRNA inter-region of electropherograms, with no evidence of the well-defined 

molecular weight rRNA degradation fragments seen in the Narendrula et al. (2016) study in 

the 28S-18S inter-region and below the 18S rRNA264. These differences are likely associated 

with the absence or presence of a mycoplasma infection, as discussed in Section 4.1.4. 

However, there are other noteworthy differences between the two studies. 

In the Narendrula et al. (2016) study, RNA disruption was strongly induced by all of 

the chemotherapy agents presented264. In this study, in the absence of a mycoplasma infection, 

the extent of RNA disruption induced in response to the same chemotherapy agents varied 

greatly, assessed both visually and through quantification of RNA disruption by the RDA. 

While the mycoplasma infection status of a patient’s tumor is typically unknown, an in vitro 

model without mycoplasma contamination likely better reflects what happens in human 

tumors. Consistent with this view, the diffuse series of rRNA degradation products in the 

28S-18S inter-region seen in our current study is very similar to those observed in the tumors 

of breast cancer patients undergoing neoadjuvant chemotherapy188. In the A2780 cell line, 

RNA disruption was strongly induced by the topoisomerase II inhibitors doxorubicin, 

epirubicin and etoposide, as well as in response to the CDK4/6 inhibitor palbociclib and the 

vinca alkaloid vincristine (Figures 4, 7, and 43). The occurrence of RNA disruption was 

determined by the capacity of a drug to induce a statistically significant increase in the RNA 

Disruption Index (RDI). Platinating agents cisplatin and carboplatin induced low RNA 
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disruption (Figure 6). RNA disruption was also induced to a small extent in response to the 

taxanes paclitaxel and docetaxel as well as the plant alkaloid irinotecan, where statistically 

significant increases in RDI values were observed in response to these agents. Similarly, in 

the MDA-MB-231 cell line, RNA disruption was strongly induced in response to doxorubicin, 

epirubicin and etoposide (Figure 15). RNA disruption was also minimally induced by 

paclitaxel, docetaxel and vincristine (Figures 16 and 17), although docetaxel did not promote 

a statistically significant increase in RDI values. Finally, cisplatin, carboplatin and irinotecan 

were not found to induce RNA disruption in the MDA-MB-231 cell line at the chosen doses, 

since RDI values were not significantly different to the untreated control (Figures 16 and 17). 

Interestingly, the results were relatively similar between the two cell lines. For example, the 

anthracyclines doxorubicin and epirubicin were consistently found to generate very strong 

RNA disruption while the taxanes paclitaxel and docetaxel were found to generate a small 

amount of RNA disruption in the two cancer cell lines in this study.  

There are many factors that could explain the substantial variability in the extent of 

RNA disruption induced by different chemotherapy agents in different cell lines. First, the 

induction of RNA disruption may reflect the sensitivity of the cell line to the chemotherapy 

agent. Since tumors respond differently to the same chemotherapy agents, it would be 

expected that cell lines would also differentially respond to the same chemotherapy drugs. 

Moreover, while taxanes were not found to strongly induce RNA disruption in the chosen cell 

lines in this study, taxanes could very well induce strong RNA disruption in other cell lines. 

It is likely that the phenomenon of RNA disruption is cell-type specific, as previous evidence 

of stress-induced rRNA degradation during apoptosis was also shown to be a cell-type specific 

phenomenon257. It is only through extensive surveys of several cell lines that meaningful 

conclusions can be drawn on this matter. 
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A second major category of factors affecting RNA disruption are the cellular effects 

of the anticancer drugs themselves. For example, it is entirely possible that some 

chemotherapy agents induce RNA disruption through intracellular signaling pathways, while 

others do not induce these similar pathways. Furthermore, chemotherapy agents vary in the 

timing of cellular effects during cell cycle progression. For instance, taxanes are well 

characterized for their ability to induce G2/M arrest, while anthracyclines often arrest cells 

progressing through S phase; the progression of target cells through the cell cycle upon drug 

exposure likely impacts on the activation of subsequent signaling pathways, including RNA 

disruption. Similarly, the speed of a drug’s cellular effect, such as the speed by which cell 

death is induced, may also impact RNA disruption. Namely, RNA disruption is found to occur 

gradually over time, where it is minimal after 24 hours for most chemotherapy agents surveyed 

and most evident after 48 and 72 hours. Consequently, drugs that kill cells quickly may not 

allow for RNA disruption mechanisms to take place. 

 Additionally, chemotherapy agents affect ribosomes in various ways. For example, 

some chemotherapy agents may affect ribosome integrity, leaving rRNA more susceptible to 

degradation, while other anticancer drugs may not. Bruno et al. (2017) reported that cisplatin 

and carboplatin kill tumor cells primarily through the DNA damage response, while another 

platinating agent, oxaliplatin, kills tumor cells primarily through the induction of ribosome 

biogenesis stress (impaired ribosome biogenesis)243. Even for chemotherapy agents within the 

same class, the drug’s effect on the ribosome may differ, which may impact on RNA 

disruption. Further RNA disruption studies using oxaliplatin would help support or oppose 

this theory. In addition, Li and Pestka (2008) reported that ricin was also able to induce rRNA 

cleavage under cell-free conditions while deoxynivalenol and T-2 toxin only promoted 

intracellular 28S rRNA cleavage, suggesting that certain chemotherapy agents could induce 
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direct RNA damage while others may not300. On the other hand, the use of different 

chemotherapy agents would likely result in the generation of unique cleavage products and 

RNA disruption banding patterns. Since our studies demonstrates a similar banding pattern 

between structurally and mechanistically distinct chemotherapy agents, it is unlikely to be the 

result of chemotherapy agents acting directly on rRNA. 

Finally, early cellular response, including initial rRNA cleavage, may impact 

subsequent cellular signaling. For example, Zinskie et al. (2018) demonstrated that low, 

survivable levels of oxidative stress lead to rRNA cleavage301. Within this initial response, 

one of the RNA cleavage sites (ES7) was detected during early stages of the adaptive oxidative 

stress response. Interestingly, unlike other cleavage sites, ES7-cleaved ribosomes were 

capable of reinitiating translation, suggesting that this type of rRNA cleavage did not 

inactivate ribosomes and may instead play a role in modulating their function during stress301. 

Given these results, early rRNA degradation sites could play a major role in subsequent 

cellular response, including the progression of RNA disruption, and these sites may depend 

on the choice of chemotherapy agent. In summary, several possible theories can explain the 

stressor-specific and cell-type specific nature of RNA disruption.  

 

4.1.3 RNA disruption is also induced by specific cellular stressors 

While RNA disruption has been well-characterized in response to chemotherapy 

agents, RNA disruption also occurs in response to stressors that are known to activate specific 

cellular stress mechanisms. In this study, RNA disruption was strongly induced in the A2780 

cell line by oxidative stress (using hydrogen peroxide; H2O2), endoplasmic reticulum (ER) 

stress (using thapsigargin and tunicamycin), nutrient/growth factor limitation (using culture 

medium dilution) and with the use of the protein translation inhibitor cycloheximide (Figures 
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8, 9, 10 and 19). For both oxidative stress and nutrient limitation, RNA disruption was no 

longer quantifiable at the highest stress conditions due to the total loss of 28S and 18S rRNA 

peaks in the electropherograms (reported as N/A), which could likely be due to maximal RNA 

disruption. In the MDA-MB-231 cell line, nutrient limitation and cycloheximide were found 

to induce strong RNA disruption, while ER stressors were found to induce minimal RNA 

disruption (Figure 18). All of these stressors appeared to induce RNA disruption in a dose-

dependent manner. 

The observation of RNA disruption in response to general cellular stressors is 

consistent with previous reports of stress-induced rRNA degradation. The observed dose-

dependency of rRNA degradation in response to these numerous cellular stressors has been 

reported previously in several other studies186,258,260,264. For H2O2, RNA disruption was 

monitored after 24 hours of treatment due to the well-known ability of H2O2 to act quickly on 

target cells, including changes in protein expression that occur as early as 10 minutes after 

treatment285. Additionally, rRNA has been reported to be more vulnerable to oxidative damage 

than DNA, which could in part explain the reason for accelerated RNA disruption in response 

to H2O2
285,302. Hofer et al. (2005) demonstrated that cellular RNA is a more sensitive target 

for H2O2-induced oxidation than DNA, which is believed to be the result of numerous 

factors302. For example, RNA is mainly cytoplasmic, less compartmentalized and less compact 

than DNA. Also, since these oxidation events are dependent on Fenton chemistry, the local 

concentration of transition metals in the local environment of RNA is likely important302. 

Oxidative damage has also been shown to result in a disturbance of protein synthesis through 

the induction of structural changes in rRNA, which may increase the vulnerability of rRNA to 

degradation285. Extensive rRNA degradation in response to H2O2 has also been reported in 

yeast undergoing apoptosis186. Interestingly, Mroczek and Kufel (2008) showed that the 
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process of rRNA degradation was a cell-mediated process, as fixing cells with ethanol 

(following exposure to H2O2) inhibited stress-induced rRNA degradation186. 

ER stress has also been previously reported to generate stress-induced rRNA 

degradation. For example, Iwawaki et al. (2001) reported 28S rRNA degradation in response 

to tunicamycin and the degradation was found to be associated with the activity of 

ribonuclease IRE1β303. This study also reported a global reduction of protein synthesis 

alongside rRNA degradation, which is to be expected as rRNA plays a crucial structural and 

catalytic role in protein translation303. Nutrient deprivation has also been previously reported 

to generate stress-induced rRNA degradation. Previous reports in eukaryotic models have 

been limited to the indirect study of general nutrient deprivation in yeast. Aging of yeast cells 

was found to induce rRNA degradation, which was suspected to be due to nutrient 

deprivation186. Also, Huang et al. (2015) reported that nitrogen starvation was shown to induce 

autophagy and was associated with bulk rRNA degradation in yeast304. Moreover, RNA 

degradation in response to starvation conditions has been well characterized in E. coli, and the 

degradation was found to be associated with the activity of RNase PH and RNase E, both of 

which are not present in eukaryotes305,306. 

 

4.1.4 Chemotherapy-dependent RNA disruption can be potentiated or altered by 

mycoplasma infection 

The Narendrula et al. (2016) study reported that RNA disruption is a dose- and time-

dependent phenomenon that occurs in response to multiple chemotherapy agents in multiple 

cancer cell lines264. Interestingly, RNA disruption induced by chemotherapy agents in the 

Narendrula et al. (2016) study exhibited discrete rRNA degradation products of specific 

molecular weights264. This was in contrast to the diffuse, smear-like pattern of rRNA 
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degradation products in the 28S-18S inter-region exhibited in tumors of breast cancer patients 

during chemotherapy188. A recent survey of the cell lines used in the Narendrula et al. (2016)264 

study revealed that the cell lines were contaminated with mycoplasma, as were some of our 

stock cell cultures. We therefore set out to evaluate the effect of mycoplasma contamination 

on RNA disruption in tumor cell lines. 

Following the removal of mycoplasma from contaminated cultures using Plasmocin 

(InvivoGen, San Diego, CA), mycoplasma-free A2780 cells were treated with docetaxel, an 

agent previously reported to induce strong RNA disruption. Surprisingly, the previously 

reported distinct RNA disruption banding pattern was lost in response to docetaxel 

(Figure 12), suggesting that this RNA disruption banding pattern was associated with the 

presence of mycoplasma. However, exposure of Plasmocin was considered for its ability to 

potentially influence the docetaxel-induced RNA disruption banding pattern. Consequently, 

A2780 cells previously treated with Plasmocin were re-infected using spent culture medium 

from mycoplasma-infected A2780 cells (Figure 13A). Re-infection of tumor cell lines cleared 

of mycoplasma was achieved in a similar manner by Birke et al. (1981)307. 

Following docetaxel treatment, the distinct RNA disruption banding pattern returned 

with the mycoplasma re-infection (Figure 13B), suggesting that the presence of mycoplasma 

played a role in the generation of distinct high molecular weight RNA disruption products. 

The rest of our study was therefore performed using cell lines from stock cultures with no 

previous history of mycoplasma infection. 

In the first aim of this study, we used conditions similar to the Narendrula et al. (2016) 

study (except for the mycoplasma infection) and showed that chemotherapy agents induce a 

smear-like pattern of RNA disruption products in A2780 cells, similar to that observed in the 

tumors of cancer patients. However, the presence of mycoplasma alone was not capable of 
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inducing RNA disruption, as untreated mycoplasma-infected cell cultures were negative for 

RNA disruption. One possible explanation is that the distinct RNA disruption products are 

mycoplasma rRNAs, although the molecular weights of the RNA disruption products did not 

co-migrate with bacterial rRNAs (that have very similar molecular weights; unpublished data). 

These findings could also imply that the mechanism of RNA disruption is different in 

cells infected with mycoplasma and/or that mycoplasma can potentiate RNA disruption. There 

could be a synergistic effect where mycoplasma infection potentiates RNA disruption by some 

chemotherapy agents and/or alters the mechanism of rRNA degradation. Drug-mycoplasma 

synergism has not been commonly observed or extensively studied in literature but has been 

suggested in one publication. Kurata et al. (2016) reports two case studies of patients 

presenting with pneumonia associated with Mycoplasma pneumoniae, which is one of the 

leading causes of community-acquired pneumonia308. While Stevens-Johnson syndrome (SJS; 

a rare, serious disorder of the skin and mucous membranes) associated with M. pneumoniae 

infection is commonly observed in children, adult SJS is mainly caused by drugs. The results 

of this study suggest that the M. pneumoniae infection, followed by exposure to an unspecified 

drug, contributes to the development of SJS in these two cases, and further suggests an 

interaction between M. pneumoniae infection and drug reaction308. Finally, RNase L activation 

may occur in mycoplasma-infected cells, causing a specific RNA disruption banding pattern 

(see Section 4.3.3). It is also possible that A2780 cells could be dying through a separate 

mechanism in the presence of mycoplasma. Hoat et al. (2006) revealed that the RNA 

degradation pattern in response to victorin appeared to depend on the type of cell death 

(apoptosis versus necrosis)258, which could also play a role in the results presented in our 

study.  
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Our findings also reveal the crucial relevance of regular mycoplasma screening in cell 

culture laboratories, as mycoplasma contaminations often proceed unnoticed and may play a 

major role in the biological phenomenon studied. As stated earlier in this manuscript, hundreds 

of genes can be differentially regulated in response to mycoplasma infection290. The 

importance of mycoplasma screening will increase in the context of stress-induced rRNA 

degradation as well as drug discovery, given the results presented in this study. For example, 

He et al. (2012) reported a very similar rRNA degradation banding pattern to the Narendrula 

et al. (2016) study, suggesting that the cell lines used in their study may also have been 

contaminated with mycoplasma260,264. 

 

4.2 RNA disruption is associated with cell death 

Clinically, the RNA Disruption Assay (RDA) has been investigated as a chemotherapy 

response tool, as RNA disruption appears to be associated with pathologic complete response 

to neoadjuvant chemotherapy188. Since a pathologic complete response requires complete 

destruction of the tumor at the microscopic level, it would appear that RNA disruption is 

associated with cell death. While the Narendrula et al. (2016) study associated RNA disruption 

with a loss in cell viability, including a potential link to apoptosis, the contamination of 

mycoplasma in the cell lines of this study limits the interpretation of these findings264. 

Recently, the RDA has been demonstrated to be a valuable drug sensitivity assay265. Of note, 

the RDA was shown to be superior to conventional drug sensitivity assays in detecting 

cytotoxic drugs that promote the death of tumor cells. Also, the RDA was not only capable of 

differentiating between drug-sensitive and drug-resistant cells but could also identify agents 

capable of circumventing drug resistance. The RDA was ultimately found to be a valuable 

drug discovery tool by providing a novel unique assessment of cell death265.  
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While the ability of the RDA to serve as a drug discovery tool appears promising, RNA 

disruption was found to be drug- and stressor-specific in our study. Given these results, a 

comprehensive investigation using a variety of chemotherapy agents and stressors is important 

to firmly establish a strong association between RNA disruption and cell death. To aid in this 

regard, we set out in this study to compare the association of RNA disruption with various 

measures of cell viability. Since several chemotherapy agents induced limited but statistically 

significant increases in the RNA Disruption Index (RDI), these comparisons may allow us to 

establish at what point an increase in RDI is biological relevant and associated with cell 

destruction. 

  In our study, several cell viability assays were assessed for their association with RNA 

disruption. Cell counting was used as a measure of cytotoxicity. While a reduction in cell 

number compared to an untreated control is suggestive of a reduction in cell growth, a drug at 

a specific dose that induces a reduction in cell number below the starting cell number is 

considered cytotoxic, since cell death must occur for such a reduction to take place. The 

benefits of this assay draw from an undisputed view that a significant reduction in cell number 

compared to the starting cell number must be the result of cell death. However, the main 

drawback of this assay is the subjectivity associated with cell counting, specifically in regard 

to counting dead cells. While this requires user interpretation, it is not difficult to distinguish 

an intact cell from a cell fragment. The trypan blue exclusion assay may be considered less 

subjective as the dye aids in identifying “dead” cells that have lost membrane integrity, but it 

is sometimes difficult to determine whether a cell is sufficiently blue to be termed dead. 

Additionally, the ability for the trypan blue exclusion assay to discriminate between arrested 

and dead cells is limited. For example, Tran et al. (2011) reported that murine macrophages 

exposed to toxin HlyII from Bacillus cereus took up the trypan blue dye, despite the cells 
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remaining viable and metabolically active (based on the MTS and ATP assays)309. 

Additionally, Fellows & O’Donovan (2007) found that mouse lymphoma cells treated with 

either mitomycin C, colchicine or carbendazim exclude the dye but are nevertheless non-

viable (as determined by cloning efficiency and total growth)310, further demonstrating that 

results from the trypan blue exclusion assay should be interpreted with caution. 

 The second viability assay used in this study was the recovery assay. The recovery 

assay entails the collection of total cells following drug treatment, followed by the plating of 

equal numbers of the collected drug-treated cells in fresh drug-free culture medium. While 

cell counting using a haemocytometer assesses the effect of drug treatment on cell number, 

the recovery assay assesses the ability of cells to replicate following treatment. This assay is 

a simple tool for the assessment of replicative capacity following treatment and is similar to 

the clonogenic assay. The clonogenic assay also assesses replicative capacity, but rather in a 

drug-free semi-solid culture medium. In this study, the major difference between the recovery 

assay and the clonogenic assay is the use of cell counting and plating of equal density 

following treatment. Since the clonogenic assay loads equal volumes rather than equal cell 

numbers following treatment, it cannot distinguish between cytostatic (growth arrest) and 

cytotoxic (cell death) drug effects compared to an untreated control. However, since the 

recovery assay re-plates an equal number of cells, transient growth-arrested cells will not 

hinder the interpretation of results. Nevertheless, the recovery assay suffers from the same 

major drawback as cell counting, since the researcher needs to effectively distinguish between 

intact cells and cell fragments.  

 The final cell viability assay used in this study was flow cytometric DNA content 

analysis, which assesses cellular DNA content to investigate cell cycle distribution of the cell 

population following treatment. While DNA content analysis can show variations in the 
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distribution of cells within the various phases of the cell cycle, it also provides a highly 

sensitive interpretation of the percentage of dead cells in the population that have less than a 

normal diploid (2n) DNA content. These “SubG1” cells or cell fragments are considered non-

viable as they no longer contain a complete genome. While the use of flow cytometry measures 

single cell DNA content to provide cell cycle distribution of the cell population, its main 

limitation is the requirement of sophisticated instrumentation and extensive training for proper 

use. Compared to cell counting and the recovery assay, flow cytometric DNA content analysis 

allows the measurement of cell death (cells with a SubG1 DNA content) rather than the short- 

or long-term loss of replicative capacity, where cells remain viable. Though cell counting can 

suggest cell death due to the net loss in cell number, it cannot measure cell death in a mixed 

population of cells (live and dead) that does not display a net loss in cell number. Ultimately, 

since cytotoxicity in cultured mammalian cells is generally a reflection of the method used to 

estimate it310, multiple cell viability assays were used in our study to truly assess the 

phenotypic consequences of RNA disruption on tumor cells.  

  

4.2.1 Cell death in response to cycloheximide, doxorubicin, docetaxel and irinotecan 

Since the level of RNA disruption was found to depend on the chosen stressor, several 

classes of chemotherapy agents and one cellular stressor, inducing varying levels of RNA 

disruption, were used to study the effects of RNA disruption on cell replicative capacity, cell 

number, cellular DNA content, and cell cycle progression. Cycloheximide and doxorubicin 

were used as agents that induce strong RNA disruption while docetaxel and irinotecan induce 

low but statistically significant increases in RDI values, suggesting minimal RNA disruption. 

Cycloheximide is a protein translation inhibitor and is known to be cytostatic (inducing 

transient growth arrest) at low doses and cytotoxic (lethal) at high doses292. In this study, 
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cycloheximide was found to induce strong dose-dependent RNA disruption in the A2780 cell 

line, where significant increases in RDI values were detected at concentrations as low as 

1.3 μM (Figure 19B). Cycloheximide-induced rRNA degradation has previously been 

reported by Houge et al. (1993)297. Cell counting showed a decrease in cell number as early 

as 0.048 μM cycloheximide (Figure 20). While a decrease in cell number compared to the 

untreated 72 h control cannot distinguish between growth arrest and cell death, the nature of 

cycloheximide suggests that the lower doses decreasing cell number are likely due to growth 

arrest induced by cycloheximide. The recovery assay demonstrated full or substantial cellular 

recovery from these lower cycloheximide doses that induced major decreases in cell number 

(compared to the 72 h untreated control), showing that these cells likely underwent transient 

growth arrest (Figure 21). Interestingly, we observed a major difference between the recovery 

and clonogenic assay in response to cycloheximide. The recovery assay is not responsive, as 

determined by equal recovery capacity to untreated controls, to drug-induced transient growth 

arrest (Figure 21), due to the loading of equal cell numbers following treatment into drug-free 

culture medium. On the other hand, the clonogenic assay is sensitive to both cytostatic and 

cytotoxic drug effects (since equal volumes are loaded; Figure 22). In contrast, statistically 

significant increases in RNA disruption (as quantified using the RNA Disruption Index) were 

only seen at cytotoxic concentrations of cycloheximide. These findings were reported in a 

recent publication, demonstrating RDA’s unique ability to identify cytotoxic drugs and the 

dose ranges necessary to induce cell death265.  

The topoisomerase II inhibitor doxorubicin was found to strongly induce RNA 

disruption in the A2780 cell line, and significant increases in RDI values were observed at 

concentrations as low as 12 nM doxorubicin (Figure 23). Cell counts revealed that doxorubicin 

doses ≥12 nM significantly decreased cell number relative to the 72 h untreated control, while 
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doses ≥37 nM decreased cell number below the 0 h untreated control (starting cell number), 

suggesting cytotoxic effects for doxorubicin at concentrations ≥37 nM (Figure 24). The 

recovery assay supported cytotoxicity for these latter doses, demonstrating complete loss of 

cell replication following treatment (Figure 25). Finally, flow cytometric DNA content 

analysis found that doxorubicin concentrations ≥12 nM induced measurable levels of cell 

death (based on increased numbers of cells in the SubG1 region; Figure 26). Interestingly, the 

RDA was only responsive (based on significant increases in RDI values) to doxorubicin doses 

that induced either partial or complete cell death.  

The chemotherapy agent docetaxel was found to induce a low but statistically 

significant level of RNA disruption in the A2780 cell line at concentrations ≥2.7 nM 

(Figure 27). While significant decreases in cell number relative to the 72 h untreated control 

were reported for concentrations ≥0.91 nM, significant decreases relative to the 0 h untreated 

control were reported for docetaxel doses ≥25 nM (Figure 28). Additionally, cell replication 

was impaired as early as 0.91 nM and completely inhibited for docetaxel concentrations 

≥8.2 nM (Figure 29). Flow cytometric DNA content analysis revealed that cell death was 

induced as early as 0.91 nM docetaxel (Figure 30). Interestingly, while the statistically 

significant increases in RDI values in response to docetaxel were small, they appeared to be 

both biologically relevant and indicative of measurable levels of cell death. 

Finally, irinotecan was found to induce minimal but statistically significant increases 

in RDI values for concentrations ≥1.5 μM (Figure 31). The statistical significance of these 

upper irinotecan doses was inconsistent, but the trend showed an increase in RDI with 

increasing dose that approached statistical significance (both P=0.063). Interestingly, 

irinotecan concentrations ≥4.4 μM showed no statistically significant effect on cell number 

relative to the untreated (0 h) control (Figure 32). However, the trend suggests a small decrease 
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in cell number. Nevertheless, these upper doses fully impair cellular recovery (Figure 33). 

Interestingly, DNA content analysis revealed that irinotecan concentrations ≥0.49 μM were 

found to significantly increase the percentage of cells in the SubG1 region, suggesting the 

occurrence of cell death. There were also, however, some cells in the population with G1 or 

greater DNA content (Figure 34). The level of cell death induced by irinotecan was not as 

elevated as that achieved by doxorubicin and docetaxel at the upper dose ranges. The 

combination of results from the multiple cell viability assays, as well as microscopy (Figure 

35), suggests that several viable or growth arrested cells, with a more fibroblastic cellular 

morphology, remain following irinotecan treatment.  

 

4.2.2 RNA disruption assay as a measure of cell death 

Taken together, the RNA disruption assay (RDA) appears to be most responsive when 

drugs at specific doses are capable of inducing measurable levels of cell death, based on a 

significant increase in RDI value. The formation of cells with a SubG1 DNA content (detected 

by flow cytometric ploidy analysis) appeared to be closely associated with significant 

increases in RDI values above those of untreated cells. For all three chemotherapy agents, a 

significant increase in RDI values was consistently seen with a concomitant decrease in RNA 

concentration, a decrease in cell number relative to the untreated 72 h control, impaired cell 

replication and increased levels of cells with a SubG1 DNA content. For doxorubicin, a clear 

association between RDI increases and increases in the SubG1 region events was observed. 

For docetaxel and irinotecan, there was one additional lower dose for both stressors that 

induced an increase in the percentage of cells in the SubG1 region with no increase in RDI 

values. Docetaxel and irinotecan do not strongly induce RNA disruption, which may, in part, 
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explain the discrepancy within the results. On the other hand, the RDA appears to be an 

accurate tool for the detection of cell death by doxorubicin.  

These results suggest that the RNA disruption assay is a valuable tool for the discovery 

of drugs that promote tumor cell death, as opposed to other changes in cell phenotypes, 

including cell replication, cell metabolism, or cellular plasma membrane integrity. Mapletoft 

et al. (2020) has also shown the value of the RDA as a tool for the discovery of agents that 

can improve chemosensitivity by circumventing drug resistance mechanisms265. While our 

current study suggests that for certain stressors, flow cytometric DNA content analysis may 

be a more sensitive assay for detecting very low levels of cell death in a mixed cell population, 

flow cytometric DNA content analysis is less high throughput. Additionally, in vivo 

assessments of solid tumors using the RDA has been well established188,311, while the clinical 

utility of using flow cytometry for the analysis of human organs or tumors is limited, largely 

due to the need for cell disaggregation.  

In our study, the type of cell death (apoptosis, necrosis and autophagy) was not 

investigated in response to multiple cellular stressors. The relationship of RNA disruption with 

these cell death processes remains unclear. Can RNA disruption be used as a measure of 

apoptosis? Unlikely, because RNA disruption can occur in the absence of apoptosis and vice 

versa257. Moreover, most apoptotic markers are transient173, while RNA disruption products 

appear to be long-lived (Figure 3 and 14). Clearly, further investigations examining the 

relationship, if any, between RNA disruption and specific cell death mechanisms are required.  

 

4.3 RNA disruption is not dependent on RNase L expression 

The first aim of this study demonstrated that, even in the absence of mycoplasma, RNA 

disruption is a widespread phenomenon in response to multiple chemotherapy agents. 
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Although the extent of RNA disruption appeared to be stressor-dependent, the second aim of 

this study demonstrated that RNA disruption is associated with cell death. Despite these 

findings, the mechanism(s) responsible for RNA disruption have yet to be elucidated. 

 As previously stated, recent evidence showed that the transfection of A2780 cells with 

synthetic double-stranded RNA (dsRNA) induced RNA disruption while the upregulation of 

an RNase L inhibitor was found to decrease chemotherapy-induced RNA disruption293. Also, 

the use of a synthetic RNase L activator was found to induce RNA disruption with a nearly 

identical RNA disruption banding pattern to chemotherapy agents293. However, these recent 

results were generated in a cell line contaminated with mycoplasma, which was found to 

impact chemotherapy-induced RNA disruption (Figure 13). Following the removal of 

mycoplasma, the use of the same synthetic RNase L activator was still found to induce strong 

RNA disruption in a similar manner to chemotherapy agents (Figure 36). Taken together, these 

results suggested a possible role of RNase L in the RNA disruption mechanism(s). In this 

study, we set out to thoroughly investigate the role of RNase L in RNA disruption with the 

generation of an RNase L knockout cell line. 

 

4.3.1 Generation of RNase L knockout clones 

The generation of RNase L knockout clones in the A2780 cell line was achieved with 

the use of a CRISPR-Cas9 RNase L knockout kit purchased from Origene Technologies Inc. 

(Rockville, MD, USA). Briefly, as described earlier, the kit provided a plasmid construct 

coding for bacterial protein Cas9 and a guide RNA (gRNA) targeting RNase L. Additionally, 

the kit provided linear donor DNA coding for both green fluorescent protein (GFP) and a 

puromycin resistance gene, which allows for the subsequent selection of positive 

transformants that took up the linear donor DNA and ligated the donor DNA into the gRNA-
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mediated cut site within the RNase L gene locus. Following plasmid propagation, purification 

and characterization, as well as a preparatory puromycin kill curve, A2780 cells were 

transfected with both the gRNA-Cas9 plasmid construct as well as the linear donor DNA. 

Positive transformants were identified by their resistance to puromycin addition to the culture 

medium and their fluorescence due to expression of GFP. Cell cultures were then diluted 

significantly to ensure selection for a monoclonal population of cells.  

Screening for positive RNase L knockout clones was performed using a combination 

of immunoblotting for assessment of RNase L protein expression and amplification by PCR 

of the RNase L gene locus. Immunoblotting was used to screen transformants for loss of 

wildtype RNase L protein expression. The PCR approach used in this study was designed to 

identify the incorporation of linear donor DNA within the RNase L gene locus. However, the 

knockout of RNase L can be achieved without the incorporation of linear donor DNA, and 

these clones could be missed without immunoblotting screening. These clones could have 

passed the screening process if the linear donor DNA was incorporated elsewhere in the 

genome. Ultimately, sequencing of the RNase L gene following the RNase L knockout 

protocol would be the optimal confirmatory screening method for RNase L knockout clones. 

Ideally, a second additional limiting dilution could also be performed prior to sequencing. 

Nevertheless, this approach generated RNase L knockout clones that could be 

investigated in the context of RNA disruption. Of note, one of the queried clones showed the 

loss of RNase L protein expression (immunoblotting) as well as integration of linear donor 

DNA in the RNase L gRNA-targeted cut site (clone KO39). The one anomaly in the general 

immunoblotting results was the appearance of a protein band with a molecular weight greater 

than RNase L, suggesting a possible GFP-fusion protein as a result of linear donor DNA 

integration. However, this explanation is highly unlikely due to the nature of the linear donor 



 203 

DNA, which includes multiple stop codons. The nature of these higher molecular weight bands 

was not investigated further. A transformant that was puromycin-resistant but apparently 

retained wildtype RNase L protein expression (KO44) was also obtained. 

 

4.3.2 RNA disruption assay in RNase L-knockout clones 

Once the knockout of RNase L was shown to be successful, RNase L knockout clones 

were treated with a synthetic RNase L activator as well as various chemotherapy agents and 

cellular stressors. Since RLA is reported to be an activator of RNase L, its effect should be 

lost in RNase L-knockout (KO) cell lines. However, RLA was found to induce RNA disruption 

in the RNase L-KO KO23 and KO39 cell lines, suggesting that its ability to induce RNA 

disruption may be unrelated to its ability activate RNase L. Thus, RLA may have off-target 

effects. Perhaps this is why RLA is no longer commercially available as a direct small-

molecule activator of RNase L. 

Multiple chemotherapy agents were then used to treat the RNase L-KO cell lines, and 

all treatments were performed for 72 hours. The drug dose for each stressor was chosen for its 

ability to induce strong RNA disruption, allowing the potential to show either a decrease or 

complete elimination of RNA disruption in the RNase L-KO cell lines. First, 1 μM 

doxorubicin was found to induce strong RNA disruption in the wild-type (WT) A2780 cell 

line (Figure 42). However, the absence of RNase L protein expression in the KO23 and KO39 

cell lines did not affect doxorubicin-induced RNA disruption in these cell lines (Figure 42). 

The number of data points for assessment of the significance of changes in RDI values induced 

by doxorubicin in the wildtype and RNase L knockout cell lines was limited due to the strong 

induction of RNA disruption by 1 μM doxorubicin in all cell lines, which does not always 
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allow for sufficient RNA remaining to generate an RDI value. A lower concentration of 

doxorubicin could have been used for these experiments to facilitate these statistical analyses.  

For the platinating agents cisplatin and carboplatin, which induce moderate RNA 

disruption, initial observations appeared to suggest that cisplatin- and carboplatin-induced 

RNA disruption is affected by the knockout of RNase L, since visible RNA disruption in the 

inter-region appeared to be lower and reduced RDI values were observed for the RNase L 

knockout cell lines. However, the KO44 control, expressing normal levels of RNase L, showed 

reductions in rRNA degradation products and RDI values similar to the RNase L-KO cell 

lines, suggesting that the observed reductions were unrelated to the blocked expression of 

RNase L. Additional replicates of this experiments may be necessary to draw more meaningful 

conclusions on the relationship between RNase L expression and RNA disruption for these 

stressors. 

Finally, vincristine, thapsigargin and a culture medium dilution were found to induce 

strong RNA disruption in the wild-type A2780 cell line. Figure 43B clearly demonstrates that, 

despite the lack of statistical significance in the differences in RDI values between the 

wildtype and knockout cell lines, RNA disruption induced by these three stressors appeared 

unaffected by the loss of RNase L expression. The RNA disruption banding pattern following 

treatment with the above stressors was nearly identical between the four cell lines, two of 

which lacked RNase L protein expression. Taken together, these results show that RNase L 

does not appear to be necessary for the stress-induced RNA disruption mechanism, at least for 

the chemotherapy agents and stress conditions used in this study.  

Previous studies have used a similar approach to prove or disprove the role of RNase L, 

some of which directly related to rRNA degradation studies. For example, Jha et al. (2011) 

used RNase L knockout cells to prove that sunitinib treatments prevent antiviral innate 
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immune responses312. Sui et al. (2019) demonstrated that rRNA degradation induced by 

synthetic dsRNA poly(IC) was through the activation of RNase L using RNase L knockout 

cells313. However, our study is not the first study to demonstrate a lack of involvement of 

RNase L in rRNA degradation mechanisms. Traditionally, rRNA degradation during viral 

infection has been associated with the activity of RNase L. However, Sobol & Mossman 

(2006) reported rRNA degradation in response to herpes simplex virus (HSV) infection in 

both RNase L-knockout mouse embryonic fibroblast (MEF) cells as well as the HepG2 cell 

line, which has been shown to be RNase L-deficient314. Additionally, Banerjee et al. (2000) 

reported time-dependent 28S rRNA cleavage in RNase L-knockout MEF cells upon mouse 

hepatitis virus (MHV) infection, while no 18S rRNA degradation was observed315. There 

likely is an unidentified stress-induced ribonuclease that is responsible for rRNA degradation 

in response to chemotherapy agents, cellular stressors and certain viral infections.  

 

4.3.3 Role of RNase L in mycoplasma-dependent RNA disruption 

This study demonstrated that stress-induced RNA disruption does not appear to involve 

RNase L. However, preliminary data in mycoplasma-infected A2780 cells suggested that 

RNase L was involved in RNA disruption, since the overexpression of RNase L inhibitor 

ABCE1 was found to decrease chemotherapy-induced RNA disruption. The combination of 

these results suggested separate mechanisms, where RNase L may only be involved in 

mycoplasma-dependent RNA disruption.  

 Previous studies indicate that the activation of RNase L typically involves type I 

interferon (IFN I) signaling pathways involving primarily IFN-α and IFN-β268,270. 

Interestingly, several studies report that mycoplasma infections can induce IFN 

production307,316–318. However, the results vary based on the type of mycoplasma strain or 
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possibly the infected cell line. For example, IFN-α production has been reported in response 

to M. pneumoniae316, M. orale307, M. arginini317 and M. hyorhinis318 in numerous biological 

hosts and models including human patients, cancer cell lines and spleen cells of laboratory 

mice. On the other hand, no detectable levels of IFN were reported upon M. hominis and M. 

pneumoniae infection in human embryonic kidney (HEK) cells319. The production of type II 

interferon IFN-γ has also been reported upon mycoplasma infection316,320,321. These findings 

suggest that the presence of mycoplasma may promote the activation of RNase L through 

interferon production during stress-induced RNA disruption in cancer cell lines. Further 

investigation into this theory could potentially involve deliberate mycoplasma infection of 

RNase L-KO cell lines to assess the importance of RNase L in chemotherapy-induced 

mycoplasma-dependent RNA disruption. Clearly, mycoplasma infection or RNase L 

expression alone is insufficient to induce RNA disruption  

 

4.4 Other potential mechanisms related to RNA disruption 

In this study, the use of a CRISPR-Cas9 RNase L knockout approach demonstrated 

that RNA disruption does not appear to require the expression of RNase L, strongly suggesting 

that the RNA disruption mechanism does not involve RNase L (in cell lines free of 

mycoplasma). One must therefore hypothesize other potential mechanisms including other 

ribonucleases that could play a role in the RNA disruption mechanism, such as IRE1 or the 

T2 family of ribonucleases, and/or the possible chemical cleavage of rRNAs. 

 

4.4.1 IRE1 

IRE1, or inositol-requiring enzyme 1, is a serine/threonine protein kinase and 

ribonuclease involved in the unfolded protein response (UPR). The UPR is a dedicated 
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pathway that is initiated upon sensing the accumulation of misfolded or unfolded proteins, 

mainly in the endoplasmic reticulum (ER)284. This accumulation is referred to as ER stress, 

where the ER is overwhelmed by large quantities of misfolded or unfolded proteins. ER stress 

can be induced by various factors such as heat, defects in cellular machinery and ER stress-

inducing agents like thapsigargin and tunicamycin284,322. Three major pathways are initiated 

by the unfolded protein response, upon sensing ER stress: the activation of PERK, IRE1 and 

ATF6. Upon sensing ER stress, PKR-like endoplasmic reticulum kinase (PERK) at the surface 

of the ER is activated via autophosphorylation and oligomerization. Several cellular responses 

are mediated by the activation of PERK. These include the phosphorylation of eIF2α, which 

leads to translation inhibition, alleviating the flux of newly formed, unfolded proteins to the 

ER. PERK activation also leads to the translocation of transcription factor ATF4 to the 

nucleus, which drives the expression of many UPR target genes whose products facilitate 

protein folding, ER-associated degradation (ERAD) and protein quality control. Under ER 

stress conditions, activating transcription factor 6 (ATF6) transits to the Golgi apparatus where 

it is cleaved by site 1 and site 2 proteases (S1P and S2P), releasing the cytosolic domain 

fragment ATF6f. The translocation of ATF6f to the nucleus then leads to the expression of 

many UPR target genes284,323. 

Finally, upon sensing ER stress, IRE1α is activated via dimerization and subsequent 

auto-transphosphorylation, triggering its RNase activity. Active IRE1α processes the 

unspliced X box-binding protein 1 (XBP1u) transcript to produce the active spliced XBP1 

(XBP1s) transcription factor, which also drives the expression of many UPR target genes. 

Active IRE1α also degrades other mRNAs through a pathway termed regulated IRE1-

dependent decay (RIDD)323. However, IRE1β, a homolog of IRE1α, is more relevant in the 

scope of stress-induced rRNA degradation as it has been reported to degrade the 28S rRNA303. 
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Iwawaki et al. (2001) suggested that the repression of translation under ER stress could be 

achieved, not only through PERK-dependent eIF2α phosphorylation, but also through rRNA 

degradation by IRE1303. At the time, these findings were particularly important because the 

phosphorylation of eIF2α had long been known as the only pathway to repress protein 

synthesis under ER stress. However, recent findings suggest that 28S rRNA cleavage has little 

effect on normal translational efficiency in a specific assay system reported by Nakamura et al. 

(2011)324. Also, Imagawa et al. (2008) showed that IRE1α unexpectedly possesses low-level 

28S rRNA cleavage activity325. However, while both isoforms preferentially degraded 28S 

rRNA, leaving 18S rRNA intact, IRE1β was more active than IRE1α in cleaving 28S rRNA325. 

Thus, the relevance of IRE1 and IRE1 to stress or drug-induced RNA disruption remains 

unclear. 

 

4.4.2 Other ribonucleases  

There are several other potential candidate ribonucleases that could play a role in the 

mechanism of RNA disruption. The exoribonucleases Rrp44 and Xrn1, associated with the 

non-functional rRNA decay (NRD) pathway previously described, as well as exosome 

ribonucleases could be associated with RNA disruption207–210. However, the NRD pathway 

has not been observed in the context of cellular stress and its knowledge is currently limited 

to a general decay process of rRNA. 

The T2 family of ribonucleases, found in protozoans, bacteria, plants and animals and 

capable of degrading rRNA326, represent other potential candidates for the mechanism(s) of 

RNA disruption. Unfortunately, the study of T2 RNase proteins in a variety of models has led 

to the use of various names of RNases, and the relationship between these proteins is unclear. 
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In C. elegans, RNST-2 has been described as a key enzyme that degrades rRNA in lysosomes 

during autophagy327. The mechanism is thought to be important for maintaining nucleotide 

homeostasis during development, as RNST-2 mutants showed defective embryonic and larval 

development327. Separately, in zebrafish, RNASET2 has also been localized to lysosomes 

where it is implicated in the degradation of rRNA328. In both cases, loss of function mutations 

and knockout of T2 RNase lead to the accumulation of rRNA in lysosomes, which has been 

associated with diseases such as familial cystic leukoencephalopathy327–329. 

Interestingly, members of the T2 RNase family have also been localized to other 

cellular components. For example, Huang et al. (2018) studied the mitochondrial 

intermembrane space RNase T2 (RNASET2) protein in both human and mouse cells330. 

RNASET2 was found to degrade cytosolic rRNAs that were associated with the mitochondrial 

outer membrane, and its decay patterns were very different from those of both ER-associated 

and free cytosolic rRNAs. Additionally, the rRNA degradation activity increased the nuclear 

transcription of rRNAs, which was suggested to be a compensatory feedback mechanism330. 

Separately, RNase T2 family member Rny1p has been reported to cleave rRNAs in response 

to oxidative stress and entry into stationary phase in yeast186,331,332. Rny1p is normally 

localized to vacuoles but is secreted into the cytosol following oxidative stress. Rny1p has 

also been reported to cleave tRNAs. Moreover, Rny1p also modulates yeast cell survival 

during oxidative stress independently from its catalytic ability332. In summary, T2 RNases are 

ubiquitously expressed and are found to have broad specificity, and these enzymes are found 

to be capable to catalyze cleavage of RNA at all four bases202,327,332.  

There are additional RNase proteins that could play a role in RNA disruption but have 

not been extensively studied to date. For example, angiogenin is a secreted protein known to 

enter cells by endocytosis333. Angiogenin shares elevated homology with RNase A and has 
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been reported to degrade both 28S and 18S rRNA299,333. Angiogenin is normally concentrated 

in the nucleus, but it is also found in the cytoplasm bound to ribonuclease inhibitor RNH1. 

The activity of angiogenin has also been reported to be inducible by cellular stress in other 

studies334–336. Furthermore, human polynucleotide phosphorylase (hPNPase) is a type I IFN-

inducible exoribonuclease337. However, though it is a stress-inducible ribonuclease, its ability 

to cleave rRNA remains unknown. 

 

4.4.3 Additional mechanistic considerations 

Early reports of stress-induced rRNA degradation incorporated mapping of rRNA 

degradation cut sites185. Houge et al. (1995) reported three distinct cut sites, one of which is 

normally located buried within the intact ribosome185. These data suggest that the removal of 

ribosomal proteins or partial ribosome disassembly could be required and would precede the 

degradation of rRNA. Further studies have substantiated this potential phenomenon. 

Wen et al. (2012) observed rRNA degradation following the use of several cellular 

stressors298. Interestingly, eIF3f was found to promote rRNA degradation through direct 

interaction with heterogenous nuclear ribonucleoprotein K (hnRNP K). Under normal 

conditions, hnRNP K is physically bound to the ribosome and appears to be required for rRNA 

stability; under cellular stress, eIF3f was found to dissociate hnRNP K from the ribosome 

through a direct interaction, which coincided with the induction of rRNA degradation298. 

Ultimately, these findings suggest that ribosome disassembly or the loss of ribosome-

associated proteins may precede RNA disruption. Additionally, as ribosomal proteins have 

been reported to be implicated in important cellular processes such as cell cycle regulation and 

apoptosis338,339, the loss of ribosomal proteins that could allow for RNA disruption may also 

initiate separate signaling pathways. 
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Separate studies have provided mechanistic insights on the observed rRNA 

degradation associated with the treatment of cells with ribotoxins. Li and Pestka (2008) and 

He et al. (2012) reported rRNA cleavage induced by the ribosome-inactivating protein ricin, 

antibiotic anisomycin, sesquiterpenoid trichothecene mycotoxins deoxynivalenol (DON), T-2 

toxin (T-2) and satratoxin G (SG), all of which showed a similar rRNA fragmentation pattern 

in mouse RAW 264.7 macrophages260,300. Interestingly, DON, T-2 and ricin all induced RNase 

activity as well as the upregulation of RNase L at the transcript and protein level. Additionally, 

ricin was the only ribotoxin capable of promoting rRNA cleavage under cell-free conditions, 

while the other agents were only capable of inducing rRNA cleavage intracellularly300. These 

data suggest that some chemotherapy agents may directly induce rRNA cleavage while others 

could induce pathways that lead to the degradation of rRNA. 

Additional mechanistic investigations were performed in the He et al. (2012) study260. 

While the inhibition of p38, PKR and hematopoietic cell kinase (Hck) were found to suppress 

anisomycin-induced rRNA cleavage, it did not affect SG- or ricin-induced rRNA cleavage. 

However, rRNA cleavage induced by anisomycin, SG, ricin and DON was suppressed by the 

inhibition of p53, cathepsin L and with the use of a pan caspase inhibitor260. It remains unclear 

whether these pathways are involved in a stress response that eventually leads to rRNA 

cleavage or are directly involved in mechanisms associated with rRNA cleavage. While it is 

possible that these activated pathways are also specific to the utilized stressors, these 

mechanistic findings present promising candidates for the mechanism(s) of RNA disruption.  

 

4.4.4 Chemical cleavage of RNA and ribozyme activity 

The possibility remains that stress-induced degradation of rRNA may not be mediated 

by enzymatic processes and could be the result of chemical cleavage of RNA or by ribozyme 
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activity. The most common chemical RNA cleavage process is hydrolysis340. RNA is more 

susceptible than DNA to hydrolysis due to the 2’-OH group on RNA nucleotides. 

Deprotonated 2’-OH groups can act as a nucleophile to subsequently break the phosphodiester 

bond340. It is possible that ribosome disassembly leading to free rRNA may leave the RNA 

more susceptible to self-hydrolysis. Additionally, Zinskie et al. (2018) reported a novel 

chemical mechanism (rather than an enzymatic mechanism) initiating rRNA cleavage during 

oxidative stress in yeast301. The proposed mechanism involved rRNA strand scission by redox-

active, ribosome-bound iron that would promote Fenton reaction-induced hydroxyl radical 

production responsible for rRNA cleavage, which supports a potential mechanism of chemical 

hydrolysis of rRNA during oxidative stress301. 

Furthermore, the recent emergence of ribozymes suggests another potential form of 

RNA self-cleavage341. Small endonucleolytic ribozymes have been reported to promote the 

self-cleavage of their own phosphodiester backbone341. This cleavage mechanism must also 

be considered when investigating the mechanism(s) of RNA disruption. 
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5.0 Conclusion and Future Perspectives 

Although the phenomenon of stress-induced rRNA degradation has been previously 

studied in the context of several cellular stressors, studies in the context of chemotherapy 

agents are limited. Here, we assessed the ability of multiple chemotherapy agents to induce 

stress-induced rRNA degradation (RNA disruption) in the ovarian carcinoma A2780 and the 

breast adenocarcinoma MDA-MB-231 cell lines. We were able to demonstrate that RNA 

disruption is a dose- and time-dependent, widespread phenomenon in response to multiple 

chemotherapy agents. However, unlike recent studies264, the occurrence and magnitude of 

RNA disruption appears to be specific to both the chemotherapy agent and the studied cell 

line, with some agents and cell lines exhibiting much greater RNA disruption than others. 

Additionally, we have shown that mycoplasma contamination of a host cell line affects RNA 

disruption by potentiating cells to a seemingly different RNA disruption mechanism, as 

suggested by a remarkably different rRNA degradation banding pattern. This mycoplasma 

contamination is likely the cause of the discrepancy between the results of this study and a 

prior study by Narendrula et al. (2016)264. In addition, we also demonstrate that RNA 

disruption can be induced by a variety of cellular stressors, such as oxidative stress, 

endoplasmic reticulum (ER) stress, protein translation inhibition and nutrient limitation. 

Since the clinical application of the RNA Disruption Assay (RDA) involves the 

assessment of chemotherapy response within tumors, the relationship between in vitro stress-

induced RNA disruption and cell viability or cell death is important. Here, we show that the 

occurrence of RNA disruption, as determined by a significant increase in the RNA Disruption 

Index (RDI) and/or the reproducible generation of rRNA degradation fragments in the 

28S-18S inter-region, is associated with the induction of cell death, as determined by a 

significant increase in the percentage of cells or cell fragments with a SubG1 DNA content by 
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using flow cytometry. These results were further supported with the use of cell counting and 

the recovery assay, where RNA disruption was associated with a decrease in cell number 

below starting values and a partial or complete loss of cell replicative capacity. 

Little is known about the mechanism(s) of RNA disruption, including the 

ribonuclease(s) that may be responsible for the degradation of rRNA. Based on previous 

studies supporting the potential role of RNase L in RNA disruption, we set out to knockout 

RNase L in the A2780 cell line to determine the relevance of RNase L in this phenomenon. 

Following the generation of two A2780 RNase L-knockout cell clones, the absence of 

RNase L expression was not found to affect RNA disruption induced by doxorubicin, 

cisplatin, carboplatin, vincristine, thapsigargin and culture medium dilutions. We therefore 

present clear data that RNase L is not involved in the RNA disruption mechanism. 

Interestingly, we also show in this study that mycoplasma contamination of cell lines 

potentiates RNA disruption and alters the quantity and size of rRNA degradation products. 

This suggests an altered mechanism of RNA disruption in mycoplasma-infected cells. 

While RNA disruption is shown to be a widespread phenomenon, further 

investigations of tumors from additional cancer patient cohorts are needed to further support 

the clinical use of the RNA disruption assay to predict response and outcome after neoadjuvant 

chemotherapy for breast and other cancers. These studies are underway. Also, while this study 

demonstrates RNA disruption in epithelial cancer cell lines, RNA disruption studies in the 

context of non-cancerous cell lines and other cell types, such as endothelial cells and 

fibroblasts, should be performed to further the knowledge of this phenomenon.  

It will also be important to perform additional investigations using other chemotherapy 

agents and other cell lines to further validate the relationship between RNA disruption and cell 
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death. Likewise, the potential relationship between RNA disruption and the type of cell death 

(apoptosis, necrosis or autophagy) should be investigated in future studies.  

The RNA disruption mechanism(s) remain to be elucidated. While we show that 

RNase L is not involved in RNA disruption, future mechanistic studies will allow for the 

delineation of the RNA disruption mechanism(s). Increasing our understanding of the 

mechanism(s) involved in RNA disruption could help foster new treatments that promote 

RNA disruption specifically in tumors. These investigations could include an assessment of 

the role of other ribonucleases known to degrade rRNA in response to stress, such as the IRE1 

or T2 family of ribonucleases. Also, it remains possible that enzyme-independent chemical 

cleavage of rRNA occurs during RNA disruption, and though unlikely, should not be ignored. 

Other mechanistic considerations worth considering include the possible requirement that 

ribosome disassembly or loss of key ribosomal proteins must take place in order to facilitate 

RNA disruption. 

Finally, it is important to note that most chemotherapy regimens include multiple 

chemotherapy agents, either through concurrent or sequential administration. The order of 

drug administration and/or the combination of drugs used may strongly impact on both the 

magnitude of RNA disruption obtained and clinical outcome. Since recent clinical studies have 

shown that the order of chemotherapy drug administration affects chemotherapy response and 

patient outcome342–345, the assessment of RNA disruption in this context may help identify the 

optimal combination and sequence of drugs to maximize tumor destruction, while minimizing 

the toxic side effects of chemotherapy treatment in cancer patients. 
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